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Abstract 

Multiple inorganic nanoparticles (NPs) are currently being developed for nanomedicine. 

Various core materials and shapes are explored, but they all display a common hybrid structure, 

with organic ligands on their surface. These ligands play a key role in the NP colloidal stability 

and surface properties, and therefore strongly impact the biological fate of the NPs. However, 

ligands may be subject to reorganization, degradation, desorption, and exchange, both during 

their shelf-life and upon exposure to a biological environment. The question of ligand 

(in)stability at the surface of inorganic NPs has been little addressed in the literature. The goal 

of this review is to provide a portrait of this critical phenomenon. We identify and review here 

the different mechanisms likely to promote ligand instability and discuss the resulting biological 

fate of ligands. This review is aimed to provide a better understanding of these phenomena and 

to help researchers to design NP-based medicines with better clinical efficacy and translation 

ability. 
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1. Introduction 

Among the great variety of nanoparticles (NPs) studied for biomedical applications, inorganic 

NPs have attracted much interest. They not only provide a platform for drug delivery, but they 

also display promising intrinsic properties as therapeutic and imaging agents. Gold NPs 

(AuNPs) have, for instance, demonstrated their efficacy for photothermal treatment and 

radiosensitization,[1,2] while iron oxide NPs (IONPs) have been used for magnetic hyperthermia 

or as MRI contrast agents.[3] The vast majority of inorganic NPs exhibit a hybrid structure 

composed of an inorganic core coated with organic ligands whose primary function is to ensure 

colloidal stability and, in some instances, to provide targeting properties.[4,5] Preventing 

aggregation is indeed key for nanomedicines, as it can strongly impact their biological behavior 

and even generate some toxicity in vivo.[6–8] Yet, colloidal stability and core degradation are 

usually the only parameters considered in stability studies of inorganic NPs, and little is known 

about the fate of the surface coating in biological environments. As we will see, the performance 

of nanomedicines is however partly determined by their surface ligands. 

Firstly, surface chemistry affects the overall stability of the NP. As already mentioned, the NP 

colloidal stability greatly depends not only on the presence of surface ligands but also on their 

nature and properties. Multiple studies have shown how the aggregation of various inorganic 

NPs could be either promoted or prevented by modifying their surface chemistry.[9–11] For 

instance, multivalent ligands have been shown to provide improved colloidal stability compared 

to monovalent ones.[12,13] Surface ligands also play a protective role against the surrounding 

medium and therefore affect the degradation of the inorganic core.[14–16] Secondly, surface 

chemistry governs the interactions of NPs with the biological environment. The chemical 

structure, charge, hydrophobic/hydrophilic nature, conformation, organization, and grafting 

density of the surface ligands have indeed been shown to impact numerous biological 

phenomena such as NP interaction with proteins and formation of the protein corona[17–19], NP 

cellular uptake,[20–23] NP cytotoxicity,[24] NP diffusion in biological matrices,[25,26] NP 

biodistribution,[27,28] and NP clearance.[29–31] Lastly, ligands are frequently used to add targeting 

moieties,[32] drugs,[33] or fluorescent dyes to the NPs. The moieties can either be used directly 

as ligands[34,35] or conjugated onto primary surface coatings.[36–38] 

As a result, the stability of surface ligands is essential to maintain the properties and efficacy 

of inorganic NPs. However, in vivo, NPs encounter complex environments with challenging 
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conditions (high ionic strength, high concentrations of biomolecules, acidic pH, etc.) which 

may cause partial to complete degradation of the ligands or their dissociation from the core. 

Inorganic NPs are also frequently used in combination with external stimuli, such as radiations 

or magnetic fields, that can trigger new mechanisms of ligand instability. 

Despite the key role of ligands in NP performance, the question of their stability has not been 

thoroughly investigated and little literature has been published on the subject. The first and 

main reason is the technological challenge that these studies represent. Monitoring the fate of 

NPs in situ, in biological media or in vivo, remains difficult due to the complexity and dynamic 

characteristics of biological environments, which are not compatible with most recent 

characterization techniques. The evolution of NP surface chemistry is even more challenging 

to characterize, considering its organic nature and smaller scale. Instead of in situ analyses, one 

alternative strategy relies on separating the NPs from the biological medium prior to any 

characterization. This may however alter the biointerface between the particle, the ligands, and 

the medium. Such an approach is known for instance to affect the protein corona adsorbed at 

the surface of NPs.[39–41] Furthermore, NP surface characterization remains challenging, even 

outside of biological media, due to a lack of suitable techniques.[42,43] One additional difficulty 

lies in the distinction between intact, degraded, and dissociated systems, and their individual 

quantification. Again, separation techniques may be used, with the same risk of alteration. 

Multiple labeling strategies have also proven to be powerful to monitor the fate of both ligands 

and core,[44,45] even though labeling may modify the NP properties. 

One second reason for such a lack of literature might be cultural: the nanomedicine community 

has not questioned ligand stability, originally considering nano-objects as homogeneous 

entities, even in biological environments or under external stimuli. The possible individual 

degradation of both components of the NPs (inorganic core and organic coating) has only been 

recently pointed out,[46,47] thus highlighting the dynamic nature of surface ligands. 

We review here the current literature regarding the stability of ligands at the surface of inorganic 

NPs. The role and nature of the ligands are first briefly described, then the mechanisms of ligand 

instability that have been reported so far are presented. Finally, the intracellular and in vivo 

ligand biological fates are discussed in light of the currently identified degradation mechanisms. 

For our review of the literature, we have looked primarily for studies focusing on ligands 

anchored on nanoparticulate systems. When scientific reports were scarce, we occasionally 
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considered results obtained on planar surfaces, as some mechanisms are similar. Yet, the high 

curvature of NPs and the geometrical defects resulting from it (edges and vertexes) may impact 

the packing density, the ordering, and the binding affinity of ligands,[48] which can in turn affect 

ligand reactivity and stability. Although this review focuses on ligand stability in the context of 

nanomedicine, we have also included studies from other fields of research to bring new, and 

hopefully broader, perspectives on ligand stability issues. 

2. Nature, role, and characterization of organic ligands on inorganic NPs 

Several types of inorganic NPs are currently studied in nanomedicine: metallic NPs (gold, 

silver, and platinum), magnetic IONPs, semiconductor quantum dots (QDs), and silica NPs, for 

the main ones. As the strength of ligand binding is critical for colloidal stability, the nature of 

the anchoring groups is chosen according to the chemical composition of the core.[4] Thiols, for 

instance, have a strong binding affinity for metal NPs, whereas carboxyl and hydroxyl groups 

are much used with iron oxide surfaces. Direct physisorption has been used for polymers, 

proteins, and oligonucleotides through electrostatic or hydrophobic interactions, while metal-

thiol and metal-amine bonds are considered quasi-covalent and therefore often used to 

functionalize NP surfaces.[4] 

Besides colloidal stability, the use of ligands allows fine-tuning of NP surface properties, and 

accordingly of their biological behavior. A wide variety of ligands have been designed and 

tested: small molecules such as citrate or phosphine derivatives, surfactants such as 

cetyltrimethylammonium bromide (CTAB), polymers, and biomolecules of various sizes, from 

glucose and glutathione to peptides, DNA, and proteins.[4,49] Poly(ethylene glycol) (PEG) is 

among the most frequently used ligands in nanomedicine, due to its capacity to bring stealth 

properties, biocompatibility, and extended blood circulation time to the NPs.[50] The choice of 

ligands during the synthesis can also result from the need for a specific core morphology.[5] The 

ligand binding energy can indeed impact the size of the resulting NPs, while some ligands such 

as CTAB may act as shape-directing agents. The ligands used during the synthesis of the NP 

core can also be exchanged a posteriori, to fine-tune the surface properties.[51] Such ligand 

exchange process is discussed in detail in the next section. 

As already mentioned, apart from the composition of the ligands, their density, organization, 

and conformation can also greatly impact the NP behavior. As a result, protocols have been 

developed to modulate ligand density[52,53] or arrangement at the NP surface.[54,55] For more 
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details about the role of ligands in the synthesis and applications of inorganic NPs, we refer the 

reader to the review by Heuer-Jungemann et al.[4] 

Despite the key role of ligands, their characterization remains challenging, as highlighted by 

previous reviews.[42,43] In Table 1, we give an overview of the techniques that have been used 

to characterize ligands, and thus their stability. The type of information obtained and the 

advantages and limitations of each technique are provided, as well as the compatibility with in 

situ measurements in biological environments. Representative references are indicated for all 

techniques.
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Table 1. Techniques commonly used to characterize ligand stability. 

Technique Type of information Advantages Limitations 

Compatible with in situ 

measurements in 

biological environments 

References 

Techniques to characterize ligands 

Raman spectroscopy 

/ SERS 

Nature of the NP-ligand chemical 

bond and chemical structure of the 

ligands 

High sensitivity (SERS) 

Low sensitivity (Raman) 

Degradation issues under the beam 

Short-range enhancement (few 

nm) (SERS) 

X [59,110,149,154,185,186,195] 

NMR Chemical structure of the ligands Easy to use and accessible 

Requires large sample amount 

Low sensitivity 

Requires non paramagnetic 

materials 

 [48,56,87,143,148,216]  

XPS 

Nature of the NP-ligand chemical 

bond and chemical structure of the 

ligands 

Semi-quantitative 

Tedious sample preparation 

Dry state, under vacuum 

Probes only a few nm deep 

Limited availability 

 [148,155,163] 

IR/ FTIR Chemical structure of the ligands 
Easy to use and accessible 

High sensitivity 

Uniformity and dilution of samples 

to avoid saturation 
X [48,148,163,233,243,253] 

LDI-MS 
Chemical structure and composition 

of the ligands 
Semi-quantitative 

Destructive 

Limited availability 
X [217,234] 

MALDI-TOF-MS Ligand composition and morphology 
High sensitivity 

High accuracy  

Destructive 

High cost 

Limited availability 

X [156] 

SEC / Gel 

electrophoresis 
Size of ligands 

Separation according to the 

size 

Requires desorption from the NP 

surface 
 [89,216] 

Techniques to monitor ligand presence at the NP surface 

Fluorescence 

labeling  

Detection of ligand instability via 

modifications of the fluorescence 

intensity or via the colocalization 

with the core 

Accessible 

High sensitivity 

Requires fluorescent labeling 

Requires purification from 

unbound ligands (without 

colocalization) 

X [45,89,111,245,247] 

Fluorescence 

quenching / FRET 

Detection of ligand instability via 

the recovery of the fluorescence 

intensity 

Detection in very close 

distances 

Semi-quantitative 

Requires fluorescent labeling (and 

quencher labeling in some cases) 
X [113,132,207,240,246,248,254] 
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FLIM 

Detection of ligand instability via 

modifications of the core 

fluorescence lifetime 

High sensitivity 

Independent on the 

concentration (compared to 

intensity-based 

measurements) 

Requires a fluorescent core X [135,249] 

SPR / UV-vis 

spectroscopy 

Detection of ligand instability via 

modifications of the core signal 

Fast analysis 

Easy to use and accessible 

Requires a photoluminescent or 

plasmonic core 
X [61,63,154,185,188,189] 

Radiolabeling 
Detection of ligand instability via 

the colocalization with the core 
High sensitivity 

Handling of radioactive materials 

High cost 
X [44,45,134,239] 

Size measurement 

techniques (such as 

DLS) 

Detection of ligand instability via 

modifications of the NP size 

Easy to use 

Accessible 

Low sensitivity 

Very sensitive to aggregation 
 [106] 

TGA  
Ligand quantity, detection of ligand 

reorganization 

Quantitative 

Easy to use and accessible 

Requires large sample amount 

Low sensitivity for large NPs 

Requires purification from 

unbound ligands 

 [110,142]  

SANS / SAXS 

Detection of ligand instability via 

modifications of the NP size and 

structure, quantification of ligands 

Can be quantitative 

(depending on the model) 

Versatile thanks to contrast 

matching (in SANS) 

Model-dependent 

Complex analysis 

Limited availability 

Degradation issues under the beam 

X [216] 

Colorimetric assays Ligand quantity 
Fast analysis 

Easy to use 

Possible interferences from the NP 

Low sensitivity 

 [110,174] 

 

Abbreviations: SERS: surface-enhanced Raman spectroscopy; NMR: nuclear magnetic resonance spectroscopy; XPS: X-ray photoelectron 

spectroscopy; IR: infrared spectroscopy; FTIR: Fourier-transform infrared spectroscopy; LDI-MS: laser desorption/ionization mass spectrometry; 

MALDI-TOF-MS: matrix-assisted laser desorption/ionization time-of-flight mass spectrometry; SEC: size exclusion chromatography; FRET: 

Förster resonance energy transfer; FLIM: fluorescence lifetime imaging microscopy SPR: surface plasmon resonance; DLS: dynamic light 

scattering; TGA: thermogravimetry analysis; SAXS/SANS: small-angle X-ray/neutron scattering. 
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3. Mechanisms of ligand instability 

When considering the stability of NPs, a distinction should be made between stability issues 

occurring during storage and upon exposure to a biological environment. Storage stability of 

NPs, either in their dry form or in suspension, is one key consideration for clinical translation 

and has been largely overlooked in the literature. Yet, degradation can readily happen through 

spontaneous mechanisms and hence affect the biological performance of the particles. Surface 

coating is no exception, as shown by Carregal-Romero et al.[56] Upon exposure to biological 

media, many transformation mechanisms of the NP can occur, reflecting the complexity of the 

interactions between the NP and its biological environment. In this section, we describe the 

different mechanisms that affect ligand stability in these two contexts. These mechanisms are 

schematically represented in Figure 1. 

 

Figure 1. Schematic representation of the different mechanisms that can affect ligand stability. 

Figure created with the help of Biorender.com. 
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3.1. Spontaneous reorganization and desorption 

One reported mechanism is the spontaneous reorganization of surface ligands over time. This 

phenomenon was first hypothesized from indirect observations. For instance, Chechik has 

revealed a reduction in the exchange rate of ligands with disulfides on aged thiolate-protected 

AuNPs.[57] The same author later further analyzed the kinetics of two reactions: AuNP ligand 

exchange with disulfides, and cyanine-induced AuNP decomposition. In both cases, reduced 

reactivity was observed after AuNP aging in solution (up to almost 200 hours).[58] The authors 

hypothesized that this was due to a surface reorganization process: over time, the defect sites 

involved in the reactions become better coordinated to other gold atoms and as a consequence, 

the thiolates attached to these sites become less labile. 

Recently, more direct demonstrations of this spontaneous reorganization were obtained. Grys 

et al. used surface-enhanced Raman spectroscopy (SERS) to follow Au-citrate coordination in 

both fresh and 35-day aged citrate-coated AuNPs.[59] Aging was found to involve the 

displacement atop the AuNP facets of gold adatoms which facilitated the binding of two 

carboxylate functions of citrate, instead of one as observed for fresh AuNPs (Figure 2A). This 

phenomenon can improve the stability of the ligands and consequently decrease their reactivity, 

as previously reported by Chechik et al.[57,58] Interestingly, adatoms could be removed using 

etching and subsequent boiling of the AuNPs, thus bringing the surface back to its original 

coordination state. 

In another recent study, Horáček et al. used DNA-functionalized gold nanorods (AuNRs) and 

DNA-hybridization kinetics to analyze single-molecule binding events and reveal the number 

of docking strands per particle.[60] When testing two different functionalization methods, a 

strong heterogeneity in ligand density was observed at short functionalization times, but 

homogeneity increased when extending the incubation time over several hours to days (Figure 

2B). Similar behavior was reported for particles aged in buffer (i.e., with negligible residual 

free ligands), therefore excluding ligand exchange as a possible explanation. The authors 

concluded from their experiments that the increase in homogeneity upon aging mainly 

originates from ligand reorganization, which may involve changes in ligand accessibility, 

desorption of non-specifically bound ligands, or diffusion of interfacial gold atoms. 

Interestingly, spontaneous desorption of ligands from the surface of cadmium selenide (CdSe) 

nanocrystals was observed upon protonation of thiolate anchoring groups at low pH (between 
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2 and 7 depending on the NP size).[61] Ligand loss was also reported on diluted and aged 

suspensions of similar objects.[62] Similarly, alkylthiol-stabilized AuNPs exhibited ligand loss 

under a variety of storage conditions, demonstrating the importance and predominance of the 

phenomenon.[63] Even though the two last studies show the key role of aging on ligand stability, 

the mechanisms underlying the surface transformations experienced by the NPs were not 

explored.  

These studies demonstrate that surface ligands should be considered dynamic rather than 

unalterable elements. Their coordination state, conformation, and location on the NP surface 

may evolve over time, even leading to desorption in some cases. Other mechanisms may 

however trigger the spontaneous desorption of ligands. 

 

Figure 2. Spontaneous ligand reorganization and desorption. (A) Evolution of Au-citrate 

coordination over time, switching from single bidentate binding (1020 cm-1 SERS signal) to 



11 

 

double one (1080 cm-1). The phenomenon involves the displacement of gold adatoms atop the 

NP surface. Adapted under terms of the CC-BY license from [59] 2020, American Chemical 

Society; (B) Evolution of ligand density over time. The number of DNA docking strands per 

NP becomes more homogeneous thanks to ligand reorganization. Adapted from [60]. 

3.2. Chemical degradation 

In biomedical applications, NPs are frequently exposed to environments prone to trigger 

chemical reactions such as hydrolysis or oxidation. Apart from the inevitable exposure to water 

and air, some specific regions in the body can display more extreme conditions. Tumors, for 

instance, are considered more acidic than healthy tissues, lysosomes are characterized by very 

low pH, and intracellular environments contain high concentrations of redox-active 

molecules.[64,65] 

Hydrolysis is a common chemical process taking place in biological environments. Numerous 

studies have taken advantage of this process to design biodegradable materials or particles. For 

instance, Kumari et al. reviewed biodegradable polymers used to synthesize polymeric NPs 

used for drug delivery purposes.[66] Several of them have also been used as ligands for inorganic 

NPs. For instance, natural polymers such as chitosan and dextran are frequently used to coat 

both IONPs and AuNPs, as they display high hydrophilicity and biocompatibility.[67–69] These 

polysaccharides can undergo acid hydrolysis through the cleavage of their glycosidic 

bonds.[70,71] This hydrolysis process has been hypothesized as the cause for the size reduction 

of dextran-coated IONPs observed after several months of storage.[72] 

Hydrolysis can also affect synthetic polymer ligands, as demonstrated by Carregal-Romero et 

al.[56] The authors compared the biodistribution in mice of IONPs at two aging stages (3 weeks 

vs 9 months) and observed strong differences, despite similar results in routine characterization 

of the particles (size, shape, and zeta potential). Nuclear magnetic resonance spectroscopy 

(NMR) evidenced time-dependent hydrolysis of the ester groups present in the polymer coating 

of the NPs (originating from a pyridine-acrylate bond linking a PEG chain to the poly(4-vinyl-

pyridine) coating). The authors hypothesized that this degradation was responsible for the 

altered in vivo behavior of the NPs. Interestingly, in the case of methacrylates and 

methacrylamides, polymers displayed stronger resistance to ester hydrolysis than the 

corresponding monomers.[73,74] 
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Some studies used hydrolytic degradations to design pH-responsive nanomaterials, as reviewed 

by Kanamala et al.[75] A variety of labile bonds can indeed undergo cleavage under acidic 

conditions. For instance, acetal- and ketal-containing crosslinkers were used to trigger the 

disassembly of polymers in acidic pH.11,56[76,77] Acetal-derivatized dextran was also shown to 

undergo a hydrophobic-to-hydrophilic transition upon acetal cleavage.[78] The same polymer 

was later used to coat ultrasmall AuNPs encapsulated in polymeric micelles.[79] In such a pH-

responsive system, cleavage of acetal bonds changed the polymer coating of AuNPs from 

hydrophobic to water-soluble, leading to destabilization of the micelle and release of AuNPs. 

Oxidation is another commonly reported chemical process affecting ligand stability. In the case 

of gold, oxidation of thiolated self-assembled monolayers (SAMs) has been widely reported on 

planar surfaces, both in air and in solutions.[80,81] The degradation mechanism involves the 

conversion of thiolates into weakly bound sulfonates, which subsequently triggers ligand 

desorption. Photooxidation by UV has been suggested in many instances (possibly due to ozone 

produced by photolysis of O2),
[82] even though evidence has also been provided for oxidation 

in dark conditions.[83] The length of the SAM chains has been shown to impact the oxidation 

process, as slower degradation was observed for longer chains, probably due to the need for 

oxidative species to penetrate the monolayer.[84] For more details about the stability of SAMs 

on flat gold surfaces, we refer the reader to the review published by Srisombat et al. on the 

subject.[85] 

Oxidation of thiolated SAMs in air has also been observed for AuNPs deposited on substrates, 

either under light exposure or in dark conditions.[81,86] The absence of light only appeared to 

slow down the kinetics of the phenomenon.[86] As for particle suspensions, the stability against 

oxidation of gold nanoclusters coated with SAMs was studied in solution through NMR 

spectroscopy and X-ray photoelectron spectroscopy (XPS).[87,88] A two-step oxidation process 

was evidenced, involving the conversion of thiol groups to disulfides and then to sulfonate 

groups (Figure 3A).[87] Rather than light, the presence of halide ions was found to be critical 

for this process to occur. Interestingly, lower oxidation rates were obtained for large sizes of 

particles. The same group later evidenced a weaker resistance to oxidation for dithiolate-

protected nanoclusters compared to their monothiolated analogs.[88] 

Even though most studies have been performed with alkanethiols, Bhatt et al. focused on the 

stability of AuNPs coated with thiol-modified DNAs.[89] The authors reported evidence of some 



13 

 

DNA degradation over time, but the primary mechanism of ligand loss was rather DNA 

desorption through Au-thiol cleavage, which was observed in all aqueous conditions tested. 

Even though no experimental proof was provided, it seems plausible to assume that oxidation 

of the gold-sulfur bond was the main mechanism of ligand desorption. 

Ligand photooxidation has also been observed for metals other than gold and anchoring groups 

other than thiols. Amine-terminated SAMs have been shown to undergo photooxidation on gold 

planar substrates, where amino groups were turned into nitroso groups.[90] Aldana et al. have 

also demonstrated that the photochemical instability of CdSe nanocrystals coated by thiols was 

due to an oxidation process of the ligands catalyzed by the metallic core, where thiols were 

converted into disulfides.[91] Interestingly, the authors compared dithiols to monothiols ligands 

and observed a decreased stability for dithiols, as reported for AuNPs.[88] Two reasons were 

hypothesized: dithiols cannot pack as densely as monothiols on the surface of NPs, hence an 

easier diffusion of O2 through the ligand shell, and dithiols are more likely to form an 

intramolecular disulfide bond. 

Highly oxidative microenvironments are also found in living organisms, via the presence of 

reactive oxygen species (ROS) and reactive nitrogen species (RNS) such as hydrogen peroxide 

(H2O2), superoxide ion (O2
•-), hydroxyl radical (•OH), hypochlorite ion (OCl-), nitric oxide 

(NO), and peroxynitrite (ONOO-).[92] These ROS and RNS play a major role in cell signaling 

pathways. They are usually quickly scavenged and quenched by natural antioxidants, but high 

concentrations can still be found at inflammation sites or in the case of specific diseases, 

including some types of cancers. As a result, oxidation-sensitive chemical groups such as 

thioethers or aryl boronic esters have been used to develop responsive polymeric materials and 

NPs.[92,93] Some of these reactive species have also been proven to oxidize and degrade thiolated 

SAMs on gold surfaces16[94,95] as well as to depolymerize polysaccharides in biologically 

relevant conditions.[96] 

Reductive environments can also be encountered by NPs in vivo. Levels of the reductive 

tripeptide glutathione (GSH) are approximately 2-20 µM in the extracellular space and 2-10 mM 

in the cytosol and nucleus.[97] Accordingly, intracellular environments are prone to cleave 

reduction-sensitive bonds such as disulfides, diselenides, and succinimide thioethers.[98] 

Conditions of reductive stress can also be found in tumors, due to high concentrations of GSH 

in their microenvironment.[99,100] Yet, the lower pH found in tumors might inhibit the reduction 
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reaction as it favors the protonated thiol form over the reactive thiolate one.[101] These 

characteristics have been used to design redox-responsive nanoparticulate systems to deliver 

drugs in tumor tissues or inside cells.[97,98] Nevertheless, cleavage of disulfide bonds may 

happen in other biological compartments such as the bloodstream, even though the lower redox 

potential of the species found in the blood implies slower reactions compared to tumor tissues 

and intracellular environment.[101] As disulfides play an important role in the folding and 

stability of proteins, their cleavage may affect the targeting properties of peptides or antibodies 

attached to NPs. 

As revealed by all these studies, various chemical processes such as hydrolysis and redox 

reactions can affect the integrity and linkage of ligands at the surface of NPs. Oxidation seems 

to frequently impact the anchor groups, therefore triggering desorption, while hydrolysis and 

reduction mostly affect the structure of ligands, especially in the case of biopolymers and 

biomacromolecules. 

 

Figure 3. Examples of chemical and enzymatic ligand degradation. (A) Thiol oxidation is 

observed at the surface of AuNPs. Thiol groups get transformed into disulfides, which turn into 

sulfonates; (B) Proteins at the surface of NPs get digested by enzymes, as demonstrated by the 
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release of initially quenched fluorophores. Adapted with permission from (A) [87] 2007, 

American Chemical Society; (B) [102] 2013, Wiley Online Library. Figure created with the help 

of Biorender.com. 

3.3. Enzymatic degradation 

Hydrolytic and redox reactions can also be catalyzed in vivo by numerous enzymes, respectively 

known as hydrolases (including esterases, proteases, glycosidases, and phosphatases, among 

others) and oxidases or oxygenases.[103] For instance, the protein disulfide isomerase (PDI) and 

the thioredoxin display redox properties and catalyze the formation and breakage of disulfide 

bonds in proteins,[101] while lysozyme-mediated hydrolysis is considered the main degradation 

mechanism of chitosan.[71,104] High concentrations of such enzymes can be found in all body 

compartments, therefore exposing NPs to degradation. 

A variety of polymers has been shown to undergo enzymatic degradation. Polysaccharides such 

as chitosan and dextran can be quickly hydrolyzed by multiple enzymes,[104–106] but synthetic 

polymers are also prone to such degradation. For instance, polyester NPs are degraded by 

lipases;[107] some polymethacrylates are susceptible to esterase hydrolysis;[108] while a range of 

enzymes is able to degrade poly (glutamic acid) (PGA) as well as to cleave amide bonds 

between PGA and hydrophobic side chains.[109] 

Evidence of enzymatic degradation of polymer ligands on inorganic particles is scarce. 

Bhattacharya et al. demonstrated that covalently attached PEG coatings were stripped from 

carbon nanotubes in the presence of neutrophil proteases.[110] In another study by Zhu et al., 

IONPs covered with a poly-(isobutylene-alt-maleic anhydride)-graft-dodecyl (PMA) shell 

decorated with a fluorescent dye via different chemistry bonds were exposed to multiple 

enzymes including trypsin, cathepsin G, lactate dehydrogenase, aminotransferase, 

acetylcholinesterase, proteinase K, or fetal bovine serum (FBS).[111] Potential enzymatic 

cleavage from the NP surface was investigated by measuring the fluorescence signal of released 

dyes and polymer fragments after separation from the particles. As all dye linkers contained 

amide bonds, the enzymes able to cleave such bonds, such as trypsin or enzymes present in 

FBS, were logically found to trigger the release of the dye. However, it was found that certain 

enzymes were able to release the dye only when specific conjugation chemistries were used. A 

previous study with the same polymer grafted on AuNPs had also confirmed enzymatic 

degradation by a range of enzymes.[45] 
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Most biological molecules can also undergo enzymatic degradation, even when used as NPs 

ligands. Digestion of albumin coating on poly(lactic acid) NPs was demonstrated in simulated 

gastric and intestinal fluids;[112] insulin and ovalbumin coatings on AuNPs were shown to 

undergo enzymatic digestion by pronase, whether or not the NPs were agglomerated (Figure 

3B);[102] and cleavage of peptides on AuNPs was evidenced in the presence of thrombin.[113] 

Böttger et al. also showed the differential stability of free peptides in serum, plasma, and fresh 

blood due to proteolytic degradation.[114] These studies point out an under-estimated issue, i.e., 

the limited chemical stability of peptides and proteins in biological fluids, which limits their 

use as targeting ligands. Yet, Seferos et al. evidenced an interesting protective effect of AuNPs 

towards the enzymatic cleavage of grafted DNA strands compared to free DNA.[115] Their 

results indicated that AuNPs did not prevent enzyme binding to DNA but rather slowed down 

the hydrolytic degradation, thanks to high local concentrations of salts inhibiting the DNase. 

As observed for chemical degradation, the action of enzymes has been used to design 

responsive drug delivery systems. The different strategies were summarized in various 

reviews.[116,117] 

These studies show that the presence of multiple enzymes in biological environments may 

further limit the stability of ligands, as these enzymes can catalyze different types of reactions. 

Specific attention should be given to the case of biomacromolecules, which are widely used to 

add functionalities to NPs but whose stability might be challenged in vivo. 

3.4. Ligand exchange 

3.4.1. Surface fine-tuning vs unsolicited modification 

Nanoparticles intended for medical applications must be stable in biological media and 

biocompatible. To tune these properties, it is often necessary to modify their surface chemistry 

post-synthesis. For this purpose, one popular strategy is ligand exchange, i.e., the replacement 

of a pre-existing ligand used specifically during the synthesis step by a new ligand aimed to 

provide biocompatibility to the NP. This process also enables coating the NP surface with drugs, 

dyes, or targeting moieties.[118,119] The first ligand exchange reaction on NPs was reported by 

Murray et al. in 1996, where the authors performed an exchange reaction of thiolated ligands 

on monolayer-protected gold clusters.[120] This strategy has since been widely used to modify 

the AuNP surface.[121] Indeed, one of the most common syntheses of AuNPs is the Turkevich 
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method,[122] which generates citrate-coated AuNPs that are often considered unstable in 

biological media and more toxic than AuNPs with other surface coatings. An alternative method 

is the Brust method, which allows synthesizing AuNPs directly in the presence of thiolated 

ligands,[123] but which only results in small (diameter < 10 nm) and rather polydisperse AuNPs. 

Surface modification of NPs is also required for AuNRs, as their synthesis involves CTAB, a 

molecule known to be highly toxic.[124] Thus, to use AuNRs in the medical field, it is essential 

to proceed to complete ligand exchange to replace CTAB. This kind of process is also used for 

NPs other than AuNPs. For instance, IONPs require ligand exchange since most syntheses 

produce hydrophobic particles.[125–127] Furthermore, the surface coating can reduce IONP 

toxicity by decreasing the number of oxidative sites liable to generate cellular oxidative 

stress.[128] Synthesis of QDs and upconverting NPs requires the use of hydrophobic ligands as 

well. Post-synthesis replacement is therefore necessary for their use in biological 

media.[49,129,130] 

Ligand exchange with biomolecules can also occur when NPs are introduced into a biological 

environment. Biogenic thiols and disulfides such as GSH, dihydrolipoic acid, cysteine, and 

cystine can be responsible for the displacement of ligands at the NP surface. Multiple studies 

showed that these biogenic thiols can displace various thiol ligands from the surface of 

AuNPs.[131–135] N-heterocyclic carbene ligands, which are considered alternatives to thiols, did 

not display better stability against GSH exchange.[136] Conversely, polymer ligands grafted on 

QD surface through multiple imidazole anchoring groups were shown to resist exchange with 

GSH.[137] Exchange can also happen with free proteins, as in the case of carbon nanotubes, 

where proteins displaced adsorbed DNA strands.[138] On the contrary, antibodies with a strong 

affinity for AuNP surface could not be displaced by plasma proteins.[139] Exchange may also 

occur with thiols from immobilized proteins, for instance proteins constituting the extracellular 

matrix or proteins expressed on the surface of cells (such as the protein disulfide isomerase 

found on endothelial cells[101]). Finally, ligand exchange was also shown to take place with 

lipids during interaction with the cell membrane, as demonstrated by Wang et al.[140] 

Interestingly, simulations evidenced that the presence of defects in the SAM structure of metal 

NPs provides sites for phospholipid extraction.[141] This type of exchange is expected to have 

an impact on the NP endocytic pathways and uptake efficiency, as well as on the integrity of 

the cell membrane. 
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3.4.2. Mechanisms of ligand exchange 

Two main exchange pathways have been reported in the literature (Figure 4A). The first is the 

associative mechanism, where the incoming ligand co-adsorbs on the NP surface with the initial 

ligand before triggering its release (equivalent to a type 2 nucleophile substitution, SN2, reaction 

mechanism in organic chemistry). This process implies a first-order dependence on the 

concentration of both the incoming and initial ligand. It has been demonstrated to be the 

predominant pathway in the case of thiol/thiol exchange.[48,142–144] The second mechanism is 

the dissociative pathway, which first involves spontaneous desorption of the initial ligand, 

followed by the adsorption of the incoming ligand (equivalent to an SN1 mechanism). This 

process is therefore independent of the concentration of incoming ligand. Ligand exchange of 

thiol-protected AuNPs vs disulfides was shown to undergo such a mechanism, where the S-S 

bond is cleaved during adsorption.[145,146] Ionita et al. observed the non-adjacent adsorption of 

the two branches of the disulfide on the NP surface[145] and later suggested that only one branch 

gets adsorbed, while the other one associates with the exiting ligand to form a mixed 

disulfide.[146] The same group also demonstrated a dissociative mechanism in the case of ligand 

exchange between AuNPs.[147] Coexistence of the two pathways can take place, as shown by 

Song et al. for thiol exchange under oxidizing conditions.[148] More complex mechanisms have 

also been hypothesized.[149] 

Several studies have reported the coexistence of two rate constants in the ligand exchange 

process, corresponding to fast and slow exchange.[142,143,150,151] This observation is consistent 

with binding sites exhibiting different reactivity. Fast exchange was hypothesized to occur on 

low coordinated sites, such as vertexes, edges, and defects, whereas high coordination sites such 

as terraces are considered less reactive, undergoing slower exchange, as schematized in Figure 

4B.[142,146,151] The fact that incomplete exchange is frequently observed[48,142,149,152–155] has also 

been suggested to be caused by this difference of reactivity, where only the low coordinated 

sites are exchanged. 

Regarding the morphology of the ligand shell during ligand exchange, Luo et al. observed at 

the surface of spherical AuNPs an initial random distribution which later evolves into a patchy 

morphology.[156] Interestingly, the authors showed that the ligand shell morphology kept 

evolving even after the ligand composition had reached a plateau. The same group later 

performed a similar analysis on silver nanocubes which exhibited two different behaviors, 
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depending on the chemical nature of the incoming ligand.[157] Random distribution was 

observed when a hydrophilic ligand was used, while ligand exchange proceeded via the 

formation of island nanodomains for the more hydrophobic ligand. 

 

Figure 4. Mechanisms of ligand exchange and examples of key properties affecting the process. 

(A) Two main exchange pathways have been reported for ligand exchange, the associative 

pathway and the dissociative pathway; (B) Binding sites at the NP surface display different 

reactivities: low coordination sites (i.e., vertexes, edges, and defects, represented in red) are 

more reactive than high coordination sites (terraces, represented in blue); (C) The number of 

anchoring groups on the incoming protein has a great impact on the extent of ligand exchange 

with the antibody initially on the NP surface (presence of 1, 5, or 20 free thiols); (D) The NP 

local surface curvature influences the kinetics and extent of the ligand exchange process. 

Comparison of surface-roughened and spherical nanoparticles shows higher and quicker ligand 

exchange for the surface-roughened ones. Adapted with permission from (C) [158] 2020, 
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American Chemical Society; (D) [149] 2017, American Chemical Society. Figure created with 

the help of Biorender.com. 

 

3.4.3. Parameters affecting ligand exchange 

Two classes of parameters can impact the efficacy of ligand exchange: the intrinsic parameters, 

i.e., ligand and NP properties (charge, size, chemical nature, grafting density), and the extrinsic 

parameters (solvent, pH, temperature, concentration). NP aging was also proven to be 

influencing ligand exchange, as previously mentioned.[58,159] It is noteworthy that most studies 

about the parameters affecting ligand exchange reported on AuNPs. Very few studies have 

addressed this phenomenon on other inorganic NPs. 

Ligand properties 

The properties of both the initial and incoming ligands have been shown to play a key role in 

the ligand exchange process. For instance, the impact of ligand length has been studied in 

multiple conditions. One of the earliest studies about place-exchange reactions on gold 

nanoclusters, published by Hostetler et al. in 1999, showed a lower reaction rate and extent for 

increased chain length and/or steric bulk of the initial alkanethiol ligands.[48] The authors 

explained this result by the presence of chain-chain interactions stabilizing the monolayer. The 

recent thermodynamic study by Calvin et al. on ligand exchange at the surface of QDs 

confirmed the positive contribution of alkyl chains interactions on monolayer stability.[160] 

Wang et al. obtained similar results for ligand exchange experiments involving lipid bilayers 

and AuNPs coated with physisorbed DNA strands of various lengths.[140] Molecular dynamics 

simulations demonstrated higher layer thickness and binding energy with increasing strand 

length, two features that hinder ligand exchange according to the authors. The opposite trend 

was observed by Smith et al. who compared the ligand exchange efficiency for AuNPs 

functionalized with either macromolecules or small molecules of different chemical 

structures.[161] For both 13nm and 30nm AuNPs, 70 to 95% of initial PEG-SH ligands were 

displaced by small thiolated molecules. Meanwhile, PEG-SH was found unable to displace the 

initial 3-mercaptopropionic acid and 11-mercaptoundecanoic acid. The authors partly explained 

this size effect by the difference in grafting density, with the PEG layer being less densely 

packed and therefore more subject to displacement. Favorable intermolecular interactions 

between carbon chains were also hypothesized to be an important parameter. Regarding the size 
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of the incoming ligand, simulations showed that low molecular weight PEG was better at 

displacing CTAB from AuNP surface compared to PEG with higher molecular weight, thanks 

to better diffusivity.[162] This effect of diffusion was also reported at the surface of QDs while 

exchanging oleic acid with alkylamines of varying lengths.[163] The thermodynamic study of 

Liu et al. revealed that three phenomena were at play: Van der Waals interchain interactions, 

steric barrier, and diffusion rate. Short-chained incoming ligands reach more easily the NP 

surface thanks to a higher diffusion coefficient and reduced steric barrier, while long-chained 

ligands provide greater stability to the resulting coating thanks to stabilizing interactions among 

alkyl chains. The authors tested three chain lengths and obtained higher ligand exchange for the 

intermediate length, highlighting the balance between these phenomena. 

The nature of the anchoring group, and thus the ligand/NP binding energy, are also greatly 

influencing ligand exchange. Ionita et al. demonstrated that phosphine-protected AuNPs 

underwent ligand exchange to a much greater extent than thiol-coated AuNPs, presumably due 

to weaker interaction with gold.[146] The functional group chemistry of the incoming ligand was 

also shown to determine the kinetics and efficiency of exchange, with thiolated molecules 

demonstrating a higher ability to displace citrate on the surface of AuNPs, compared to amine- 

or carboxylate-containing molecules.[164] Thiolated DNA strands were also much more resistant 

to exchange on AuNPs than their physisorbed counterparts, thanks to their higher grafting 

density and binding energy.[140] The anchoring group was also shown to impact the extent of 

ligand exchange at the surface of IONPs.[127] A molecule can also present different binding 

energies depending on its binding mode (and therefore grafting density), as shown for citrate, 

which may change from easily displaced monocarboxylate monodentate linkage at high 

coverage to a more stable dicarboxylate anchoring at low coverage.[164] As a result, an 

unexpected increasing resistance to displacement was observed for citrate at low coverage. The 

effect of the coordination number was also studied for other types of ligands. Three studies 

compared the stability of monothiol- vs dithiolane-functionalized PEG ligands on AuNPs and 

showed a better resistance to displacement by dithiothreitol for the bidentate ligand.[13,165,166] 

Similar results were obtained for IONPs, with bifunctional sulfonate and phosphonate moieties 

providing better stability than their monodentate counterparts.[127] Oh et al. furthered the 

analysis by comparing flexible dithiol, constrained dithiol, and disulfide anchoring groups on 

AuNPs.[13] Their results showed that ligand stability can be enhanced using anchoring groups 

with constrained and compact structures, which favor dense packing on the NP surface. Similar 
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results were obtained with thiol- and disulfide-ended DNA strands.[167] Awotunde et al. also 

studied the effect of multidentate binding by comparing human serum albumin (HSA) 

molecules modified to present 1, 5, or 20 free thiols.[158] The authors pre-adsorbed on AuNPs 

an antibody exhibiting 10 free thiols. No exchange was detected with the HSA presenting 1 or 

5 free thiols, whereas the one with 20 free thiols was shown to displace 85% of the antibody 

(Figure 4C). Likewise, when HSA was pre-adsorbed on AuNPs, only the one with 20 thiols 

resisted the exchange with the antibody. The authors concluded that the interaction between 

AuNPs and their biomolecule ligands was governed by the number of Au-S bonds. 

The whole chemical structure of the ligands may also impact ligand exchange, through steric 

hindrance and interchain interactions, for instance. Hong et al. observed the displacement of 

thiol ligands by primary, secondary, and tertiary thiols and showed that primary thiols were the 

most efficient.[168] However, if a bulky group is placed 1 or 2 carbons further from the thiol, 

branched thiols exhibited higher displacement efficiency. The authors explained this 

phenomenon by the fact that place exchange mainly occurred at vertices and edges of the 

particle, where the monolayer is less densely packed. They also suggested that branched thiols 

could pack better than linear ones and that their bulkiness was further destabilizing the initial 

thiols around. Interestingly, the same authors showed that a racemic thiol mixture was more 

efficient at triggering ligand exchange than the analogous homochiral thiol, thanks to better 

packing.[168] The spacer structure was further studied by Schulz et al., comparing PEG ligands 

with different segments connecting them to a thiol anchor.[166] A long alkyl spacer was shown 

to provide better resistance to DTT-induced displacement compared to a short one, and both 

alkyl spacers yielded greater stability than the phenyl one. The long alkyl spacer was thought 

to prevent ligand exchange by creating a thicker inner hydrophobic layer and by improving the 

PEG grafting density thanks to better packing. Goldmann et al. later demonstrated the 

importance of intermolecular chain interactions in the ligand exchange process.[169] Through 

experiments and density functional theory (DFT) calculations, the authors investigated a series 

of ligands with different chain structures: one alkanethiol (dodecanethiol (DDT)) and 3 

arylthiols (containing 1, 2, or 3 aromatic phenyl groups). For the latter, ligand affinity for the 

surface was found to increase with the number of aromatic groups. This stabilization of the 

monolayer for longer aryl chains was demonstrated to originate from increased attractive 

interchain interactions (including π stacking). This study also showed the role of the chain 

structure, with DDT being resistant to displacement by arylthiols despite lower entropy. Again, 
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the predominant role of intermolecular interactions (dispersion type in the case of DDT) was 

evidenced. The impact of the ligand bulkiness was also studied by Gao et al., where simulations 

showed that polystyrene was less efficient at displacing CTAB compared to PEG chains of 

similar length, as its larger size and higher rigidity limit its penetration into the CTAB layer.[162] 

The terminal group of the ligands can also play a major role in ligand exchange. Chompoosor 

et al. investigated the impact of particle surface charge on the stability of AuNP ligands upon 

exposure to biogenic thiols.[132] The authors synthesized a series of AuNPs with different 

surface charges (from +30 mV to -36 mV), using mixtures of ligands with positively charged, 

negatively charged, or neutral terminal groups. All NPs were labeled with fluorophores initially 

quenched by the NP. Upon treatment with a GSH solution, ligand displacement was quantified 

through fluorescence recovery. Fluorophore release was shown to increase when the NP surface 

charge was positive whereas no release was observed for negatively charged AuNPs. The 

hypothesis put forward was the electrostatic repulsion between the NP surface and the anionic 

GSH molecules. Smith et al. also demonstrated a stronger capacity of carboxylic acid-

terminated alkyl ligands to displace PEG-SH ligands compared to their amine-terminated 

equivalent.[161] 

NP properties 

The effect of core size (and therefore surface curvature) on ligand exchange has been 

investigated in various studies. Guo et al. showed a higher thiol exchange on Au38 clusters 

compared to Au140 clusters,[170] and Kluenker et al. obtained similar results exchanging 

oleylamine by one alkanethiol on AuNPs.[153] Nevertheless, Goldmann et al. reported an 

increased exchange efficiency on larger NPs in the case of DDT displacement by an aryl 

thiol.[169] The latter result was explained by a lower entropy of the initial layer (better packing 

of DDT on large NPs) and by increased favorable interchain interactions in the resulting layer 

(rigidity of the aryl ligand preventing these interactions on smaller NPs). Villarreal et al. used 

nanotextured AuNPs to study the impact of local surface curvature independently of the core 

size.[149] They compared the ligand exchange of thiolated aromatic ligands on surface-

roughened NPs (SRNPs) vs quasi-spherical NPs (QSNPs) of similar size. Exchanged amounts 

were found to be higher on the SRNPs (72% vs 20%) (Figure 4D). The authors hypothesized 

that only the ligands located on highly curved regions were exchanged, highlighting the key 

role of local surface curvature on ligand exchange. Interestingly, this result is consistent with 
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the hypothesis of a higher reactivity for low coordinated sites, as already mentioned in the 

section dedicated to mechanisms. 

The charge of the core can also impact ligand exchange, as demonstrated by Song and 

Murray.[142] Both the rate and extent of ligand exchange between two thiols on gold 

nanoclusters were shown to increase when the core was positively charged. 

Recently, the effect of the core shape on ligand exchange has been investigated with DFT 

calculations by Chan et al., comparing gold nanoclusters with a sphere, rod, or star shape.[171] 

The authors observed that the presence of PEG ligands significantly improved the stability of 

the stellated nanocluster, even inducing some further stellation. This higher stability implies a 

larger energy cost to desorb the ligands, compared to more spherical cores, which provides 

better resistance to ligand exchange. The intrinsic stability of the object was also demonstrated 

to be driving the direction of ligand exchange, either through simple ligand exchange or through 

other structural transformations (such as aggregation).[172] 

Lastly, the chemical nature of the inorganic core is a parameter that impacts ligand exchange 

by changing the affinity of the ligands for the surface. Qing et al. reported that the Pt-S bond is 

much more stable than the Au-S bond.[173] They demonstrated that Au@Pt NPs (i.e., AuNPs 

covered with a thin layer of platinum) do not undergo exchange with GSH, contrary to AuNPs. 

Environmental conditions 

Early demonstration of the impact of the environmental conditions on ligand exchange was 

provided by Song and Murray.[142] They showed that acid-base conditions, O2 presence in the 

atmosphere, and solvent polarity could affect the dynamics and extent of the place exchange 

reaction of thiolated ligands at the surface of gold nanoclusters. The decrease in reactivity 

observed in acidic conditions suggested that thiolates are more reactive than the corresponding 

thiols. The pH was also found to play a critical role in the displacement of citrate by various 

pesticides on AuNP surface.[174] Overall, this impact depends on the pKa of the exchanged 

species, and therefore on the protonation and deprotonation of functional groups. This was 

studied in detail on cadmium-containing quantum dots by Lesiak et al., using an incoming 

ligand that contained carboxyl, amine, and thiol functional groups, and testing four pH to probe 

its different protonation states.[175] Simulations performed by Gao et al. also confirmed that the 

solvent could affect both the surface packing of the initial ligand and the diffusivity of the 

incoming one, hence a strong impact on the ligand exchange process.[162] 
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As expected with the associative mechanism, the concentration of the incoming ligand was also 

shown to influence ligand exchange. Goldmann et al. observed a greater ability of arylthiol to 

displace DDT from AuNP surface at high concentration and hypothesized the phenomenon was 

due to an equilibrium displacement related to the maximum solubility of the ligand.[169] The 

same trend was obtained with simulations of CTAB displacement by PEG-SH.[162] This result 

also seems in line with the greater displacement observed for repeated reactions performed with 

a large excess of incoming ligand.[153] 

The phenomenon of ligand exchange has been one of the most studied in the field of ligand 

stability. Initially used for functionalization purposes, this process was shown to occur in vivo 

as well, where the great diversity of biological molecules increases the probability to find one 

with a high affinity for the NP. Studies on the subject have helped identify the underlying 

mechanisms and key parameters in controlled environments, but more studies are needed to 

understand the phenomenon in vivo. 

3.5. Degradation or desorption under external stimuli 

When exposed to an external stimulus, inorganic NPs can display various intrinsic properties 

that can be used for therapeutic purposes. For instance, NPs may generate hyperthermia upon 

exposure to a magnetic field or electromagnetic radiation, or they can enhance the toxic effects 

of ionizing radiations, a property used in radiosensitization. Organic ligands located at the 

surface of the core of the NPs can thus be impacted by these effects, especially since most of 

them imply surface phenomena. However, very few studies have tackled the subject, and the 

issue is rarely mentioned in the nanomedicine literature. In this section, we describe how the 

different external stimuli used to trigger NP therapeutic effects may cause degradation or 

desorption of the ligands. 

3.5.1. Plasmon-driven effects 

Thanks to the phenomenon of localized surface plasmon resonance (LSPR), metallic 

nanostructures can display unique optoelectrical properties leading to fast heating under 

excitation at a specific wavelength. This photothermal effect has been investigated for medical 

applications, to treat tumors through locally elevated temperatures. Various types of NPs have 

demonstrated such properties, among which are gold nanoshells and nanorods.[176] Yet, the fate 

of ligands during photothermal treatment has not been considered, even though the physical 
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phenomena involved in LSPR may affect them, as we will show in this section. It should be 

noted that the impact of the plasmon-generated heat will be treated in a second section dedicated 

to the effects of hyperthermia. 

Over the last decades, plasmons have been shown to induce various chemical reactions at the 

surface of NPs, from polymerization to photochemical or photocatalytic reactions, opening a 

new research field about plasmon-mediated chemical reactions. The first report of such a 

reaction was published in 1983.[177] Multiple reviews have since described the advances of this 

still-expanding field.[178–182] Interestingly, plasmon-driven reactions have also been shown to 

offer a strategy to trigger site-selective surface functionalization to place molecules into specific 

reactive spots, as recently reviewed by Kherbouche et al.[183] Therefore, the possibility to induce 

chemical reactions with surface plasmons (SPs) highlights how the exposure of surface ligands 

to this phenomenon may affect them and generate instability. 

Upon excitation and relaxation of SPs in plasmonic NPs, three main successive processes can 

take place: local electromagnetic field enhancement, emission of both photons (radiative decay) 

and hot carriers (non-radiative decay), and heat dissipation.[180] All these processes can 

participate in plasmon-driven reactions. Brooks and Frontiera studied the plasmon-driven 

photoreaction of 4-nitrobenzenethiol (4-NBT) to 4,4′-dimercaptoazobenzene (DMAB).[185] The 

authors used nanospheres deposited on a substrate and covered with a gold film to probe the 

rate and yield of the reaction as a function of the SERS enhancement factor. Fast formation of 

DMAB was observed (after 1-second irradiation), but additional pathways were also evidenced. 

Indeed, the loss of the 4-NBT SERS signal observed after the end of the reaction was attributed 

to the degradation or desorption of a portion of the 4-NBT molecules (Figure 5A). The same 

phenomenon was also observed for the produced DMAB. The photodegradation pathway was 

found to compete with the photochemical conversion of 4-NBT to DMAB in nearly all the 

regions probed, irrespectively of the SERS enhancement factor. Higher rates were measured 

for photoreaction compared to degradation. These results highlight the possible photodamage 

of ligands located at the surface of plasmonic NPs, especially in the case of extended 

irradiations. 

Another study investigated the plasmon-driven photochemistry of 4-aminobenzenethiol (4-

ABT) at the surface of plasmonic AuNRs in the presence of CTAB, citrate, or no surface 

ligands.[186] In the two latter situations, SERS data showed that 4-ABT was transformed into 
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DMAB. However, for CTAB-coated AuNRs, a new vibrational band indicated the formation 

of another product species, 4-NBT, through 4-ABT oxidation. Interestingly, CTAB was also 

found to enable the reduction of 4-NBT to 4-ABT. The authors hypothesized that the presence 

of CTAB increases the number of hot electrons, which induces a higher concentration of 

activated oxygen molecules. In another study, the presence of CTAB as a coadsorbate was 

shown to favor one mechanism of plasmon-driven reaction over another and, as a result, to 

induce product selectivity.[187] These works demonstrate once again that surface ligands not 

only can be impacted by plasmon-driven reactions but also that they are able to influence the 

reactivity of plasmonic surfaces.  

Plasmon-mediated degradation of organic molecules at the surface of plasmonic NPs was 

further demonstrated in the context of the degradation of micropollutants in water by solar 

illumination.[188] Wei et al. first showed that citrate was degraded at the surface of AuNPs under 

plasmon resonance illumination, possibly via hot holes-driven oxidation. The authors also 

designed Janus AuNRs partially coated with silica and investigated the mechanisms underlying 

the degradation of organic molecules at their surface. Multiple effects were revealed: mediation 

of electron transfer, bulk photothermal heating, and localized effects such as higher local 

temperatures and hot electron generation. An earlier study by Huschka et al. had already 

identified hot electrons as responsible for dehybridization under plasmon illumination of 

double-stranded DNA located onto AuNP surface, in temperature conditions well below the 

DNA melting temperature.[189] 

3.5.2. Thermal effects 

Bulk thermal treatments have been shown to enable desorption of thiols[48] or dehybridization 

of double-stranded DNA[189] at AuNP surface. Accordingly, NP-based heating treatments are 

expected to produce similar results. The heating produced by the photothermal effect in metallic 

NPs is the result of the non-radiative decay of SPs, while magnetic materials produce heat by 

relaxation losses due to hysteresis when they are exposed to an alternating magnetic field.[3] In 

both cases, the heat is dissipated from the NP to the surrounding environment, resulting in a 

temperature increase. Locally, the temperatures can reach extremely high values, depending on 

the conditions of the stimuli. Both experiments and simulations reported surface temperatures 

over 100 and even 200°C in the case of plasmonic AuNPs and AuNRs under continuous and 

pulsed laser illumination.[190–193] Incidentally, in liquid environments, local formation of a 
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transient nanobubble may result from this heat generation.[190] The heat generated by the NP 

can therefore damage nearby molecules, such as grafted dyes or drugs, but also the surrounding 

biomolecules. For most proteins, denaturation indeed occurs between 45 and 65°C, and the 

process is found irreversible at high temperatures.[194] Nucleic acid melting temperatures may 

also be easily reached, as demonstrated for plasmon resonance illumination of AuNRs and 

nanoshells, where dehybridization of double-stranded DNA was reported.[189] 

A small number of studies addressed the effect of NP-based heating on the molecules attached 

to the NP surface. Zeng et al. investigated the temperature at the surface of AuNP aggregates 

during photothermal effect.[195] They used photothermal heterodyne imaging to measure the 

absorption cross-sections of the aggregates and then calculate the local temperature rise. For 

single NPs of 80 nm diameter immersed in water and irradiated at 532 nm, the local temperature 

was predicted to reach around 60°C, while 100-250°C was estimated for aggregates of 2 to 12 

NPs. The SERS signal of 4-cyanobenzenethiol ligands was also monitored under laser 

irradiation and was shown to be greatly reduced. According to the authors, this loss in SERS 

intensity may be due to molecular desorption or NP sintering. 

Indeed, some chemical bonds were shown to undergo cleavage upon photothermal heating of 

plasmonic NPs. For instance, thermal instability of the Au-S bond was demonstrated first for 

bulk heating[167] and later for AuNR-generated photothermal effect.[196] Photothermal activation 

of the retro-Diels-Alder reaction was also used to break bonds and trigger the release of 

molecules from NP surfaces.[197–199] Another release strategy was used by Huang et al., who 

embedded a model drug into polyelectrolyte multilayers wrapped around AuNRs.[200] Upon 

laser irradiation, photothermal heating triggered dye release thanks to decomplexation from the 

polymers as well as thermal expansion of the polyelectrolyte layers. 

Lin et al. explored the possibility to trigger either desorption or adsorption of molecules upon 

heating, as suggested by Le Chatelier’s thermodynamic principle for exothermic and 

endothermic reactions, respectively.[201] The authors used two different pairs of protein and 

polyelectrolyte-wrapped AuNRs, which display either endothermic or exothermic 

complexation reactions. They were able to verify experimentally the predictions obtained with 

Le Chatelier’s principle: adsorption of bovine serum albumin (BSA) and desorption of 

lysozyme proteins upon photothermal heating. 
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These two contrasting effects might partly explain the significant variations of the protein 

corona (PC) composition of AuNRs observed by Mahmoudi et al. upon heating.[202] Yet, the 

authors compared conventional bulk heating to photoinduced heating and obtained distinct 

compositions of the PC. They hypothesized that these differences might originate from higher 

localized temperatures at the surface of the plasmonic AuNRs. The same group reported similar 

observations for the PC composition of superparamagnetic zinc ferrite spinel-graphene 

nanostructures and PEGylated AuNRs.[203,204] The latter system highlights that this plasmon 

phenomenon can reach distal regions around the NP, as PC may be affected even in the presence 

of a polymer shell. Conformational changes of proteins adsorbed on AuNRs induced by 

plasmonic heating were also evidenced.[204] Interestingly, the modified PC was found to alter 

the biological behavior of NPs, as cell uptake, cytotoxicity, and ROS production were different 

between laser-irradiated and non-irradiated PC-coated NPs.[203–205] Different observations were 

reported for gold nanoprisms and BSA.[206] The photothermal effect did not induce significant 

changes in the secondary structure of the adsorbed BSA, but Raman spectroscopy revealed a 

small effect on the disposition of residues close to the NP surface. The authors also reported 

that plasmonic heating did not supply enough energy to promote the dissociation of S-S bonds 

in the protein. Conformation modifications caused by plasmon heating were also observed for 

molecules other than proteins. Cheng et al. demonstrated an evolution of thiolated DNA strands 

on AuNR surface from a collapsed geometry to an upright and ordered one upon laser 

illumination.[207] The authors hypothesized that the localized heating enabled to overcome the 

activation barrier. Spatial heterogeneity suggested nonuniform plasmonic heating. 

Several studies focused on the effects of plasmonic heating generated upon nano- to 

femtosecond pulsed laser illumination. Such short excitation was shown to induce a highly local 

and transient temperature increase.[208] Multiple studies used this effect to trigger the release of 

thiolated single- or double-stranded DNA from the AuNP surface.[209–212] Two mechanisms 

were identified, depending on the irradiation conditions: thermal DNA denaturation for low 

pulse energy, and cleavage of the Au-S bond for increased energy. The latter phenomenon was 

hypothesized to originate either from thermolysis of the bond[210] or from hot electron transfer 

resulting from plasmon decay[209,213]. Pulsed laser illumination was also shown to cause 

selective unfolding and inactivation of proteins in the vicinity of AuNPs,[191] as well as 

conformation transition of PEG thiols from a compact helical structure to an elongated form.[214] 
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The effect of magnetic hyperthermia was reported in one study, where the authors designed 

porous IONPs loaded with a drug and coated by a PEG protective shell for triggered delivery 

of chemotherapeutics.[215] Upon exposure to an alternating magnetic field, the high thermal 

energy generated by the superparamagnetic cores allowed to desorb the grafted polymer, 

triggering drug release (Figure 5B). 
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Figure 5. Ligand degradation or desorption under external stimuli. (A) Plasmon-driven 

conversion of 4-NBT to DMAB and degradation/desorption of 4-NBT at the NP surface. The 

graph shows how the 4-NBT reactant amplitude quickly decreases with concurrent growth of 

the product amplitude. At longer times, the reactant peak experiences a continuous decay, while 

the product amplitude remains constant. Adapted with permission from [185] 2016, American 

Chemical Society; (B) Magnetic hyperthermia is used to trigger the release of PEG ligands 

grafted on IONPs, and therefore of the drug encapsulated in the porous cores. Adapted from 

[215]; (C) Ionizing radiations can degrade polymer ligands grafted at the surface of AuNPs. Both 

degrafting processes and external scissions are observed. Adapted from [216]; (D) Laser-induced 

desorption and ionization of ligands are used in combination with mass spectrometry to enable 

characterization of ligand structure and composition. Adapted from [217]. Figure created with 

the help of Biorender.com. 

3.5.3. Effects of ionizing radiations 

Organic molecules and biomolecules in solution can undergo degradations upon exposure to 

ionizing radiations, either by direct action of radiation, interaction with the secondary electrons 

generated, or interaction with reactive species produced by water radiolysis. For instance, 

multiple behaviors were reported for polymers: scission, crosslinking, formation of small 

molecules, and modifications of composition and structure.[218] X-ray irradiation was shown to 

induce the desorption of SAMs composed of alkanethiols on a gold surface and the role of 

secondary electrons was evidenced.[219] Considering the common use of ionizing radiations in 

sterilization procedures,[220] damages induced on ligands may be highly detrimental to the 

properties of NPs intended for medical applications. 

Additionally, metal NPs have demonstrated the ability to increase the toxic effects of the 

ionizing radiations used in cancer radiotherapy treatments, an effect called 

radiosensitization.[2,221] The underlying mechanisms are multiple and involve a combination of 

physical, physicochemical, chemical, and biological processes which are not yet fully 

understood.[222] Large amounts of secondary electrons are involved, and surface-localized 

processes are thought to play a major role, highlighting possible additional effects on ligands 

upon irradiation. For instance, plasmon excitation has been hypothesized as a possible radio-

enhancement mechanism.[223] 
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Le Goas et al. evaluated the effects of ionizing radiations on ligands by using AuNPs stabilized 

by thiol-ended polymer chains.[216] Characterization of the polymer corona before and after 

irradiation by γ rays at different doses revealed two degradation pathways of polymeric ligands: 

degrafting (proximal scissions) or partial shaving of the polymer corona (distal scissions) 

(Figure 5C). The authors hypothesized either a surface catalytic effect or the impact of hot 

electrons produced by plasmon excitation. X-ray irradiation of AuNPs was also reported to 

break DNA strands used as ligands[224] and to generate greater damage in proteins, compared 

to irradiation without NPs.[225] In the case of QDs, high-energy photons (both X-rays and γ rays) 

were shown to accelerate the photocatalytic oxidation of the thiol surface ligands.[226] 

Several studies have also indirectly demonstrated the effect of irradiation on ligand fate, 

showing a lower production of secondary electrons upon X-ray and proton irradiation of 

radiosensitizing ligand-coated NPs compared to naked NPs.[227–229] Gilles et al. observed 

similar trends for the production of free radicals by irradiated PEG-coated AuNPs.[230] The 

authors hypothesized that ligands could trap the secondary electrons initially emitted or the free 

radicals later generated. Lower radiosensitizing efficiencies were indeed obtained in both 

experimental and simulation studies for ligand-coated NPs.[231,232] As we may expect an impact 

of these reactive species on the ligands during the process, these results tend to confirm that 

ionizing radiations can induce the degradation of ligands located on radiosensitizing NPs. 

3.5.4. Effects of UV and visible light 

Apart from high-energy photons, NP surfaces are also often exposed to UV and visible light, 

whether in their environment or for characterization purposes. Even with lower energy, this 

type of radiation can potentially affect the surface ligands of NPs. UV-induced oxidation was, 

for instance, already mentioned in the Chemical degradation section.[82] Another study by 

Borah et al. investigated the photostability of semiconductor metal-oxide NPs (TiO2, ZnO, 

WO3, and CuO) capped with oleylamine or alkyl thiol ligands.[233]
 Fast photodegradation of 

ligands was observed for multiple NP-ligand pairs, under both UV and white light.  

The technique of laser desorption/ionization mass spectrometry (LDI-MS) is another example 

of light-induced ligand degradation. The mechanism consists of irradiating NPs with a laser, 

which energy is absorbed by the NP core, causing ionization and desorption of the surface 

ligands. The technique has been used with both AuNPs and IONPS to provide information on 

ligand composition (Figure 5D).[217,234] 
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The use of light as an environmental trigger for drug delivery has also been reported. For 

instance, Chen et al. designed a light-enabled reversible self-assembly and disassembly system 

based on AuNPs capped with photo-responsive polymer chains.[235] Irradiation with 365- and 

254-nm UV light respectively induced photo-crosslinking and photocleavage of the polymer 

coating. This light-triggered self-assembly and disassembly process was shown to enable dye 

encapsulation and release. 

All these studies reveal that external stimuli (light, magnetic field, ionizing radiations) intended 

to enhance the therapeutic effects of inorganic NPs may also impact the ligands located at their 

surface. Very few studies have directly addressed the subject, while others provide indirect 

proof of a degradation phenomenon. The translation of these effects to biological environments 

should be investigated in the future, as most experiments were performed in non-physiological 

conditions. 

4.  Ligand fate in biological media 

In vivo, nanoparticles are immersed in complex media composed of cells, extracellular vesicles, 

proteins, lipids, ionic species, etc. In this environment, all the mechanisms mentioned in the 

previous sections may modulate ligand chemical structure, integrity, and surface density. 

Surface coatings can be displaced by proteins and lipids or degraded by enzymes or by chemical 

reactions related to pH or redox conditions found, for instance, in tumors’ microenvironment 

or the cytosol of cells. As a consequence, ligand degradation could play a role in determining 

particle pharmacokinetics and efficacy in vivo.  

The quantitative detection of surface ligand alteration in vitro and in vivo is not a trivial issue, 

as it relies on the ability to detect independently the different components of the particulate 

system and to follow their individual and collective fate in a complex biological matrix and/or 

in multiple organs. In such a complex environment, it is even more challenging to identify the 

mechanistic origins of the changes occurring at the surface of the particle. If the characterization 

technique allows it, particles and ligands (attached or free) are preferably quantified directly in 

vivo or ex vivo in the biological matrix. Alternatively, it is often necessary to extract biological 

samples containing particles and ligands and to separate them from other biological fluids and 

tissue components before analysis and quantification. This purification step must be 

quantitative, efficient, and should not affect the integrity of particle components to be analyzed. 
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Most studies focusing on ligand biological fate have used labeling strategies. Fluorescence 

labeling has some handling advantages, but the attachment of a fluorescent dye may greatly 

modify the physicochemical properties of either the particle core or the ligands,[236,237] and 

therefore influence the degradation of the particle. The use of particles with strong optical 

properties such as QDs or AuNPs can circumvent this problem by removing the necessity for 

core-specific labeling. Alternatively, radiolabeling is a technique with a marginal effect on 

physicochemical properties, usually stable, and allowing whole-body imaging and 

quantification. To track the particle core, labeling can be performed by the addition of iron 

isotopes in the case of IONPs[44,238,239] or by post-synthesis neutron activation of gold in the 

case of AuNPs.[45] The organic coating can also be modified, for instance, by incorporating 14C 

in organic ligands[44,239] or by the addition of groups that chelate radioactive elements.[45,134,239] 

However, there is a limited number of laboratories able to perform such labeling on particles 

and their organic ligands, as well as to process and analyze radioactive samples.  

When deciding on a labeling strategy, one should be able to detect intact particle systems as 

well as detached free ligands and partially degraded particles. In other words, one should be 

able to distinguish unambiguously and quantitatively the ligand signal from that of the particle 

core. This is usually done by colocalization of the two signals at the organ level. Detection 

modalities allowing direct correlation between core and ligand signals are scarce. Only Förster 

resonance energy transfer (FRET) and related techniques allow to study the particle coating 

stability in vivo and to determine if ligands are still associated with the core.[240] As the 

efficiency of the energy transfer from donor to acceptor is inversely proportional to the distance 

separating them, if the donor dye is attached to the core and the acceptor dye is bound to the 

surface ligand, the integrity of the NP system can be monitored.[240] 

Finally, laser desorption/ionization mass spectrometry (LDI-MS) has been proposed to 

characterize the surface ligands of inorganic NPs such as AuNPs or QDs in complex 

environments.[28,234,241,242] As already mentioned in the section about external stimuli, LDI 

triggers the desorption and ionization of ligands, allowing a semi-quantitative determination of 

the monolayer composition by MS.[217,234] To our knowledge, LDI-MS is the only label-free 

technique able to evaluate the intracellular fate of ligands on inorganic particles.  

Considering the mentioned technical difficulties for in vivo studies, the stability of surface 

ligands in biological environments has often been investigated using protein-containing media 
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or intracellular environments. So far, in vivo animal studies are very uncommon. Table 2 gives 

an overview of all studies performed in these three different conditions. 

4.1. Protein-containing media 

When injected in biological fluids, particles are exposed to proteins that bind to their surface 

and form a protein corona. As already mentioned, enzymes are able to degrade some 

ligands.[111] Hence, a PC composed of enzymes could potentially cause/accelerate the 

degradation of surface ligands. The role of the PC on the degradation of ligands at the surface 

of NPs was directly demonstrated by Portilla et al.[243] The authors identified several enzymes, 

including 20% of hydrolases, in the PC of dextran-coated IONPs exposed to FBS. The 

degradation of different organic ligands was monitored by IR spectroscopy following 24h-

exposure to 10% FBS. The presence of FBS in the incubation medium greatly accelerated the 

degradation of the coatings, especially dextran. 

4.2. Intracellular environments 

When exposed to in vivo conditions, NPs often undergo cell uptake and intracellular trafficking 

in endosomes and lysosomes. These intracellular vesicles expose endocytosed materials to 

enzymatic, pH, and redox conditions, which can greatly affect ligand stability and particle 

integrity. This can in turn impact the intracellular fate of particles, such as their degradation and 

endosomal escape, as well as their efficacy. For instance, the nature of the ligands, and therefore 

their stability, was shown to be the determining factor for the endosomal degradation rate of 

IONPs.[244] Lunov et al. also reported the intracellular degradation of a fluorescently labeled 

carboxydextran coating of IONPs.[106] Internalization of carboxydextran-IONPs in 

macrophages induced a decrease in the intracellular fluorescence signal from the ligand over 

time, while iron contents in cellular vesicles remained unchanged. This result, along with DLS 

showing a decreased diameter from cells-recovered IONPs, indicated degradation of the 

carboxydextran coating in macrophage vesicles. Subcellular localization by fluorescence 

microscopy showed that IONPs were confined to lysosomes containing α-glucosidase (an 

enzyme for which dextran is a substrate), suggesting that coating loss was mainly due to 

enzymatic degradation.[106] 

Likewise, the intracellular fate of inorganic nanoparticles composed of an Eu- and Bi-doped 

gadolinium core and an organic coating of polyacrylic acid (PAA) was explored in cultured 
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cells.[245] Cores were detected by elemental analysis while the surface coating was labeled by 

fluorescein amine (FA) and detected by fluorescence. NP cores were shown to be remodeled 

from cubic to rounded shapes by the acidic conditions in the late endosome/lysosome. 

Additionally, cytometry data suggested that FA-labeled PAA coatings were enzymatically 

degraded inside endosomal/lysosomal compartments and that polymer fragments were 

exocytosed at a faster rate than cores. However, the results were strictly qualitative as the 

authors were unable to quantify these effects.[245] 

Fluorophore quenching was alternatively proposed to assess ligand stability during cell uptake 

and intracellular processing of QDs.[246] Red fluorescent QDs were surface-modified with a 

polymer coating labeled with 5-carboxyfluorescein, which fluorescence emission was 

quenched by proximity to the QD core. The authors concluded that polymer ligands dissociated 

from the core in lysosomes as the polymer-associated fluorescence was emerging.[246] Similarly, 

Sée et al. studied the fate of AuNPs conjugated with fluorescent peptides after cell uptake.[113] 

Initially quenched by the NP core, the intracellular fluorescence increased over time, indicating 

the release of the fluorophore. Complementary experiments performed with various inhibitors 

suggested that the peptides were degraded inside the endosomes by enzymes such as the 

protease cathepsin L. The authors estimated that more than a third of the human proteome could 

be cleaved by this enzyme, which could be an issue for active targeting strategies. 

The stability of QDs organic coating during intracellular trafficking was also studied with a 

triple-labeled NP system.[247] To better understand the fate of NPs, the authors designed QDs 

with a fluorescently-labeled polymer coating (dodecylamine-modified PMA) and an adsorbed 

(or covalently crosslinked) layer of fluorescently-labeled HSA. Upon incubation with cells, 

both adsorbed and crosslinked HSA were transported by NPs into cells and retained inside 

endosomes and lysosomes for a longer time compared to free HSA. The polymer coating was 

degraded intracellularly, and QDs were found to be exocytosed faster than polymer fragments. 

Crosslinking of the polymer coating was also shown to enhance the stability of the assembly. 

The authors concluded that polymer degradation was slower than the exchange/desorption of 

adsorbed HSA.[247] 

Besides hydrophilic polymer ligands, targeting antibodies immobilized on AuNPs can also be 

detached during cell internalization.[135] The authors used the luminescence properties of 5 nm 

AuNPs to study the intracellular trafficking and fate of AuNPs functionalized with both 5kDa 
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PEG ligands and fluorescently-labeled epidermal growth factor receptor (EGFR)-targeting 

antibody. Both PEG and antibody ligands were attached via gold-thiol chemistry. Inside the 

cells, the coating detached from the core resulting in the formation of particle clusters with a 

strong luminescence signal inside the endosomes, as detected by two-photon microscopy. 

Additionally, the authors revealed a spatial separation of gold cores and fluorescent-labeled 

antibody coating, confirming the detachment of the targeting ligand from the core during 

vesicular transport. In vitro results suggested the possible involvement of ligand exchange with 

intracellular GSH for the release of antibodies from the gold cores.[135] Such a mechanism could 

also be involved in the observed NP aggregation, as ligand exchange decreases PEG surface 

density and may trigger colloidal instability as a result. Noteworthy, excess GSH could also 

reduce disulfide bonds maintaining the tertiary structure of the antibody. 

The involvement of the intracellular redox state on ligand stability was also demonstrated by 

Hong et al.[131] The thiolated dye attached to AuNPs was shown to be released from the NP 

surface after cell internalization. Moreover, the dye release seemed to be dependent on the 

intracellular concentration of GSH, suggesting ligand exchange between thiolated entities.  

The role of enzymatic and redox states was further investigated by Rosi et al.[248] In their study, 

mono- or tetrathiol antisense oligonucleotides were attached to the AuNP surface. 

Oligonucleotides were labeled with both Cy3 dye near the anchor and Cy5.5 dye attached to 

the end of the strand. Fluorescence of the two dyes was monitored upon NP cell uptake, as 

fluorescence intensity was dependent on ligand release from the quenching gold core. 

Intracellular nucleases were found responsible for Cy5.5 increased emission. On the other hand, 

Cy3 intensity remained low, even at high GSH concentration, suggesting high resistance of the 

system to thiol ligand exchange for both mono- and tetrathiol anchoring groups. 

Since the fluorescence lifetime of luminescent NPs depends on their surface coating and 

structural integrity, it was proposed to monitor the ligand stability of QDs and AuNPs after cell 

uptake.[249] Compared to fluorescence intensity, lifetime is not affected by exocytosis or cell 

division. The observed changes in QD fluorescence lifetime were attributed to ligand exchange 

with biomolecules and subsequent acidic degradation of the cores in lysosomes. Different 

behaviors were reported for different ligands, thus demonstrating variations in the ability of 

ligands to protect the cores. Of note, AuNPs coated with the same ligands were much more 

stable than QDs, underscoring the importance of the strength of core-ligand attachment for 
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intracellular stability. This aspect was also highlighted in a study comparing regular AuNPs 

with AuNPs covered by a thin layer of platinum (Au@Pt NPs).[173] Single-stranded DNA dual-

modified with thiol and fluorophore (Cy3) were attached to both types of NPs. Both 

nanosystems resisted well degradation by DNAse in physiological concentrations, while 

exposure to biothiols (GSH and cysteine) correlated with the release of the DNA strands from 

AuNPs but not from Au@Pt NPs. Similar behaviors were obtained intracellularly. Only the 

addition of a thiol scavenger prevented DNA release from AuNPs, which confirmed that 

biothiols were responsible for the release. Pt-S bond was found to be much more resistant than 

Au-S to exchange with biothiols. 

To date, LDI-MS is the only label-free technique able to evaluate the intracellular fate of ligands 

on inorganic particles. Initially developed to characterize the thiolated monolayer of AuNPs 

post-synthesis,[234] the same approach was successfully applied to follow the intracellular 

stability of QD thiolated monolayers in cells.[241] A combination of LDI-MS and inductively 

coupled plasma mass spectrometry (ICP-MS) enabled a measurement of the ligands released 

from cell-uptaken AuNPs, and thus an evaluation of their intracellular stability.[242] 

These studies demonstrate that endocytosed NPs can be transformed during their journey across 

the cell vesicular system. This implies that in case of subsequent exocytosis, NPs could be found 

again in circulation with altered properties, which could lead to changes in pharmacokinetics 

and undesired biopharmaceutical outcomes. Such a phenomenon can also have a major impact 

in the context of cancer treatment, as Sindhwani et al. recently showed that the vast majority of 

NPs enter the tumoral environment via active transendothelial trafficking rather than via passive 

extravasation through tumor vessel pores, as previously thought.[250] If NP uptake by endothelial 

cells leads to a certain level of ligand degradation before their delivery to the tumor 

microenvironment, it could have deleterious effects on the NP efficacy, especially on tumor-

targeting capabilities. 

4.3. In vivo studies 

Ferumoxtran-10 is a representative example of stability issues in biological media faced by 

inorganic NPs modified with organic ligands. Ferumoxtran is an NMR contrast agent with a 

diameter of 30 nm, composed of an iron oxide core coated with adsorbed low molecular weight 

dextran.[251] The blood half-life of this NP varies from 1 to 24-36 hours and is dependent on 

both the surface coating and the size of NPs. Once taken up by macrophage cells, the IONPs 
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are degraded in the lysosomes. The dextran coatings are enzymatically degraded by intracellular 

dextranases, as demonstrated by Lunov et al.,[106] and their degradations products are excreted 

in the urine. The toxicity issues of IONPs (many products have been withdrawn from the 

market)[252] are related to the release of ionic forms of Fe causing oxidative damage. Improved 

coating stability in vivo could help prevent the exposition of catalytic surface sites, the release 

of Fe ions, and oxidative damage.[251] As the example of IONPs shows, there is a direct 

relationship between performance and ligand stability.  

However, as mentioned above, in vivo investigation of ligand stability is associated with several 

technical issues, hence the low number of in vivo studies. Kreyling et al. designed radiolabeled 

5 nm gold cores (198Au) functionalized with a 111In-labeled polymer coating.[45] Upon 

intravenous injection into rats, the biodistribution of 198Au and 111In revealed partial stripping 

of the polymer coating. Indeed, gold cores appeared to accumulate mostly in the liver while 

part of the 111In signal displayed a biodistribution similar to intravenously injected chelated 

111In alone. Complementary in vitro experiments suggested that degradation of the polymer 

shell was caused by proteolytic enzymes in the liver. 

Silva et al. described similar experiments with AuNPs surface-modified with an organic coating 

attached to the NP core by Au-S bonds and crosslinked with disulfide bonds.[134] An interesting 

feature of this coating is its ability to complex 99mTc. In vivo experiments in mice demonstrated 

that the release of 99mTc was due to the coating detachment from the NP. In vitro data suggested 

that GSH level in mice blood could be responsible for coating shedding through ligand 

exchange and/or cleavage of disulfide bonds. 

Wang et al. also used radiolabeling to investigate the ligand stability of IONPs stabilized by 

oleic acid and phospholipids.[239] Cores were radiolabeled with 59Fe, while oleic acid and 

phospholipid surface ligands were respectively labeled with 14C and chelated with 111In. 

Biodistribution experiments in mice showed that 111In is preferentially localized in organs rich 

in phagocytic cells such as the liver, spleen, and bones. Compared to 111In, higher levels of 59Fe 

were reported in the liver and spleen, suggesting some core-phospholipid shell dissociation. 

Very low levels of 14C were reported in these organs, evidencing an extensive dissociation of 

the oleic acid component from the iron oxide core. The in vivo instability of oleic acid coating 

on IONPs labeled with 59Fe had been previously established by Freund et al.[44] 
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Elci et al. proposed to follow and correlate the core and shell of NPs in organs by combining 

two techniques initially developed to characterize ligands post-synthesis or after cell 

uptake.[234,241,242] Laser ablation inductively-coupled plasma mass spectrometry (LA-ICP-MS) 

imaging was used to detect the gold NP core, while LDI-MS imaging was used to detect the 

distribution of ligands, including those still bound to the NP core.[28] AuNPs functionalized with 

monolayers of different surface ligands were injected in mice. After collection of organs and 

cryo-sectioning, imaging was performed and analyzed for core and coating signals 

colocalization. It was determined that the chemical stability of the particle coating was 

significantly different in the liver and spleen. Complete degradation of the coating was observed 

in the liver after 24h, where only the signal from the NP core was recovered. This is in contrast 

with in vitro assays performed with hepatocytes, which showed better stability of the NP 

coating. The difference may originate from the more complex environment encountered by NPs 

in vivo, which includes macrophages and liver sinusoidal endothelial cells as well as flow. In 

the spleen, ligands were more stable but showed marked differences in stability depending on 

the location within the organ. This study underlines the importance of in vivo stability studies, 

as in vitro assays were found to poorly predict in vivo results.[28] Even though the spatial 

resolution of the imaging technique allowed to correlate the core and ligand signals at the sub-

organ level, it is still unclear if ligands remained associated with the core. 

In a similar approach, AuNPs coated with PEG were intravenously injected in rats and mice.[253] 

After organ collection, cryosections of the liver, spleen, and kidney were examined by 

synchrotron X-ray fluorescence (XRF) and synchrotron Fourier-transform infrared 

spectroscopy (FTIR) to image the gold core and the PEG ligands, respectively. The authors 

observed that gold (in rats) and PEG (in mice) presented similar distribution patterns in sub-

organ regions, suggesting stability of PEGylation on AuNPs. However, it is worth mentioning 

that the experiments were conducted on two different species (XRF on rats and FTIR on mice) 

and that the resolution of the imaging modalities could once again not entirely confirm PEG 

attachment to the gold cores. 

Finally, an example illustrating the potential of FRET to investigate ligand stability in vivo was 

given by Yang et al.[254] The stability of QDs coated with polymer ligands complexed with Cy3-

labeled human serum albumin (HSA) was followed in vitro, in vivo, and ex vivo. The NP was 

used as a FRET sensor as the HSA-associated Cy3 signal was emitted upon excitation of QDs 

at a specific wavelength, allowing to report the association of the protein with the QDs. In vivo 
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imaging study was conducted in human breast tumor-carrying mice. QDs were injected via the 

tail vein, and FRET imaging was performed on live animal. Good stability of the nanosystems 

was demonstrated. This study illustrates that FRET can be used to monitor ligand stability in 

vivo. 

As revealed in this section, in vivo monitoring of ligand stability is currently under-investigated, 

partly because of technical issues, such as the isolation of particle components from the 

biological milieu, the need to tag each component, and the difficulty to distinguish between 

intact and degraded objects. This last challenge could be solved by implementing techniques 

such as FRET, yet having in mind the inherent limitation of fluorescence signal quantification 

in tissues due to limited signal penetration depth, quenching, and limited resolution of 

fluorescence imaging.[240] 

Of note, almost all the in vivo studies reported here demonstrated ligand instability, but few of 

them identified the mechanisms involved, which were always inferred from in vitro results. One 

additional limitation is that these studies tested only one mechanism of degradation out of the 

few possible ones, which mitigates the significance of the conclusions. Indeed, several 

mechanisms are expected to be simultaneously at play in vivo.  
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Table 2. Ligand fate in biological media: in vivo-simulated conditions, intracellular, and in vivo measurements 

Core Ligands Detection technique Conditions Outcomes 

Hypothesized 

mechanism 

of 

degradation 

Reference 

Protein-containing media 

IONPs PMA Ligands: fluorescence labeling Incubation with different 

enzymes and enzyme mixtures 

Effect of enzymes on ligand 

stability 

Enzymatic 

degradation 

[111] 

IONPs Various ligands FTIR analysis Incubation in FBS Ligand degradation in FBS for 

various ligands 

Enzymatic 

degradation 

[243] 

Intracellular environments 

IONPs Lipids, dextran, carboxydextran, citrate Core: Colorimetric detection of 

released Fe3+ 

Cell uptake (C17.2 cells and 

PC-2 cells) 

Role of ligands on the 

intracellular core stability 

Unidentified [244] 

IONPs Carboxydextran Ligands: fluorescence labeling with 

Oyster550 

Core: Fe spectroscopic dosage 

Cell uptake (macrophages) Enzymatic degradation of 

ligands in macrophage 

vesicles (lysosomes) 

Enzymatic 

degradation 

[106] 

Rare-earth 

NPs 

Polyacrylic acid (PAA) Ligands: fluorescence labeling with 

fluorescein amine 

Cell uptake (HeLa cells) Enzymatic degradation of 

ligands in 

endosome/lysosomal vesicles 

Enzymatic 

degradation 

[245] 

QDs PEG Ligands: fluorescence labeling with 

5-carboxyfluorescein (signal 

quenched when attached to QD core) 

Cell uptake (PC-3 cells) Dissociation of ligands in 

lysosomes 

Unidentified [246] 

AuNPs Peptides Ligands: fluorescence labeling with 

fluorescein (signal quenched when 

attached to Au core) 

Cell uptake (HeLa cells) Enzymatic degradation of 

ligands in endosome vesicles 

Enzymatic 

degradation 

[113] 

QDs PMA + adsorbed or covalently linked HSA Polymer: fluorescence labeling with 

ATTO488 

HSA: fluorescence labeling with Cy7 

Cell uptake (HeLa cells) Enzymatic degradation and 

exocytosis of polymer ligands 

Rapid exchange and 

desorption of HSA 

Enzymatic 

degradation 

[247] 
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AuNPs PEG and EGFR-targeting antibodies (dithiol 

linker) 

Ligand: fluorescence labeling with 

AF647 

Two-photon microscopy and FLIM 

were used 

Cell uptake (A431 cells) Intracellular detachment of 

ligands leading to core 

clusters 

Ligand 

exchange 

with biothiols 

+ Enzymatic 

degradation 

[135] 

QDs Various thiolated ligands Ligands: LDI-MS on cell extract 

Core: ICP-MS 

Cell extract after uptake 

(HeLa cells) 

Semi-quantitative 

determination of ligand 

composition after cell uptake 

Ligand 

exchange 

with GSH 

[241] 

AuNPs Various thiolated ligands Ligands: LDI-MS on cell extract  

Core: ICP-MS 

Cell extract after uptake 

(HeLa cells) 

Semi-quantitative 

determination of ligand 

composition after cell uptake 

Ligand 

exchange 

with GSH 

[242] 

QDs & gold 

nanoclusters 

Thiolated ligands (covalent binding) and 

PEG-amine (hydrophobic interactions) 

Measure of the fluorescence lifetime 

of cores as an indicator of ligand 

stability 

Cell uptake (HeLa cells) Semi-quantitative 

determination of ligand 

stability after cell uptake 

Ligand 

exchange 

with biothiols 

[249] 

In vivo studies 

AuNPs Amphiphilic polymer: poly(isobutylene-alt-

maleic anhydride)-graft-dodecyl  

Ligands: radioactive labeling with 
111In  

Core: radioactive labeling with 198Au  

In vivo rat experiments (i.v. 

injection) 

Core accumulation in the liver 

Excretion of polymer ligands 

by kidney 

Enzymatic 

degradation 

[45] 

AuNPs Thiolated DTPA derivative Ligands: radioactive labeling with 
99mTc complexed in the crosslinked 

shell 

In vivo mouse experiments 

(i.v. injection) 

GSH-promoted ligand 

shedding followed by 99mTc 

release 

Ligand 

exchange 

with biothiols 

or S-S bond 

cleavage 

[134] 

AuNPs Different ligands composed of a mono- or 

dithiol anchoring group, a hydrophobic 

alkane segment, a tetra(ethylene glycol) 

segment, and a variable head group 

Ligand: LDI-MS  

Core: LA-ICP-MS 

In vivo mouse experiments: 

(i.v. injection and ex vivo 

imaging of liver and spleen) 

Complete degradation of 

ligands in the liver 

Differences in ligand stability 

in different locations of the 

spleen 

Ligand 

exchange 

with biothiols 

[28] 

IONPs Oleic acid and phospholipids Oleic acid: radioactive labeling with 
14C  

Phospholipids: radioactive labeling 

with chelated 111In  

Core: radioactive labeling with 59Fe 

 

In vivo mouse experiments 

(i.v. injection) 

Partial dissociation of 

phospholipids in liver and 

spleen 

Complete stripping of oleic 

acid from the core 

Unidentified [239] 
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IONPs  Oleic acid Ligand: radioactive labeling with 14C  

Core: radioactive labeling with 59Fe 

 

In vivo mouse experiments 

(i.v. injection) 

Complete stripping of oleic 

acid from the core 

Unidentified [44] 

AuNPs PEG Ligand: synchrotron FTIR 

Core: synchrotron X-ray 

fluorescence (XRF) 

In vivo rat and mouse 

experiments (i.v. injection and 

ex vivo imaging of liver, 

spleen, and kidney) 

Sub-organ colocalization of 

ligand and core signals 

NA (stable 

ligands) 

[253] 

QDs (Poly(diethylenetriamine-dihydrolipoic 

acid-L-glutamate) complexed with HSA 

HSA: fluorescence labeling with Cy3 

(FRET acceptor) 

Core: 525 nm emitting QDs (FRET 

donor) 

In vitro (HeLa cells) and in 

vivo mouse experiments (i.v. 

injection) 

Stable nanosystems NA (stable 

ligands) 

[254] 
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5. Conclusion and perspectives 

 

In this review, multiple mechanisms are shown to alter the surface ligands of inorganic NPs 

intended for biomedical applications, both during their shelf-life and upon their intended use in 

biological environments. Considering that ligands govern the interactions of NPs with their 

environment and that they are frequently used to graft targeting agents or drugs, their 

degradation may greatly impact the NP properties and efficacy. Characterization of ligand 

degradation phenomena is therefore key to improving our understanding of the biological 

behavior of nanomedicines. 

The relatively small number of studies focusing on ligand stability emphasizes the critical need 

to develop this field of research, to answer both fundamental questions and considerations for 

clinical applications. The nature and strength of ligand-NP bonds are, for instance, poorly 

understood, and recent reports point towards the key role of the local chemical environment.[255–

257] Storage stability studies are also lacking, although they are necessary for clinical translation. 

Reports of post-synthesis spontaneous mechanisms further highlight the need to carry out such 

studies, with specific attention to the surface coating. Finally, investigations performed under 

conditions more representative of biological systems are required. Indeed, as already 

mentioned, intracellular and in vivo studies are scarce. Moreover, some degradation pathways, 

such as chemical ones and the ones occurring under external stimuli, have only been reported 

in fundamental studies or in the context of other research fields. As a result, direct application 

of these results to nanomedicine is limited, and future work should strive to tackle these 

questions. 

We have already pointed out the underlying issue of the difficult characterization of surface 

ligands in situ, especially in vivo. Innovative techniques suitable for such in situ analysis are 

thus needed and should become a common goal for the nanomedicine community. The 

development of refined in vitro models with improved representativeness of biological systems 

is also essential, as they constitute an easier and viable alternative to in vivo studies in the short 

term. The expanding skills in microfluidics and 3D cell culture have, for instance, allowed to 

develop organs-on-chips that better mimic the complexity and dynamic features of biological 

environments and that are more compatible with classical characterization techniques.[258] 
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The ligand instability evidenced by the few in vivo studies reported so far also highlights the 

inherent risks of complex nanosystems combining multiple functionalities. Such designs are 

already challenging to properly characterize post-synthesis, and their potential degradation into 

multiple individual components further complicates the monitoring of their fate in vivo. The 

multiplication of components also increases the likelihood of instability and hinders the 

understanding of NP behavior. Ultimately, this compromises the efficacy of NPs and hampers 

their clinical translation. Consequently, it is legitimate to question the trend towards complex 

applications we have witnessed in nanomedicine literature this past decade. The relatively low 

number of nanomedicines on the market further advocates for more simplicity in NP design.[259] 

The investigation of ligand (in)stability finally raises the question of the consequences of such 

instability. We already mentioned the reduced colloidal stability, the altered properties of the 

NP, the degradation of a drug, and the loss of targeting effects, all of which may modify the NP 

pharmacokinetics and efficacy. Ligand degradation may also create some heterogeneity in the 

NP population, which hampers the prediction of their behavior.[260] Furthermore, toxicity may 

arise from the degraded products. For instance, ligand degradation was shown to increase the 

toxicity of IONPs due to surface reconstruction of the cores,[261] while AuNRs covered with 

unstable ligands disrupted the cell membrane integrity, which generated cytotoxicity and 

inflammatory responses.[262] However, instability can also be seen as a positive feature, 

promoting biodegradation and elimination. The persistence of nanomaterials in vivo may indeed 

cause problems in the long term.[263] Overall, we believe that a better understanding of the ligand 

degradation phenomena will be necessary to rationally design NPs with adequate and tunable 

(in)stability. This improved knowledge will eventually favor the development of clinically 

sound approaches. 
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