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Résumé 

Caractériser la fonction des protéines est crucial pour notre compréhension des mécanismes 

moléculaires de la vie, des maladies, et aussi pour inspirer de nouvelles applications en 

bionanotechnologie. Pour y arriver, il est nécessaire de caractériser la structure et la dynamique 

de chaque état occupé par la protéine durant sa fonction. La caractérisation expérimentale des 

états transitoires des protéines représente encore un défi majeur parce que les techniques à 

haute résolution structurelle, telles que la spectroscopie RMN et la cristallographie aux rayons X, 

peuvent difficilement être appliquées à l’étude des états de courte durée. De plus, les techniques 

à haute résolution temporelle, telles que la spectroscopie de fluorescence, nécessitent 

généralement une chimie complexe pour introduire des fluorophores à des endroits spécifiques 

dans la protéine.  

Dans cette thèse nous introduisons l’utilisation des nanoantennes fluorescentes en tant que 

nouvelle stratégie pour détecter et signaler les changements de conformation des protéines via 

des interactions non covalentes entre des fluorophores spécifiques et la surface de la protéine. 

En utilisant des expériences et des simulations moléculaires, nous démontrons que des 

fluorophores chimiquement divers peuvent se lier et être utilisés pour sonder différentes régions 

d’une enzyme modèle, la phosphatase alcaline (PA). Ces nanoantennes peuvent être fixées 

directement aux protéines ou utilisées à l'aide du système de fixation simple et modulaire, le 

complexe biotine-streptavidine (SA), qui permet un criblage rapide et efficace de la nanoantenne 

optimale tant dans sa composition que sa longueur. Dans le cas de la PA, nous montrons que nos 

nanoantennes permettent la détection et la caractérisation des conformations distinctes incluant 

les changements conformationnels nanoscopiques produisant durant la catalyse du substrat. 

Nous démontrons également que les signaux fluorescents émis par la nanoantenne peuvent 

également permettre de caractériser la cinétique enzymatique d’une protéine en une seule 

expérience tout en incluant la détermination des paramètres « Michaelis-Menten » de ses 

substrats et inhibiteurs.  
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Nous avons également exploré l'universalité de la stratégie ces nanoantennes fluorescentes en 

utilisant une autre protéine modèle, la Protéine G et son interaction avec les anticorps, et avons 

démontré son utilité pour mettre au point un essai permettant de détecter les anticorps. Ces 

nanoantennes simples et faciles à utiliser peuvent être appliquées pour détecter et analyser les 

changements conformationnels de toutes tailles et nos résultats suggèrent qu'elles pourraient 

être utilisées pour caractériser n’importe quel type de fonction. 

Mots-clés : fonction des protéines, cinétique des enzymes, interaction protéine-protéine, 

nanotechnologie de l’ADN, nanoantenne, spectroscopie fluorescence, phosphatase alcaline, 

biotine-streptavidine, Protéine G, inhibiteur enzymatique, biosenseur 
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Abstract 

The characterisation of protein function is crucial to understanding the molecular mechanisms of 

life and disease, and inspires new applications in bionanotechnology. To do so, it is necessary to 

characterise the structure and dynamics of each state that proteins adopt during their function. 

Experimental study of protein transient states, however, remains a major challenge because high-

structural-resolution techniques, including NMR spectroscopy and X-ray crystallography, can 

often not be directly applied to study short-lived protein states. On the other hand, high-

temporal-resolution techniques, such as fluorescence spectroscopy, typically require complicated 

site-specific labelling chemistry.  

This thesis introduces the use of fluorescent nanoantennas as a new strategy for sensing and 

reporting on protein conformational changes through noncovalent dye-protein interactions 

driven by a high local concentration. Using experiments and molecular simulations, we first 

demonstrate that chemically diverse dyes can bind and be used to probe different regions of a 

model enzyme, intestinal alkaline phosphatase (AP). These nanoantennas can be attached directly 

to proteins or employed using the simple and modular biotin-streptavidin (SA) attachment 

system, which enables rapid and efficient screening for high sensitivity by tuning their length and 

composition. We show that these nanoantennas enable the detection and characterisation of 

distinct conformational changes of AP, including nanoscale conformational changes that occur 

during substrate catalysis. We also show that the fluorescent signal emitted by the nanoantenna 

enables complete characterisation of enzyme kinetics in one experiment, including determination 

of Michaelis-Menten parameters of substrates and inhibitors of AP. 

We then explored the universality of the nanoantenna strategy by using a different model protein 

system. Protein G  was shown to interact with antibodies, using a rapid screening strategy for 

antibody detection. These effective and easy-to-use nanoantennas could potentially be employed 

to monitor various conformational changes, and our results offer potential for characterising 

various protein functions.  
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Chapter 1 – Introduction 

1.1 Proteins 

Proteins play central roles in life and disease. They are mostly made from amino acids. 

These consist of a carbon atom bonded to an amino group, a carboxyl group, a proton, and the 

part that distinguishes one amino acid from another, a side chain (or R group). There are 20 

encoded amino acids, typically grouped as those with nonpolar aliphatic R groups (alanine, valine, 

leucine, isoleucine, glycine, methionine and proline), aromatic R groups (phenylalanine, 

tryptophan and tyrosine), polar uncharged R groups (serine, threonine, cysteine, asparagine and 

glutamine), positively charged R groups (lysine, arginine and histidine), and negatively charged R 

groups (aspartic acid and glutamic acid).1 Others can be added during protein synthesis, such as 

selenocysteine,2 as well as by other post-translational modifications. Two or more covalently 

attached amino acids is called a peptide.1 In addition to their biological role in the formation of 

proteins, some small synthetic peptides display medicinal properties, such as reduction of 

inflammation.3, 4 A chain composed of many amino acids attached together is called a 

polypeptide, and the threshold between a polypeptide and a heavier protein is around ~10,000 

g/mol (10 kDa).1 Proteins can also contain other components, such as lipids, sugars, and metals, 

which are found in lipoproteins, glycoproteins, and metalloproteins, respectively.1 

The different functions of proteins are not only derived from their amino acid sequence 

and other components, but also from their three-dimensional structure.1 By convention, this 

structure is defined in a hierarchy of four levels. The primary structure of a protein is the order of 

covalent bonds therein, mostly the peptide bonds but also disulfide bonds (Figure 1.1a).1 

Recurring patterns of the peptide chain that form stable structures within proteins are the 

secondary structure. These include α-helices, β-sheets, β-turns, and others (Figure 1.1b).1 Next is 

the tertiary structure, which describes the three-dimensional (3D) folding of the protein (Figure 

1.1c).1 Finally, there is quaternary structure, which is applicable when the protein has multiple 

subunits, such as a dimer with two subunits, trimer with three subunits, and so on (Figure 1.1d).1 
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Two identical subunits form a homodimeric structure, whereas two different subunits form a 

heterodimeric structure. 

 

  

Figure 1.1. –  Protein Structure. The crystal structure of bacterial alkaline phosphatase from 

Escherichia coli is shown as an example (PDB: 1ALK)5. a) The primary structure is the amino 

acid sequence (UniProtKB: P00634). b) As an example of the secondary structure, an α-helix 

is shown in red with the rest of the monomer in blue. c) The tertiary structure is the entire 3D 

structure of the monomer. d) The quaternary structure is the AP homodimer, with each unit 

shown in red and blue. The images were generated from the PDB ID listed above.  
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There are many types of proteins exhibiting a plethora of distinct functions. Some common 

examples include the strong and flexible fibrous proteins (e.g., α-keratins in horns and collagen in 

muscle),1 as well as the more compact globular proteins, such as transport proteins (e.g., Na+/K+-

ATPase that acts as a sodium-potassium pump across membranes; it is also an enzyme),6 motor 

proteins (e.g., myosin involved in muscle contraction),7 regulatory proteins (e.g., ubiquitin that 

can alter another protein’s function),8 antibodies or immunoglobulins that bind to a specific 

antigen (e.g., targeting a virus),9 and enzymes that catalyse a chemical reaction (e.g., alkaline 

phosphatase that catalyses the removal of phosphates from various molecules).10 Many proteins 

are involved in reversible interactions at a specific binding site with another molecule, called a 

ligand. Importantly, proteins do not consist of static 3D structures, as proposed in the initial lock 

and key model (more on this below), but instead can experience different conformations that do 

not require the breaking of covalent bonds.1 There has been debate about these conformational 

changes, whereby two general models have been proposed. In the induced fit model, the ligand 

first binds to the protein, and subsequently the protein undergoes a conformational change. In 

the conformational selection model, however, the protein is in an equilibrium of various 

conformations, one of which can bind the ligand.11 Overall, it is the conformational changes of 

proteins enable their function to occur.1 

 

1.2 Enzymes 

Catalysis – or the speeding up – of a chemical reaction is crucial to life. Many reactions are 

thermodynamically favourable, but they are very slow. Enzymes are proteins that catalyse specific 

reactions to enable the functioning of a living organism.1 Note that while enzymes do speed up a 

reaction, meaning that equilibrium is reached more quickly, they do not affect the equilibrium of 

the reactants and products. The study of enzymes, enzymology, is not only crucial to 

understanding the underlying mechanisms of life,12 but also to study diseases,13 to develop new 

forms of biotechnology,14 and to make molecular nanomachines.15 The binding of a substrate (or 

substrates), i.e., the ligand for an enzyme, at an enzyme’s active site enables its (their) 

transformation to a product (products). This chemical transformation can involve the enzyme’s 
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amino acid residues, as well as additional components such as metallic or organic cofactors.1 

Some enzymes display group specificity, such as alkaline phosphatase (AP), which can remove the 

phosphate group from various substrates. Other enzymes display high specificity, such as glucose 

oxidase with its substrate, β-D-glucose.16 

How does an enzyme function? Under biological conditions, crucial reactions often do not 

readily occur in a reasonable amount of time. This is because the required molecules are not 

present as unstable charged intermediates and they do not frequently collide in the correct 

orientation to mediate a reaction. As biological catalysts, enzymes make these reactions happen 

faster. It was first proposed by Fisher in 1894 that a substrate with a correct size and shape fits 

into a static active site in an analogous manner to a key fitting into a keyhole. However, it was 

later determined that enzymes are flexible molecules, which led to Koshland asserting the 

induced-fit model in 1958, whereby an enzyme changes its shape to mediate substrate binding 

and stabilisation of the transition state.1, 16 Recently, it has been proposed that both forms coexist 

to help enable catalysis, whereby the flexible form as proposed by Koshland has weak affinity for 

the substrate while the stiff form as proposed by Fisher has a strong affinity for the transition 

state to prevent irreversible binding of the substrate.17 Generally, upon binding at the active site, 

the amino acid side chains and/or cofactors, as stabilised by the rest of the enzyme, provide a 

chemical environment that is more amenable to the reaction. In other words, binding at the active 

site drastically lowers the activation energy required for the substrate to form a transition state, 

whereupon it has an equally likely chance of decaying back to the enzyme-bound substrate or 

forward to the enzyme-bound product.1, 16 

Recent work has further added to the understanding of enzyme catalysis. AP, for example, 

has structurally similar ground states (i.e., substrate- and product-bound states) and transition 

state. Despite this, AP provides enormous transition state stability to facilitate the reaction, 

whereas the ground state stability is much weaker (1022-fold). By removing the anionic active site 

by substitution of a crucial serine residue with glycine or alanine, it was shown that ground state 

stability increased but no structural rearrangement occurred. Thus, the results revealed that the 

serine residue enables ground state electrostatic destabilisation that hinders substrate saturation 

and product inhibition while also partially contributing to the enhancement of the catalytic 
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reaction. Similar effects were observed with a tyrosine phosphatase, suggesting that ground state 

destabilisation could be a general phosphatase strategy.18 

The steps of an enzymatic reaction are as follows: the enzyme and unbound substrate  

(E + S), the enzyme-substrate intermediate (ES), the unstable transition state (ES‡), the enzyme-

product intermediate (EP), and finally, the enzyme and released product (E + P). This process is 

visualised in Figure 1.2.1, 19 Each type of enzyme catalyses a specific reaction for a molecule or a 

category of molecules. 

 

 

Figure 1.2. –  Enzymatic reactions. For an uncatalysed reaction (dashed line), the activation 

energy to reach the transition state is high. In contrast, binding of a substrate to an enzyme 

lowers the activation energy for the reaction to proceed. Figure made by Thomas Shafee and 

reproduced in accordance with the Creative Commons Attribution 4.0 International license.  

 

Michaelis-Menten kinetics provides a mathematical description of the activity of most 

enzymes and is described below.20, 21 Increasing concentrations of substrate ([S]) will typically 

increase the initial rate of the reaction (V0; units of M s−1).1 At low [S], the V0 will increase almost 

linearly. At increasingly higher [S], however, the increase will be less pronounced until eventually 

reaching a plateau, which is the maximum rate (Vmax; also units of M s−1).1 
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An enzymatic reaction can be described by a model with a two-step process. The binding 

of the substrate is a reversible process (E + S to ES), with rate constants for binding (k1) and 

unbinding (k−1). Similarly, the catalysis of the enzyme-substrate complex to the enzyme and 

products (ES to E + P) is a reversible process (k2 and k−2): 

 

 

Eqn 1.1 

 

The product concentration ([P]) is low early in the reaction, so the reverse reaction is ignored: 

 

 

Eqn 1.2 

 

Since the rate-limiting step is the breakdown of the ES complex, the V0 can be described as: 

 

 

Eqn 1.3 

 

In most cases it is difficult to measure [ES], so the rates of formation and breakdown of ES are 

expressed via the total enzyme concentration ([Et]): 

 

 

Eqn 1.4 

 

 

Eqn 1.5 

 

Next, there is the steady-state assumption, whereby it is assumed that the initial rate reflects a 

constant [ES]. In other words, the rates of formation and breakdown are equal: 

 

 

Eqn 1.6 
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Rearranging the equation and solving for [ES] results in: 

 

 

Eqn 1.7 

 

Next, the rate constants are defined simply as the Michaelis constant (KM; units of M). Also, the 

V0 is expressed in terms of [ES], from Eqn 1.3: 

 

 

Eqn 1.8 

 

Finally, since the Vmax occurs when [ES] = [Et], the equation is as follows: 

 

 

Eqn 1.9 

 

This is the Michaelis–Menten equation (Eqn 1.9). It describes the kinetics of a one-

substrate enzymatic reaction. An important consideration is the significance of KM. If V0 in the 

above equation is at Vmax/2, then solving for the Michaelis constant will result in KM = [S]. In other 

words, the KM is the substrate concentration when V0 is equal to half of the Vmax. This is visualised 

in Figure 1.3. To extract the KM and Vmax values, one can employ the classic Lineweaver-Burk 

double reciprocal plot of 1/V0 versus 1/[S], wherein the y-intercept is equal to 1/Vmax and the  

x-intercept equals −1/KM (Figure 1.4a). It is also possible to use graphing software with non-linear 

curve fitting, which extracts the Michaelis-Menten kinetic parameters (Figure 1.4b).1 
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Figure 1.3. –  The effect of substate concentration [S] on initial reaction rate (V0). In a typical 

enzymatic reaction, the V0 increases as the [S] increases. At low [S] the increase is almost 

linear, but much less at high [S]. One typically does not reach the Vmax in an experiment, but 

instead a value approaching it. 

 

  

Figure 1.4. –  Extraction of Michaelis-Menten parameters. Two common strategies to extract 

the KM and Vmax are (a) the Lineweaver–Burk double reciprocal plot and (b) non-linear curve 

fitting software. 
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While the KM will remain constant, the Vmax will vary at different concentrations of enzyme 

(i.e., having more enzyme present will catalyse the reaction more quickly), which makes 

comparisons difficult. When k2 is rate-limiting, the Vmax would thus be: 

 

 

Eqn 1.10 

 

However, while this is true for a two-step reaction, it could differ for a reaction with more 

steps, wherein another step is rate-limiting. Thus, the turnover number, also called the catalytic 

rate constant (kcat; units of s−1) is for the rate-limiting step of the reaction at saturation. It indicates 

the number of substrate molecules converted to product molecules for a given unit of time by a 

single enzyme molecule that is saturated with substrate. From [Et] and Vmax, one can find the kcat: 

 

 

Eqn 1.11 

 

With the KM and kcat values, one can further examine the enzyme’s catalytic efficiency, also 

called the specificity constant, which is simply kcat/KM (units of M−1 s−1). When [S] ≪ KM, this is the 

rate constant for the conversion of E + S to E + P, although when [S] ≫ KM the reaction becomes 

independent of [S] and approaches the Vmax. Note that although different combinations of kcat 

and KM can give the same kcat/KM, it has a diffusion-controlled upper limit of 108 to 109 M−1 s−1.1 

 Lastly, a brief review of the types of enzyme inhibition and how they affect the kinetic 

parameters of the reaction. Of the three types, competitive inhibition is most relevant to this 

project. The inhibitor binds to the enzyme, typically the active site, to form an enzyme-inhibitor 

(EI) complex. This will increase the apparent KM, since it shifts the equilibrium to the left (i.e., Le 

Chatelier's principle), but will not affect the Vmax, whereby increased [S] ought to reach the same 

value. There is also uncompetitive inhibition, whereby the inhibitor binds to the ES complex, and 

the KM and the Vmax will both decrease. The decrease of the apparent KM, indicative of a higher 

affinity for the substrate, is counterintuitive. However, it is because the formation of the enzyme-

substrate-inhibitor (ESI) complex reduces the concentration of the ES complex and shifts the 

equilibrium to the right. In non-competitive inhibition, the inhibitor binds to the enzyme, which 
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reduces its activity but not the ability of the substrate to bind. Thus, the Vmax decreases, but the 

KM is unaffected.1 By studying an enzyme-substrate system with and without the inhibitor, and 

therefore its effect on the kinetic mechanism via the Michaelis-Menten parameters, one can 

determine the mode of inhibition. 

 

1.3 Characterising proteins 

Characterising the structure and function of proteins facilitates their study. Knowing the 

sequence of a protein, its primary structure, is among the first steps. This involves determining 

the amino acid composition and their order. This can be done via sequencing the corresponding 

coding DNA to deduce the protein sequence that would be created during translation,22 or by 

chemical and enzymatic degradation steps to create smaller fragments followed by mass 

spectrometry (MS) to piece together the sequence via points of overlap.23, 24 Knowing a protein’s 

3D structure, including its secondary, tertiary and quaternary structure, is also important.1 This 

3D structure can be determined by various methods, including X-ray diffraction (XRC)25 and 

nuclear magnetic resonance (NMR) spectroscopy.26 Overall, XRC faces fewer challenges in 

determination of the structure of larger proteins, whereas NMR spectroscopy enables structural 

determination in solution and can monitor the various states of the protein.1 More recently, 

technical and computational advances have brought cryogenic electron microscopy (cryo-EM) to 

prominence, and this technique continues to undergo development.27 

Once a protein’s 3D structure is known, the functions of its various components can be 

examined by different methods, including computational simulations. For example, molecular 

docking may predict protein-ligand interactions,28 and molecular dynamics may examine the 

movements of a protein.29 It is also possible to study the interactions of proteins with other 

molecules, such as protein-protein interactions.30 Among the many interesting aspects of proteins 

that are worthy of study, this thesis focusses on the experimental detection of conformational 

change during protein-ligand interaction, particularly in the contexts of enzyme-substrate and 

enzyme-inhibitor complexes. Protein-protein interaction is another topic explored herein. In this 
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section, various methods to characterise protein function are reviewed, with an emphasis on the 

short-lived transient states that are pertinent to enzyme-substrate complexes. 

The purpose of this section is to provide an overview of various protein characterisation 

methods. In accordance with that, there may be exceptions to the points raised below. Also 

important is that, depending on the relevance of various techniques to this thesis, different 

amounts of detail are provided for each technique’s theoretical background. Most examples 

discussed below focus on alkaline phosphatase (AP) because it is the main enzyme studied herein. 

1.3.1 Ultraviolet-visible spectroscopy 

Ultraviolet-visible (UV-Vis) spectroscopy is based on molecular absorption of energy in the 

form of light, which causes the molecule to pass from its lowest energy electronic ground state 

(S0) to a higher energy excited state (S1, …, Sn) (Figure 1.5).31 Typically, this process involves a 

transition from the highest occupied molecular orbital (HOMO) to the lowest unoccupied 

molecular orbital (LUMO). This process is quantised, meaning that the amount of energy absorbed 

is exactly equal to the energy difference of the ground and excited states. Furthermore, for a given 

molecular species, the sample will contain a collection of its various vibrational and rotational 

states, which can also be excited to higher states (v1, v2, v3, and so on). However, because each 

state differs only slightly in energy, the UV-Vis spectrophotometer cannot resolve each one. It is 

for this reason that a UV-Vis spectrum typically appears as a broad band that is centred near the 

main transition. The position of this band, i.e., the maximum absorbance wavelength (λabs), will 

differ from one molecule to another, thus making UV-Vis spectroscopy useful to determine 

concentration and to follow chemical reactions. 

One can quantify a sample by using a molecule’s molar absorptivity (a constant for each 

chemical species), the known length of the sample cell, and the measured absorbance value. This 

is achieved by the Beer-Lambert Law, given by the equation: 

𝐴 = log (
𝐼0

𝐼
) = 𝜀𝑐ℓ  

 

Eqn 1.12 
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Where, A = the absorbance, I0 = the intensity of light incident on the sample cell, I = the intensity 

of light leaving the sample cell, ε = molar absorptivity, c = molar concentration of the sample, and 

ℓ = the length of the sample cell. 

 

 

Figure 1.5. –  Jablonski diagram. Representation of the absorbance and fluorescence processes, 

as well as non-radiative internal conversion and vibrational relaxation. Figure based on a 

similar figures in refs 23, 32. 

 

UV-Vis spectroscopy is used for a wide variety of applications in protein science. One 

typical application is for the enzyme-linked immunosorbent assay (ELISA).23 The basic format of a 

sandwich ELISA assay is as follows: the surface is coated with an antibody that recognises a target 

antigen. Any remaining exposed areas on the surface are then blocked, such as by bovine serum 

albumin (BSA). Next, the sample is introduced. If present, the target antigen will bind to the 



 
13 

surface-bound antibody. Then, a secondary antibody is introduced, and it will only bind if the 

antigen is present. This secondary antibody contains an enzyme label, such as AP. The role of the 

enzyme is to covert a substrate with no UV-Vis signal to a colorimetric product that is detectable 

by UV-Vis spectroscopy (or another method). For example, p-nitrophenylphosphate (pNPP) is 

hydrolysed by AP to yellow p-nitrophenol (pNP; λabs = 405 nm) and inorganic phosphate (Pi).33 This 

indicates the presence (or not) of the second antibody conjugated with AP. Thus, UV-Vis 

spectroscopy and ELISA are a powerful combination for practical analytical applications, sample 

quantification, and to characterise antibody-antigen interaction. However, it is less useful for 

characterisation of transient states. In the context of AP kinetics, real-time analysis by UV-Vis 

spectroscopy is widely used but limited to synthetic substrates that can provide a colorimetric 

signal change upon generation of their product, as is the case with pNPP.34 Thus, despite its 

widespread availability and straightforward procedures, UV-Vis faces the limitation of requiring a 

non-native substrate for the characterisation of protein function in real-time. 

In this project, UV-Vis spectroscopy was employed to quantify nucleic acids after their 

synthesis and purification. This involved determining the molar absorptivity for a given DNA 

sequence (λabs = 260 nm), plus consideration of the molar absorptivity for various functional 

moieties. It was also used to monitor AP-mediated hydrolysis of pNPP to pNP.34  

1.3.2 Fluorescence spectroscopy 

This section begins with the principles of fluorescence spectroscopy.23, 32, 35 Luminescence 

is the process whereby a chemical or material emits light. Several types of luminescence exist, 

such as chemiluminescence and photoluminescence. The latter includes phosphorescence and 

fluorescence, the second of which is the focus here. Fluorescence is illustrated in the Jablonski 

diagram (Figure 1.5). Firstly, by absorption of a photon, a molecule or other chemical species is 

excited from its electronic ground state (S0) to its first excited state (S1) or to a higher state (Sn). 

Next, the molecule will lose its excess energy, either by non-radiative transitions or by 

fluorescence emission. Non-radiative transitions include internal conversion (IC), which is a 

transition from the lower vibrational energy levels of an excited state to the higher vibrational 

energy levels of the lower state, as well as by vibrational relaxation (VR), whereby the excited 
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molecule relaxes to the lowest vibrational energy levels of the excited state by collision with the 

solvent molecules. These do not result in the emission of a photon. On the contrary, fluorescence 

provides a signal via the emission of a photon upon relaxation from of S1 to S0. It is typically from 

the lowest vibrational energy level of S1 because the internal conversion and vibrational relaxation 

processes are much faster than that of fluorescence. Furthermore, a fluorescence spectrum 

typically has one band with many closely spaced lines for the transition from the lowest level of 

S1 to different vibrational levels of S0. It is important to note that the excitation energy is greater 

than the emitted energy, i.e., the excitation wavelength is shorter than the emission wavelength. 

For example, the maximum excitation wavelength (λex) of fluorescein is ~498 nm, and its 

maximum emission wavelength (λem) is ~520 nm. This difference is called the Stokes shift. Since 

some energy is lost due to the non-radiative transitions, fluorescence emission shifts toward the 

red relative to the excitation wavelength. 

A fluorophore is a molecule that can emit fluorescence. All molecules can absorb light, but 

the reason that not all fluoresce is because that for many their structure enables a greater rate of 

non-radiative emission pathways compared to the rate of fluorescence emission. From this, we 

derive the quantum yield (QY), which is the ratio of the molecules that fluoresce to the total 

number of excited molecules; i.e., the ratio of emitted photons to absorbed photons.23, 32 In most 

applications, a higher QY is desirable. The most common structural feature of fluorophores is an 

aromatic ring. Some other aliphatic molecules and those with highly conjugated double-bond 

structures can emit fluorescence too, but they are less common. While some heterocyclic 

compounds do not fluorescence, those with multiple fused rings often do emit fluorescence. The 

fluorescence can be tuned, that is, shifting of the λex and the λem, as well as the intensity of 

fluorescence, by chemical substitutions on the aromatic rings.36 Moreover, rigid molecules also 

tend to exhibit greater fluorescence, as evidenced by their greater QY.32 Various natural and 

synthetic fluorophores are discussed in greater detail in section 1.5.3. 

Just as one can study enzyme kinetics in real-time by monitoring product generation with 

UV-Vis spectroscopy, a similar strategy is also possible with fluorescence spectroscopy. In a typical 

experiment, the substrate does not provide a fluorescence signal, but its product molecule does. 

With AP, for example, this can be achieved via non-fluorescent 4-methylumbelliferylphosphate 
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(4-MUP), which generates fluorescent 4-methylumbelliferone (4-MU) and Pi.37 A fluorescent 

leaving group can also be adapted for use with another enzyme. For example, with  

Escherichia coli (E. coli) β-glucuronidase, the substrate 4-methylumbelliferyl-β-D-glucuronide 

generates 4MU and D-glucuronic acid.38 It is possible as well to label a substrate with a 

fluorophore and quencher pair. For instance, when collagenase cleaves a specific peptide 

sequence labelled with fluorescein and dabcyl, their separation provides a fluorescence signal 

increase.39 Overall, the procedures for fluorescence spectroscopy are roughly the same as for UV-

Vis spectroscopy. Fluorescence instrumentation is widely available, although typically more 

expensive than UV-Vis instruments, but has the benefit of a lower limit of detection. However, 

there is also the analogous problem concerning the necessity of synthetic substrates to provide a 

fluorescent signal change. This often precludes the study of biomolecular substrates. 

The emission signal obtained from a fluorescent dye is often sensitive to the dye’s chemical 

environment. Thus, covalently attaching a fluorophore is another way to monitor a protein’s 

function via its conformational change, ligand binding, catalysis, and other events. For example, 

the Wiskott Aldrich Syndrome Protein (WASP) binds to a GTPase (Cdc42) when it has guanosine 

triphosphate (GTP) bound but not with guanosine diphosphate (GDP) bound. By attaching an 

environmentally-sensitive cyanine dye to an introduced cysteamine residue on a fragment of 

WASP, it was possible to monitor its binding to the GTP-activated Cdc42 protein as evidenced by 

a substantial increase in fluorescence.40 Fluorescent moieties can also be designed for specific 

recognition. For instance, WW domain is a protein domain (i.e., a self-stabilising region of the 

polypeptide chain) that can selectively bind phosphorylated proline-rich sequences. A 

fluorophore-containing (stilbazole) phosphate-binding motif based on a zinc complex of  

2,2′-dipicolylamine was attached to WW domain. This system could detect a specific 

bisphosphorylated peptide even in the presence of a monophosphorylated peptide or molecules 

such as adenosine triphosphate (ATP) and adenosine diphosphate (ADP). It was then applied to 

further detect cyclin-dependent protein kinase 9 (CDK9) phosphorylation of a 

monophosphorylated peptide, which generates a bisphosphorylated peptide.41 Another strategy 

employed both covalent and non-covalent interactions. Conjugates were prepared that contained 

a quencher dye and a Tris-based histidine tag (his-tag) binding moiety. Type I interferon receptor 
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ectodomains were covalently labelled with a fluorophore, followed by the site-specific binding of 

the quencher-containing conjugate via a his-tag. Upon ligand binding, a change in fluorescence 

signal was observed.42 

Despite the advantages provided by labelling proteins with fluorophores, they can disturb 

protein function. One study examined the S-peptide, which has been employed as a model system 

for intrinsically disordered peptides. It was labelled with a fluorophore (Atto655) at the  

N-terminus and an additional tryptophan (Trp) residue as a quencher at the C-terminus. 

Experimental observations and molecular dynamics (MD) simulations indicated that the Atto655 

and Trp experience π-stacking interactions, thereby shifting the conformational and dynamical 

properties of the peptide. More specifically, the disordered conformational state shifted to a 

semi-stable fold with β-sheet structures.43 Fluorescent labelling can also affect enzyme function. 

For example, fluorescein was covalently attached near the active site of a mutant β-lactamase to 

enable detection of the conformational changes upon binding of β‑lactam antibiotics. Although 

its purpose was to serve as a biosensor for antibiotic detection, and not for kinetic 

characterisation, it should be noted that this modification decreased the kcat/KM of the enzyme.44 

Another specialised fluorescence method to monitor protein function via conformational 

change is Förster resonance energy transfer (FRET).45, 46 In this method, a protein is labelled with 

two fluorophores, called the donor and acceptor, such as TAMRA and Cy5, respectively.47 Both 

have distinct excitation and emission maxima, but crucially, the emission spectrum of the donor 

dye must substantially overlap with the excitation spectrum of the acceptor dye to enable energy 

transfer. Thus, when the fluorophores are in proximity, applying light at the donor’s excitation 

wavelength will result in emission at the acceptor’s emission wavelength. However, if the 

fluorophores are spatially separated, this effect will not be observed. FRET typically enables 

distance measurements over the 3-9 nm range.45 Therefore, FRET has been employed to study 

many enzymes that undergo large conformational changes, such as G-protein-coupled receptors 

(GPCR),12 DNA helicase II (UvrD),48 ATP synthase,49 dihydrofolate reductase (DHFR),50, 51 and 

lysozyme.52 However, FRET is not applicable to proteins that do not experience a large 

conformational change, such as AP, and when it is applicable, it requires the knowledge of where 

to label the protein (i.e., which two amino acids). 
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To avoid the use of an external light source due to the possibility of photobleaching and 

high background noise, there is also bioluminescence resonance energy transfer (BRET). Instead 

of a light source, the bioluminescent enzyme luciferase generates the photons. BRET has been 

employed, for example, to monitor protein conformational changes inside cells. In one study, a 

biosensor was based on a GPCR with Renilla luciferase (RlucII) as a donor and a fluorophore 

inserted at different sites as an acceptor. The strategy could detect the binding of various types 

of ligands and provided mechanistic information about the protein.53 The BRET-based biosensor 

strategy could also be employed to study the distinct conformational changes of various receptors 

inside cells.54 

Instead of covalent labelling with fluorescent dyes, one can also monitor protein 

conformational changes by intrinsic tryptophan fluorescence. While this is an excellent method 

for large conformational changes, such as protein folding-unfolding,55 it is not usually applicable 

to study enzyme kinetics. Some dyes, such as 8-anilinonaphthalene-1-sulfonic acid (ANS), display 

a fluorescence signal increase upon non-covalent interaction with proteins. However, while ANS 

is also used to monitor protein folding-unfolding, it is not typically used for enzyme kinetics.56 In 

a recent example, ANS was employed to screen inhibitors of the SARS-CoV-2 main protease  

(3C-like protease). Binding of a natural product inhibitor (e.g., baicalein and rutin) displaces ANS, 

and in turn, decreases the fluorescence signal.57 

1.3.3 Nuclear magnetic resonance spectroscopy 

NMR spectroscopy can be employed as a high-structural-resolution technique to 

characterise protein structure, or as a high-temporal-resolution technique to characterise the 

function of proteins and their transient states. This method provides information about the 

number of magnetically distinct atoms and their environment when exposed to a magnetic field. 

It is used to detect nuclei displaying a spin, most commonly 1H or 13C, but 15N, 31P, and others are 

also possible.31 Solution NMR has enabled the study of motion in enzymes under physiologically 

relevant aqueous conditions.58, 59 Moreover, although NMR had previously faced challenges to 

study proteins larger than ~50 kDa, various strategies have been developed to overcome this 

limitation.59, 60 NMR can study a variety of timescales, including those for protein folding and the 
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function of enzymes that occur on the order of µs to ms, as well as faster events like sidechain 

rotation on the ns timescale.59 NMR characterisation of enzymatic conformational change has 

been demonstrated with human cyclophilin A (CypA), for example. This enzyme catalyses the 

trans-to-cis isomerisation of peptide bonds containing a proline residue and another amino acid. 

Using NMR, it was possible to study the reaction kinetics and the residues involved in peptide 

binding and isomerisation.61 Other studies have used NMR spectroscopy to follow substrate or 

product concentration.62, 63 Benefits of NMR spectroscopy relative to other techniques include 

that it can characterise protein conformational change with atomic resolution,64 and that it can 

obtain structural, kinetic and thermodynamic properties simultaneously.65 Detriments, however, 

are that it is a specialist technique requiring complicated data analysis, and it is hardly amenable 

to high-throughput screening,66, 67 although there have been advances in this domain.68 

In the context of AP, NMR spectroscopy was employed in the early days to study the 

enzyme’s metal ion-binding sites.69 However, there have not been recent studies of AP function 

with atom-specific resolution. Despite this, NMR has also been used to study rates of reaction. In 

one paper, a phosphate-containing substrate was designed that contained both fluorescein and 

perfluorinated dendrimers attached to a silica nanoparticle. This environment quenched the 

fluorescence of fluorescein, and also the 19F NMR signal of the perfluorinated dendrimers via 

restriction of molecular rotation. Hydrolysis of the substrate releases both components, which 

are detectable by fluorescence and NMR spectroscopies. Both detection strategies displayed the 

same kinetics.70 

1.3.4 Electron paramagnetic resonance spectroscopy 

 Electron paramagnetic resonance (EPR) spectroscopy is similar to NMR spectroscopy, but 

it differs whereby instead of exciting the spins of atomic nuclei, it excites the spins of electrons. 

The signal arises from unpaired electrons. EPR can detect paramagnetic species, such as Fe3+, Cu2+, 

and proteins with semiquinones or tyrosyl radicals. In the absence of these, however, it is 

necessary to label a protein with spin labels; this process is called site-directed spin labelling 

(SDSL). In a manner analogous to labelling with fluorescent dyes, these spin labels, typically 
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containing nitroxide, can be attached by various coupling chemistries, often to cysteine side 

chains. They can also be designed to display sensitivity to various conditions (e.g., pH).71 

 EPR spectroscopy has been employed to study the structural dynamics of AP from marine 

bacteria, Vibrio sp. This study found that the mobility of a helical region near the active site of AP 

is related to its catalysis and efficiency.72 Recently, it was also demonstrated for the first time that 

it is possible to monitor AP activity in real-time by EPR with a paramagnetic substrate.73 

1.3.5 Circular dichroism spectroscopy 

Circular dichroism (CD) spectroscopy can be employed to study the electronic transitions 

of molecules. Electronic CD is the focus here, although there are also more specialist techniques, 

such as vibrational CD and fluorescence-detection CD.74 Plane-polarised light consists of two 

components of equal magnitude; one rotates counter-clockwise and is called left-handed (L), and 

the other rotates clockwise and is called right-handed (R). If they are absorbed differently in a 

sample, this is known as elliptical polarisation.74, 75 Chromophores within chiral structures and 

asymmetric environments may absorb light in this manner.74, 75 The most commonly used method 

involves continuously switching between L and R light.74 With CD, it is possible to detect various 

chromophores in proteins, such as peptide bonds, aromatic amino acid side chains, disulfide 

bonds, and various cofactors.74, 75 Moreover, the CD spectral features enable one to have a 

quantitative estimate of a protein’s secondary structure, such as α-helix, β-sheet, and random coil 

structures, for example.74, 75 Thus, one can monitor how their relative proportions differ during 

conformational change. While CD lacks the high resolution structural information provided by XRC 

or NMR, it is a good technique to rapidly monitor changes under physiologically relevant 

conditions.74 

 In an example relevant to this project, wildtype (WT) and two mutants of Escherichia coli 

(E. coli) AP were studied. The WT and one mutant maintained the homodimeric structure, while 

the other mutant was instead present as a monomer. By CD spectroscopy, the study observed 

that the WT and mutants all had similar CD spectra, indicating that the mutation affected the 

quaternary structure (i.e., dimer or monomer) but not the secondary structure. Furthermore, CD 

spectroscopy enabled determination of their different melting temperatures (TM).76 
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1.3.6 Infrared and Raman spectroscopies 

Vibrational spectroscopic methods, such as infrared (IR) spectroscopy and Raman 

spectroscopy, enable one to study molecular vibrations. As complementary techniques, they 

detect different vibrational symmetries, whereby some vibrations will be IR-active and Raman-

inactive, or vice versa. In both cases, they provide a rich vibrational fingerprint of the analyte, 

rather than the single peak observed in fluorescence or absorbance spectroscopies, but they do 

not provide the same level of detail of protein secondary structure as XRC and NMR.77 

IR  spectroscopy can estimate the relative content of α-helix versus β-sheet structures, for 

example, via changes of the “amide  I” band that arises mainly due to C=O stretching.78 IR 

spectroscopy can also identify amino acids and functional groups, although obtaining local 

information is typically only possible for relatively uncommon components (e.g., S–H stretching 

of cysteine) or those that are sensitive to their microenvironment (e.g., tyrosine).79 It is also 

possible to incorporate environmentally sensitive probe moieties with distinct bands, which is 

analogous to attaching a fluorophore to a protein.80 Thus, IR spectroscopy is not an ideal method 

for overall structural characterisation, although it can be useful to rapidly monitor individual 

marker bands of a conformation or to monitor an amino acid upon subjecting a protein to 

different environments, such as temperature or pH, as well as time-dependent changes induced 

by an effector. Typically, the difference spectrum of a sample before and after a change of 

conditions is used to avoid introducing an artifact, since experimental error between samples 

could be larger than spectral changes upon a change of conditions in a single sample.79 Thus, in 

the difference spectrum, all non-changing bands will become a baseline, while increases or 

decreases of band intensity can easily be distinguished. 

In one example relevant to this project, IR spectroscopy was employed to study the 

thermal unfolding of AP with and without (apoAP) bound metal ions. With an increase of 

temperature, there was an increase in β-sheet bands, a decrease in an α-helical band, and a higher 

TM for AP with metal ions compared to apoAP.78 It is also possible to monitor the effects of 

enzymatic reactions by IR spectroscopy. This is typically achieved by employing “caged” 

substrates, such as adenosine triphosphate (ATP) with a photo-cleavable component that 

prevents the reaction from occurring until the desired time. Instead of adding the substrate, 
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which could introduce artifacts to the difference spectrum, this method enables recording of the 

before and after spectra for the same sample.79, 81 In a study of AP with caged ATP, there were 

minimal changes to the enzyme’s backbone bands before and after the reaction, suggesting that 

binding of the product/inhibitor phosphate did not induce significant conformational changes.82 

Many of the principles of characterising protein function with IR spectroscopy also apply 

to Raman spectroscopy. On a practical level, the main difference is that while Raman spectroscopy 

provides an overall weaker signal intensity than IR spectroscopy and there is sometimes a strong 

fluorescence background, an important advantage is that the intense 

H–O–H bending vibration of water that plagues IR spectra is not a problem in Raman spectra.83  

In addition to monitoring changes to the enzyme itself, it is also possible to monitor the 

conversion of a substrate to products via their vibrational fingerprints. With the AP enzyme, this 

has been achieved with the substrate fosfosal, which has a much weaker Raman spectrum than 

the enzymatic reaction’s product molecule, salicylic acid.84 Other studies have employed surface-

enhanced Raman spectroscopy (SERS), which relies on the enormous enhancement of the Raman 

spectra of molecules adsorbed on gold or silver nanoparticles. For example, the substrate  

5-bromo-4-chloro-3-indolyl phosphate (BCIP) does not undergo a significant signal enhancement, 

but the product molecule after hydrolysis by AP displays an intense SERS spectrum.85, 86 One 

detriment to these techniques, however, is that while they could work for detection of AP and its 

kinetic characterisation with these substrates, such characterisation is limited to substrates that 

display these differential spectral properties and which may not be of biological interest. 

1.3.7 Electrochemistry 

The most well-known electrochemical sensing platform of protein function is the glucose 

meter. Although various designs exist, the principle involves oxidation of glucose to gluconic acid 

by the enzyme glucose oxidase (GOx), which is coupled with a cyclic redox reaction that can be 

detected by an electrode.87 Using electrochemistry, there have been some studies involving 

protein conformational change, but these have typically been for molecules that undergo large 

conformational changes, such as lysozyme.88 Other proteins have been studied too, whereupon 

denaturation exposes their redox-active residues (e.g., cysteine, tryptophan, tyrosine, 
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methionine, histidine, and disulfide bonds).89, 90 Generally speaking, electrochemical assays are 

often limited to detection of the presence of proteins or their substrates, rather than 

characterisation studies. This is illustrated below for the case of AP. 

Some electrochemical methods can monitor enzymatic function directly. For example, 

amperometric sensing of AP catalytic function on a graphite screen printed electrode. AP 

hydrolyses ascorbic acid 2-phosphate to ascorbic acid,91 or alternatively, catechol 

monophosphate to catechol.92 In both cases, the enzymatic products are electroactive, and the 

detection strategy is based on their oxidation. A more recent work developed a more sensitive 

strategy with a substrate that contains ferrocene and phosphate moieties. Removal of the 

phosphate by AP causes a breakdown of the hydrolysed product molecule, and in turn, release of 

the electroactive ferrocene component.93 Other methods have relied on indirect detection of AP 

activity, such as hydrolysis of p-hydroxyphenyl phosphate to hydroquinone, which is oxidised to 

quinone but reduced back to hydroquinone via GOx in the presence of glucose, thereby amplifying 

the signal.94 Another indirect amplification strategy is based on hydrolysis of phenyl phosphate to 

phenol, which is then oxidised by immobilised tyrosinase to quinone, and in turn, is oxidised to 

catechol on the surface and cycled back to quinone by the tyrosinase.95 These electrochemical 

methods have the advantage of low cost instrumentation and low sample volume (i.e., several 

µL), but they all suffer from the same detriment as fluorogenic substrates in that they rely on the 

specific electroactive properties of the substrates or their products. Therefore, while these 

methods are suitable for the detection of AP, they are typically unsuitable for the characterisation 

of this enzyme’s kinetics with its natural substrates. 

1.3.8 Isothermal titration calorimetry 

Isothermal titration calorimetry (ITC) is a technique to study the binding interactions of 

two components, often called the host and the guest. In an environment at a constant 

temperature, the released (exothermic) or absorbed (endothermic) heat upon binding is 

measured. The heat change is converted to units of power, based on the amount needed to 

maintain a constant temperature, and is plotted against time for each injection, thereby providing 

quantitative information about the reaction’s thermodynamics.96 



 
23 

An emerging application of ITC is to study enzyme kinetics. This is because most enzymatic 

reactions release or absorb heat, and consequently, employing ITC avoids the necessities of 

signal-generating substrates needed for various methods, clear solutions for spectroscopy, 

coupled reactions for electrochemistry, and post-reaction processing of the sample.97 Two 

general strategies to characterise enzyme reaction kinetics by ITC include multiple injection and 

single injection. The former involves multiple injections of varying concentrations of substrate, 

while the latter involves a single injection of a large concentration of substrate.97, 98 The multiple 

injection method can determine Michaelis-Menten kinetic parameters in manner analogous to 

increasing concentrations of substrate detected by UV-Vis or fluorescence spectroscopies, while 

the single injection method involves mathematically modelling the signal from one addition. Thus, 

while it requires the use of less enzyme, the method does require more data manipulation and 

the requisite skills to implement appropriate fitting scripts.97, 99 

 One of the main limitations in deriving enzymatic reaction kinetic parameters from ITC 

peaks has been, traditionally, that for short reactions taking place on the scale of seconds to tens 

of seconds, it is difficult to deconvolute the kinetics of the reaction from the kinetics of the 

instrument response. Thus, the experimental and calculated peaks for a single ITC reaction will 

differ, hindering accurate extraction of kinetic information. Recent works, however, have 

addressed this problem. One approach, based on the multiple injection strategy, employed a 

calibration method for the given instrument and found that the initial rate of the ITC data 

corresponds to the reaction velocity upon injection. With this approach, it is necessary to 

determine the enthalpy (ΔH) of the reaction, which is analogous to one having to determine the 

molar extinction coefficient (ε) for kinetic characterisation by UV-Vis.100, 101 A more recent study 

based on the single injection strategy incorporated the post-reaction heat transfer and the 

electronic response of the instrument into the mathematical model.102 In both cases, the methods 

could obtain kinetic parameters of enzymatic reactions that agreed with standard spectroscopic 

approaches.100, 102 The latter method was subsequently adapted to characterise inhibitors by 

having substrate and inhibitor in the syringe, which are injected to the calorimeter containing the 

enzyme. Thus, consecutive injections result in each reaction having the same amount of substrate 

but increasing amounts of built-up inhibitor. By modelling each reaction by the single injection 
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method, one can derive the inhibitory properties of the inhibitor (Ki). A major benefit of this 

method is that an inhibitor can be screened much more rapidly than by multiple experiments with 

the necessary steps of cleaning and equilibrating the ITC instrument between each concentration 

of inhibitor.103 It has also been adapted for the kinetics of inhibitor binding.104 

1.3.9 What is missing? 

Anecdotally, I have observed that many scientific papers in the fields of analytical 

chemistry, detecting protein function, biosensors, and so on, will say that the method developed 

therein for a specific task is superior to every other available method. Sometimes the claims might 

be correct; other times they seem like an obligatory dogma chanted in the introduction of every 

paper coming from that research community (“Our method is more convenient than [insert rival 

method here]”). The claim might even be supported by an out-of-date citation that no longer 

represents the forefront – or never even did – of that putatively inferior rival technique! I am 

probably guilty of this style of writing somewhere in this thesis. The purpose of this section, 

therefore, is not to expound why the method developed herein is better in every way compared 

to every other option. Instead, this section categorises the abovementioned methods, takes note 

of what is missing, and then considers how this project partially fills that gap. 

The first category includes strategies to monitor the substrate or product. With these, one 

typically monitors an enzymatic reaction in real-time by detecting the rate of product generation 

by UV-Vis34 or fluorescence spectroscopy.37 Note that more examples of substrates for these 

techniques for AP are discussed later in section 1.4.5. Electrochemistry,92-95 as well as NMR,70 

EPR,73 and Raman84-86 spectroscopic strategies have also been demonstrated. Their commonality, 

however, is that these strategies all typically rely on the specific properties of certain substrates, 

which precludes general methods for real-time characterisation of biomolecules. This has 

necessitated the development of substrate-specific assays105 or labourious time-point assays,106 

which are not amenable to the screening of diverse substrates and rapid screening, respectively.  

The second category includes strategies to monitor the enzyme, either by its intrinsic 

properties or with labels attached thereon. NMR spectroscopy can characterise protein function 

with atomic resolution,61 but it requires complicated data analysis and is not conveniently 
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amenable to rapid screening of fast reactions.66, 67 Other spectroscopic methods, such as CD,76 

tryptophan fluorescence,78 and ANS fluorescence,56 as well as electrochemistry,89 can rapidly 

monitor structural changes, but these typically provide an overall picture rather than site-specific 

information. Moreover, they are often better suited to monitor folding-unfolding rather than 

enzyme kinetics. IR spectroscopy represents a compromise, because although it cannot provide 

atomic resolution, it can probe structural features in moderate detail. However, the requirement 

of a difference spectrum to avoid the introduction of artifacts demands highly sensitive 

procedures, such as caged substrates.82 Alternatively, one can label a protein to obtain site-

specific information via tryptophan fluorescence55 FRET,52 EPR72 and IR spectroscopies.80  

However, these require complicated and time-consuming mutation and/or labelling procedures. 

Moreover, FRET requires a substantial conformational change of ~3-9 nm,45 which can preclude 

many enzymes that undergo only miniscule conformational changes. In contrast, ITC is label-free 

and can, in principle, detect any reaction.97 

So, what is missing? While there are surely many unmet needs for the characterisation of 

protein function, one such unmet need is a method that can rapidly characterise an enzyme itself 

in real-time even if it does not undergo significant conformational change. Alkaline phosphatase 

(AP) is an ideal model enzyme to explore this concept, since it undergoes minimal conformational 

changes.82, 107 Consider the various steps of an enzymatic reaction: the E + S, the ES complex, the 

ES‡ transition state, the EP complex, and then E + P (Figure 1.6a). Which of these reaction steps 

have been characterised for AP? Crystal structures are available for AP itself,5, 108-113 which 

represents E + S (well, just E). Likewise, the crystal structure of AP with bound phosphate 

represents EP,108 as do its inhibitory effects.100 It is not possible to obtain a stable transition state, 

but crystal structures are also available for AP with bound transition state analogue (TSA) 

inhibitors.107, 114 These stabilise a geometry that is similar to the transition state, and represent 

ES‡. For biomolecular substrates, it is often necessary to characterise their AP-mediated hydrolysis 

via quantification of released phosphate, which represents E + P.106, 115 One step of the reaction 

is missing, ES. Of course, it is possible to characterise the rate of substrate consumption or product 

generation (Figure 1.6b).34, 37 However, among the methods discussed above and others, none 

can detect the ES intermediate of AP and its associated small conformational changes. Some 
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studies have reported the detection of protein intermediate states, such as photoactive yellow 

protein with time-resolved XRC,116 as well as the enzymes cyclophilin A with NMR spectroscopy,61 

chymotrypsin with fluorescence spectroscopy via radiationless energy transfer (RET) between Trp 

residues and a fluorescent substrate,117 and fluorophore-labelled β-lactamase with fluorescence 

spectroscopy.44 However, despite much research focussing on AP, these strategies have not been 

applied to study its transient intermediate states. 

 

Figure 1.6. –  Progress of a typical enzymatic reaction. (a) The states present during the 

enzymatic reaction: the enzyme and substrate(s) (E + S) are introduced, followed by formation 

of the enzyme-substrate complex intermediate (ES). Next is the transition state (ES‡), followed 

by the enzyme-product complex intermediate (EP), and finally the enzyme and released 

product(s) (E + P). (b) Representative changes with time in concentration of the substrate(s) 

([S]), product(s) ([P]), enzyme ([E]) and enzyme-substrate complex ([ES]) are shown. 
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1.3.10 Introducing “fluorescent nanoantennas” 

With the above in mind, this thesis introduces fluorescent nanoantennas as a new method 

to characterise protein function, with an emphasis on detecting the conformational changes of 

the ES intermediate.61 The principles discussed here are illustrated in Figure 1.7. Many fluorescent 

dyes will undergo a fluorescence signal change upon binding to a protein. However, the 

dissociation constant (Kd) of dyes is often in the micromolar range, such as 1-10 µM for various 

cyanines and 100 µM for fluorescein with serum albumins (n.b., from reported Ka values).118, 119 

Thus, to study enzymes with a concentration of 10 nM, for example, one would require a dye-to-

protein ratio of 100:1 to 10000:1. Such a ratio should make it impossible to obtain a signal change 

for structural perturbations on the dye-protein complexes. Furthermore, even if it were possible, 

micromolar concentrations of these dyes would saturate the detector. Fluorescent nanoantennas 

instead drive dye-protein interaction at a more reasonable ratio via a high local concentration. 

A nanoantenna has a fluorescent dye at one end, and a chemical moiety at the other end 

to enable its attachment to the protein of interest. In this work, we typically leveraged the 

convenience of biotin-streptavidin interaction to facilitate attachment, although other 

attachment strategies are also possible. The linker between the dye and the attachment moiety 

can be made from a flexible component, such as single-stranded DNA (ssDNA) or polyethylene 

glycol (PEG). As shown in Figure 1.7, the experiment Starts with the nanoantenna in solution. For 

Step 1, streptavidin (SA) is introduced to the cuvette. This tetrameric protein has four biotin-

binding sites that can capture the biotinylated nanoantennas with high affinity. Concurrently, 

signal quenching is observed due to dye-SA interaction.120-122 Together, we call these the 

nanoantenna-SA platform. Next, for Step 2, biotinylated AP (bAP) is introduced to the cuvette. 

Although the binding is slower, typically several minutes, a stable nanoantenna-protein complex 

will eventually form, which is also indicated by a fluorescent signal change due to dye-AP 

interaction. Finally, we observe that the fluorescent dye can sense events happening at the 

enzyme, including its catalytic function, the binding of effectors, and unfolding. This project 

demonstrates how these signal responses arise due to conformational change on the enzyme that 

perturb the dye-protein interaction. 
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Figure 1.7. –  Example of the nanoantenna strategy to sense protein function. (Start) The 

nanoantenna has a fluorescent dye (green circle) at one end and biotin (B) at the other. The 

experiment starts with monitoring the nanoantenna fluorescence in the cuvette. (Step 1) The 

protein streptavidin (SA) has four biotin-binding sites. After addition of SA, binding of the 

nanoantenna to it is evidenced by a rapid quenching of fluorescence. Note that the biotin is 

no longer shown because it will be located within the biotin-binding site of streptavidin. Also, 

for simplicity, only one nanoantenna is shown on SA, although there will be a diverse 

population of complexes formed that have multiple nanoantennas. (Step 2) Subsequent 

addition of biotinylated AP (bAP) to the cuvette and its binding to the remaining unoccupied 

biotin-binding sites of the nanoantenna-SA platform results in a fluorescence signal increase, 

indicative of dye-bAP interaction. (Step 3) Binding of a substrate induces conformational 

change, perturbing the dye and displaying a transient fluorescence spike. Note: We typically 

employed a ratio of 2-3 nanoantennas per SA and 2 bAP per SA, as discussed later herein, but 

since a diverse population of complexes will be formed in solution,123 which we did not 

characterise or separate them, so for simplicity, just one of each component is shown in the 

cartoon. 
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1.4 Alkaline phosphatase 

 Besides being a model enzyme for us to explore the nanoantenna concept, there are also 

many reasons for which one might want to study AP. For instance, AP is likely the most frequently 

assayed enzyme in all of medicine124 and it has been the subject of recent studies exploring 

controversial questions of biophysics.125 This section reviews its catalytic function, role in biology, 

relation to disease, and methods to study it. 

1.4.1 Catalytic mechanism of alkaline phosphatase 

APs are homodimeric metalloenzymes with two active sites. Each active site contains one 

Mg2+ ion and two Zn2+ ions, denoted hereafter as Zn2+
1 and Zn2+

2. While most of the amino acids 

of mammalian and E. coli APs (ECAP) are poorly conserved, the three metal ions and a serine 

residue (Ser102) necessary for catalysis are highly conserved across all species.126, 127 Building on 

earlier work,5, 69 a mechanism of AP catalytic function at the active site has been proposed via the 

crystal structure of ECAP (Figure 1.8).108 Firstly, water molecules are present in the active site of 

the free enzyme. The hydroxyl group of Ser102 has a hydrogen bond to a hydroxide ion 

coordinated to the Mg2+. The phosphate monoester substrate (ROP) binds to form the enzyme-

substrate complex (E·ROP), whereby the substrate’s ester oxygen coordinates to Zn2+
1 as well as 

the other oxygens to Zn2+
2 and the guanidinium group of Arg166. Then, the hydroxide ion 

coordinated to Mg2+ acts as a base, and it accepts a proton from Ser102. The deprotonated oxygen 

of Ser102 is then stabilised by Zn2+
2. Next, the activated hydroxyl group of Ser102 enables 

nucleophilic attack of the phosphorous atom of the substrate, thereby forming a covalent serine-

phosphate intermediate (E−P). Also, Zn2+
1 coordinates the “bridging” oxygen of the substrate and 

helps the departure of the RO- leaving group. Then, a nucleophilic hydroxide ion coordinated to 

Zn2+
1 attacks the phosphorous atom, thereby hydrolysing the covalent serine-phosphate 

intermediate and forming a non-covalent enzyme-product complex (E·Pi). The Mg2+ and a 

coordinated water molecule may then re-protonate the serine residue, which might help with 

departure of the product.108 
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Figure 1.8. –  The catalytic mechanism of AP. (a) Summary of the reaction for phosphate 

monoester hydrolysis with alkaline phosphatase. (b) Scheme of the presumed transition state 

at the alkaline phosphatase active site. The figure was modified from ref 114 with permission. 

 

1.4.2 Biological function of alkaline phosphatase 

Four isoforms of AP are expressed in humans, and there are various isoforms in other 

mammals too. Throughout most of this thesis it is redundant to indicate the isoform and species 

of AP, since calf intestinal AP was always used. In this section about the biological function of AP, 

however, it is pertinent to indicate specific names for the species and/or isoform to avoid 

confusion. As its name implies, intestinal AP (IAP) is expressed in the intestine, wherein it is 

secreted by intestinal epithelial cells. It is active within the mucosal membrane and the intestinal 

lumen. Its expression is highest in the duodenum, the first section of the small intestine.126, 128, 129 

The other two tissue-specific isoforms of AP are placental AP (PLAP), expressed in the 

syncytiotrophoblasts of the placenta, and germ cell or placental-like AP (GCAP), expressed in germ  

cells, embryonal tissues, and testis.126, 128, 129 The fourth isoform is found throughout the body, 

but mainly in the liver, kidney and bones. It is called tissue-nonspecific AP (TNAP; or sometimes 
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L/B/K AP).126, 128, 129 TNAPs expressed in different tissues display slight differences in post-

translational modifications.129 Human IAP, PLAP and GCAP have ~90% sequence identity, but 

TNAP displays only ~50% sequence identity to them.130 

While the catalytic mechanisms of various the APs may be similar, or even identical, the 

complete picture of their biological roles remains unclear. As one review article recently put it, 

“This begs the question: how is it, after 90+ years, we still know relatively little about the overall 

functions of APs?”131 While APs can hydrolyse various substrates, we do not wholly know which 

are of biological relevance. Indeed, we also do not currently know the roles of PLAP and GCAP in 

healthy individuals.126, 128, 129 TNAP is important for bone mineralisation,132, 133 but its role in the 

other tissues wherein it is expressed remains uncertain.126, 128, 129 Recent years, however, have 

witnessed important advances concerning the biological role of IAP. 

 All vertebrates, including humans, have coevolved bacteria in their intestines. This 

microbiota plays important roles in digestion, synthesis of vitamins, and protection against other 

harmful microbes. However, excess release of lipopolysaccharide (LPS) from the outer membrane 

of Gram-negative bacteria is toxic and can trigger an inflammatory response. LPS molecules bind 

to a receptor, Toll-like receptor 4 (TLR4), thereby triggering a signalling cascade that results in 

proinflammatory cytokine expression and other problems. Thus, high concentrations of LPS are 

toxic and can result in septic shock.134, 135 One proposed role of intestinal AP is to reduce the 

toxicity of LPS by dephosphorylating its Lipid A moiety.134-138 IAP has also recently been 

determined to be a regulator of tight junction proteins, plus it prevents LPS-induced gut mucosal 

permeability and inflammation.139 IAP has been further shown to prevent the inflammatory 

effects of LPS by inducing autophagy.140  Moreover, IAP may prevent intestinal inflammation by 

hydrolysis of uridine diphosphate (UDP).141 

Bicarbonate secretion increases IAP activity by increasing the local pH at its active sites. 

This aids its hydrolysis of luminal phosphates (e.g., ATP), thereby increasing bicarbonate secretion 

via the activation of P2Y receptors.142 A subsequent study reported that ATP is indeed a biological 

substrate of IAP, and that this enzyme regulates the surface pH of the duodenum.143, 144 Another 

proposed role of IAP is the maintenance of normal gut microbial homeostasis. IAP-knockout mice 
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were found to have less diverse microbiota compared to wildtype (WT) mice. Moreover, this could 

be reversed by treatment with supplementary IAP. Thus, IAP has a role in determining which types 

of bacteria inhabit the gut.145 In a later study from the same group, it was reported that IAP-

knockout mice have more luminal ATP. The study concluded that IAP promotes the growth of 

intestinal commensal bacteria by reducing the ATP concentration.146, 147  

1.4.3 Biological substrates of alkaline phosphatase 

APs can hydrolyse a wide variety of substrates. The occurrence of APs in many species in 

nature, and in various tissues, suggests its involvement in many biochemical processes. In most 

cases, however, its role and natural substrates remain unknown.148 Nevertheless, there have been 

some important advances in recent years. As noted above, LPS and ATP are now known to be 

natural substrates of IAP. It has been proposed that phosphorylated proteins (phosphoproteins) 

could be a substrate of human PLAP109 and of rat liver AP.149 Proposed natural substrates of 

human TNAP and PLAP are pyrophosphate (PPi), phosphoethanolamine (PEA), and pyridoxal 5'-

phosphate (PLP; Vitamin B6).150-153 The phosphorylated protein osteopontin (OPN) has also been 

proposed as a substrate of TNAP.154, 155 In another study employing the substrate  

β-glycerophosphate (BGP), TNAP was associated with mineralisation in other tissues besides 

bones. Interestingly, this process might not involve its catalytic activity.156 In addition, human 

PLAP and IAP can hydrolyse phosphatidates with long fatty acyl chains, but liver AP (presumably 

TNAP) cannot. While this observation does not prove that these molecules are natural substrates 

of PLAP and IAP, it does support a difference in biological function for these isoforms relative to 

TNAP.157  

The function of AP with various substrates has similarly been studied in non-mammalian 

species. For the fungus Glomus etunicatum, it was observed that AP hydrolyses BGP, glucose-6-

phosphate (G6P), glucose-1-phosphate (G1P), and trehalose-6-phosphate (T6P), but not the 

pyrophosphate-containing molecules, PPi and ATP. These differences of substrate specificity 

suggested that this AP may be involved in the fungal sugar metabolism.158 On the contrary, for 

the yeast Candida utilis, it displayed the most activity with polyphosphate (polyP; 25 chain length), 

but reduced or no activity with other substrates. Thus, it was proposed that the biological role of 
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this AP is to hydrolyse polyP stored in yeast vacuoles.159 PolyP was also proposed as a substrate 

for AP from the yeast Saccharomyces cerevisiae,160 while an earlier study had suggested 

phosphoproteins.161 G6P has been suggested a substrate for various species of marine algae 

AP,162, 163 but ruled out for another.164 Finally, a recent study of the cyanobacterium 

Microcystis aeruginosa examined the effects of various phosphate sources on bacterial growth 

and AP activity. This study checked 59 substrates and other phosphate molecules!165 Total AP 

activity for each substrate was reported, rather than full characterisation of Michaelis-Menten 

kinetic parameters – this feat would have been unrealistic, albeit possible, with the currently 

available time-consuming methods. Clearly, there is more to learn about the substrates of APs. 

1.4.4 Relation to disease 

Intestinal AP and other isoforms of AP have been linked to inflammatory gastrointestinal 

diseases, cancers, and other conditions.128, 129, 131, 166, 167 Some diseases involve AP deficiency. 

Recently, it was reported that repeated non-lethal Salmonella enterica serovar typhimurium 

infections in mice, as a model of reoccurring food poisoning, induced intestinal AP deficiency in 

the colon. This led to increased levels of LPS, and consequently, inflammation. Thus, the study 

proposed an environmental and pathogenic origin of chronic intestinal inflammation.168 

Inflammatory bowel disease (IBD) has also been linked to deficiency of the gene for IAP169 and 

other factors.170 In this case, IAP can serve as a biomarker via its absence in stool samples.169 

Moreover, intestinal AP deficiency has been linked to faster weight gain,171 metabolic syndrome 

in mice,172 and type 2 diabetes mellitus in humans.173 In another study, humans with type 1 

diabetes mellitus were observed to have intestinal inflammation and low levels of IAP.174  

Higher levels of APs have been implicated in various cancers. For example, the TNAP and 

IAP isoforms are expressed in human breast cancer MCF-7 cells.175-177 APs have also been 

associated with renal178 and oral179, 180 cancer cells. Tumour-derived AP was recently associated 

with metastatic prostate cancer. There was also a significant decrease in survival for patients with 

high AP expression.181 Moreover, several clinical studies have reported that patients with high 

levels of serum AP had worse prognosis or survival rates for colon,182, 183 rectal,182 gastric,184 

breast,185 and non-small cell lung cancer (NSCLC).186 Aside from cancers, higher serum AP levels 
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have been linked to spontaneous intestinal perforation,187 various cardiovascular diseases, such 

as myocardial infarction, coronary heart disease, and stroke,188, 189 chronic kidney disease 

(CKD),190, 191 and even severe cases of COVID-19.192 It is important to note that while IAP 

contributes about 70-80% of AP activity in stool samples and can serve as a biomarker, IAP 

accounts for only about 6-7% of AP activity in the serum samples of healthy individuals.167, 169, 193 

Nevertheless, many of the aforementioned studies apparently did not determine which isoforms 

were contributing to the higher levels of serum AP activity. Speculatively, serum IAP could 

increase in absolute and relative terms for some diseases, especially for those related to the 

gastrointestinal tract. Thus, there is still much for us to learn about the role of IAP in human health 

and disease. 

APs can treat a variety of conditions, either as a medicine or under natural circumstances. 

In animal studies, IAP displayed therapeutic effects against metabolic syndrome that leads to type 

2 diabetes.172 It was also found to be effective for treatment of lethal E. coli infection,194 E. coli-

induced peritonitis,195 alcohol-induced hepatosteatosis,196 and necrotizing enterocolitis (NEC).197 

The last of these, NEC, is an intestinal inflammation disease that mainly affects premature infants. 

In a human study, it was recently proposed that risk factors for NEC are preterm birth and a lack 

of breast milk feeding, as evidenced by, respectively, the higher IAP activity in the full-term 

neonatal intestine and the high AP activity of breast milk that aids in detoxification of LPS in the 

first few days after birth.198 Similarly, it has been proposed elsewhere that consumption of dairy 

products containing TNAP can lead to it functioning alongside IAP, thereby lowering the incidence 

of cardiovascular diseases.199 In other human studies, IAP was effective for treatment of ulcerative 

colitis200 and renal inflammation in the context of septic acute kidney injury.201-203 Another 

emerging possibility is to employ IAP as a food additive in pig farming to replace antimicrobial 

growth promoters, which is important in the context of drug-resistant bacteria.204 Note that 

several of these medical studies,172, 194, 197, 200 and presumably another,195 employed calf IAP – the 

main enzyme studied in this thesis. 

IAP also has a role in converting various prodrugs to their active metabolite form. For 

example, amifostine (Ethyol) is employed to protect normal tissues against the toxicities of 

radiation treatment and chemotherapy. It is used to reduce xerostomia (dry mouth) in patients 
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receiving postoperative radiation treatment for head and neck cancer that affects the parotid 

glands as well to reduce renal toxicity in relation to repeated administration of cisplatin.10, 205-207 

Dephosphorylation by IAP generates its active form, WR-1065, which can diffuse into cells.206-208 

Another such prodrug is fosamprenavir, which is dephosphorylated by IAP to amprenavir, a 

protease inhibitor used to treat human immunodeficiency virus (HIV) infection.209-211 

 Overall, there are a myriad of reasons to study intestinal AP, including its biological 

function in the dephosphorylation of substrates like ATP and LPS, examination of biomolecules 

that are potentially natural substrates of the enzyme, its relation to various diseases ranging from 

bacterial infection to cancer, its use as a medicine, and its role in converting drugs to active 

metabolites. Simple tools to monitor AP function in real time could be useful for these purposes. 

1.4.5 Detection of alkaline phosphatase function – synthetic substrates 

Chromogenic or fluorogenic substrates of AP are the easiest to detect, via UV-Vis and 

fluorescence spectroscopy, respectively. Other techniques employ resonance-based 

spectroscopies or electrochemistry. In most cases, however, the principle of detection remains 

the same: the phosphate monoester substrate itself does not provide a signal, but after removal 

of its phosphate (Pi), the leaving group product displays a strong signal intensity. This enables real-

time monitoring of enzyme kinetics.  

The quintessential substrate to study AP catalytic activity is pNPP.34 Upon hydrolysis, its 

product molecules are pNP and Pi. The former is detected by UV-Vis spectroscopy (λabs = 405 nm) 

via the high molar absorptivity in alkaline solution of its phenolate form (~18000 L mol-1 cm-1) 

relative to pNPP (~50 L mol-1 cm-1).212 Owing to its convenience, pNPP has been widely used to 

study how various factors can affect AP, such as temperature,213, 214 pH,213-216 ions,216, 217 

inhibitors,112, 215, 216, 218, 219 and mutations.72, 219, 220 Other classic applications of pNPP are 

verification of milk pasteurisation221, 222 and soil phosphatase activity.223 This substrate can also 

be employed to study other phosphatases, such as tyrosine phosphatase.224 

Another popular substrate to study AP catalytic activity is 4MUP.37 Its product molecule, 

4MU, can be detected by fluorescence spectroscopy via its λex and λem of 360 nm and 440 nm, 

respectively. One advantage of 4MUP and fluorescence spectroscopy is the higher sensitivity. 
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However, a disadvantage of 4MUP is that it requires alkaline conditions (pKa ≈ 8), although this 

limitation can be avoided by employing its variant, 6,8-difluoro-4-methylumbelliferyl phosphate 

(DiFMUP).225 Both pNPP and 4MUP are widely available from various commercial suppliers. It 

remains in active use, such as to discriminate isoforms of AP based on their differing kinetics.226 

Designing new AP substrates detectable by fluorescence spectroscopy is a popular field of 

research.227, 228 These follow the same detection scheme as 4MUP, whereby upon release of Pi 

after substrate hydrolysis, the other product is detectable by fluorescence spectroscopy.229, 230 

These alternative substrates are purported to have various advantages over the classic 4MUP. For 

example, unlike fluorophores with ultraviolet or visible emission, those with near infrared (NIR) 

emission are ideally suited for in vivo analysis since their spectral window does not overlap with 

biomolecules. They have enabled the study of AP in biological samples, including cells and 

mice.231-233 Another class of substrates for in vivo analysis are those with water-insoluble 

fluorescent products that do not diffuse from the inside of cells.234-237 Some substrates leverage 

aggregation-induced emission (AIE) of the products to prevent fluorescence quenching at high 

concentrations and to improve the signal-to-noise ratio by ~3-fold relative to 4MUP.238 Other 

substrates avoid sample autofluorescence via their large Stokes shift, such as commercially 

available AttoPhos and ELF-97.239 Some studies have reported ratiometric probes. These involve 

monitoring two distinct emission wavelengths corresponding to substrate consumption and 

product generation. This mitigates the effects of experimental conditions on fluorescent products 

and improves the signal-to-noise ratio.237, 240-245 It is worth noting that while all of these substrates 

ought to be hydrolysed by all non-specific phosphatases, one has been engineered for specific 

recognition in vivo by AP.246 Finally, another substrate enables the monitoring of substrate 

consumption rather than product generation, but the principle remains the same.247 

Alternative substrates for UV-Vis,248 plus others for Raman,84 EPR,73 NMR,70 and chemical 

exchange saturation transfer magnetic resonance imaging (CEST MRI)249 have been reported. 

Some studies have employed nanomaterials, such as detecting the interaction of product 

molecules with gold nanoparticles (Au NPs) by SERS85, 86 and UV-Vis.250 Others have integrated 

the substrate with CdSe/ZnS quantum dots (QDs).251 Non-spectroscopic techniques have 

employed electrochemistry.91-95, 252 Like their fluorescence spectroscopy counterparts, however, 
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these techniques require the properties of specific molecules to generate a signal. Thus, although 

pNPP, 4MUP, and all the other strategies noted above can detect the presence of AP and many 

can characterise its activity, they are not biologically relevant enzyme-substrate systems. 

1.4.6 Detection of alkaline phosphatase function – biomolecular substrates 

Bimolecular substrates of AP and their products are not as easy to detect. Instead of being 

cleaved to form Pi and a colorimetric or fluorescent molecule, they instead form Pi and a 

spectroscopically silent molecule. Consequently, their hydrolysis by AP is typically characterised 

by quantification of Pi.106, 115, 253 A popular assay106 involves first preparing a solution of 

concentrated H2SO4 and malachite green. This solution is stable, but one must wait until the day 

of analysis to add ammonium molybdate and Tween 20. Then, one equivalent of this solution is 

mixed with four equivalents of the analyte solution containing Pi. After 10 min, absorbance of the 

phosphomolybdate-malachite green complex can be measured by its λmax of 630 nm. The details 

of this technique are listed here to demonstrate its obvious disadvantages. One is that using 

concentrated H2SO4 to improve the solubility of malachite green can be dangerous. Moreover, 

although detection of malachite green is ~6-fold more sensitive than detection of pNP, UV-Vis is 

less sensitive than fluorescence. Most consequential, the assay cannot be performed as a 

continuous assay to obtain kinetic data in real time. 

Some strategies can monitor continuous Pi release. For example, a coupled assay employs 

the enzyme purine-nucleoside phosphorylase to convert 2-amino-6-mercapto-7-methylpurine 

ribonucleoside and Pi to 2-amino-6-mercapto-7-methylpurine and ribose-1-phosphate. The 

absorbance difference allows monitoring of the reaction by UV-Vis, and thus, indirect monitoring 

of phosphatase activity in real-time.254 While this strategy may work for specific enzymes like 

ATPases, it is unsuitable for promiscuous APs, which would simply hydrolyse the ribose-1-

phosphate and alter the observed kinetics. Another prominent assay involves attaching a 

coumarin-based fluorophore to a phosphate-binding protein. While able to monitor Pi release in 

real time, this assay has some disadvantages. Specific labelling of proteins is time-consuming, it 

apparently has a narrow pH range of 7-8, and monitoring release of high concentrations of 

substrate could become prohibitively expensive.255 
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Perhaps with these limitations in mind, substrate-specific continuous assays have been 

developed. These works have overwhelmingly focused on PPi and ATP. In one strategy, a 

fluorescent poly(phenylene ethynylene) polymer (PPECO2) is first quenched by Cu2+, but addition 

of PPi increases fluorescence by complexation with Cu2+. The assay begins when AP is added, 

whereupon it hydrolyses PPi to 2Pi, and one monitors the enzyme’s activity via fluorescence 

quenching.256 Other fluorescent assays for AP activity with PPi have also been reported. For 

example, a recent work synthesised a benzimidazole-based zinc complex, which was selective for 

PPi and enhanced the fluorescence signal. AP activity toward PPi could then be monitored via a 

decrease in fluorescence.257 Other assays involving PPi based on DNA and nanomaterials could 

detect the presence of AP, but were not used for the characterisation of enzyme kinetics.258-261  

AP assays for ATP are available too. This important biomolecule was reported to have no 

significant effect on gold nanoparticles (Au NPs) and silver nanoparticles (Ag NPs), but its 

adenosine product causes their aggregation. The resulting colour change, red to blue for Au NPs 

or yellow to brown for Ag NPs, can be monitored by UV-Vis.262, 263  Although kinetic parameters 

were not reported, the colour change was time-dependent.262 One potential pitfall of this style of 

assay, however, is that non-specific aggregation of NPs could occur in complex media.262 Thus, 

later studies have employed specific recognition of ATP relative to its products, such as with a 

fluorescent perylene probe. This fluorescent sensor is quenched upon binding of ATP, but the 

fluorescence recovers after its hydrolysis.105 This assay was also sensitive to AMP and ADP, but 

PPi had no effect on the signal. Elsewhere, a fluorescently labelled structure-switching DNA 

aptamer used with AP was able to monitor AMP hydrolysis to adenosine and Pi.264 

An interesting design for specific recognition is that of supramolecular tandem assays. 

These leverage the difference in affinity of the “host” molecule for different “guest” molecules 

(e.g., fluorescent dye, substrate, product).265 For example, calixpyridinium has a higher affinity to 

bind ATP than a pyrene dye, but after the enzymatic reaction, calixpyridinium has a higher affinity 

for the dye than for the product adenosine. Thus, this strategy can monitor ATP hydrolysis via 

quenching of fluorescence upon binding of the dye to calixpyridinium.266 Conceptually similar 

assays employing different hosts and guests can monitor AP activity with the substrates PLP,267 

phosphotyrosine (PTyr),268 and phosphorylated peptides.269 
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There are also specific assays for other molecules. For example, one study leveraged DNA 

nanotechnology with the substrate ascorbic acid-2-phosphate (AAP). Silver(I) ions prevent 

formation of a G-quadruplex secondary structure, but upon conversion of AAP to ascorbic acid 

(AA), the AA reduces Ag+ to Ag0, thereby enabling formation of the G-quadruplex, which binds the 

dye Thioflavin T and increases its fluorescence.270 Although interesting and potentially useful for 

the detection of the presence of AP, AAP is not known to be a natural substrate of this enzyme.  

One study has reported detection of more than one substrate. This method employs 

histidine-protected gold nanoclusters, which oxidise the molecule 3,3′,5,5′-tetramethylbenzidine 

(TMB) in the presence of H2O2 to generate a colorimetric blue product. This peroxidase-like 

reaction of the nanomaterial is blocked by substrates containing a pyrophosphate moiety, such 

as PPi, ADP and ATP. Thus, their hydrolysis by AP enables one to detect AP via its enzymatic activity 

with UV-Vis spectroscopy. This assay, however, does not work with AMP, and presumably other 

substrates without a pyrophosphate moiety.271 It was also not used to derive kinetic parameters. 

Overall, while chemically quite impressive in many cases, a drawback common to these methods 

is that they only work for one substrate105, 256-264, 266-268, 270, 272, 273  or a class of substrates.269, 271 

Some assays of AP enzymatic function enable real-time analysis and are not substrate-

specific. In several studies, Ce3+ ions first quench the fluorescence of carbon quantum dots 

(CQDs),274 boron-doped graphene quantum dots (BGQDs),275 or the dye calcein.276 Subsequent 

AP-mediated hydrolysis of ATP releases Pi, which then forms CePO4 and increases the 

fluorescence. However, despite these methods being able to theoretically monitor any AP 

substrate, a potential problem is the Ce3+-mediated sequestration Pi, which is not only a product 

but also an inhibitor. Therefore, these assays ought to be suitable for detection of AP,272, 274-276 as 

is the intended purpose, but not for characterisation of its substrates in biological settings since 

any derived parameters may not reflect relevant systems. Another assay for determination of Pi 

employs a complex of Eu3+ and tetracycline. Binding of Pi increases the fluorescence. It faces the 

same challenge, however, as sequestration of Pi could likewise affect the kinetic parameters.277 

 Finally, a recently reported isothermal titration calorimetry (ITC) strategy, called initial rate 

calorimetry (IrCal), can monitor the activity of AP and other enzymes with biomolecules. This 
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study compared values obtained for pNPP and 4MUP with IrCal and the their respective 

spectroscopies, and also could be used to monitor the substrate ATP.100 A faster method with a 

microfluidic calorimeter was later introduced, but the authors noted that this strategy does not 

work for large slowly diffusing substrates and that it needs improvement of its sensitivity.101  

As one can see from this overview of presently available methods, simple spectroscopic 

assays able to rapidly characterise AP with biomolecular substrates in real time remain highly 

desirable and an unmet need. To conclude, it is worth repeating why FRET-based assays 

leveraging conformational change are absent from this discussion: AP is not known to undergo 

large conformational change while performing its function. 

 

1.5 Tools employed in this project 

1.5.1 DNA Nanotechnology 

It is well known that DNA plays a role in biology but using DNA to build tools at the 

nanoscale is often surprising for the non-specialist and scientist alike. There are, nevertheless, 

numerous advantages to building tools from this incredible class of biomolecule. The well-defined 

structure of DNA enables the rational design of molecular tools for an intended purpose. DNA can 

be rapidly synthesised by automated phosphoramidite synthesis (n.b., for principles of the 

method see section 6.4 Phosphoramidite synthesis of DNA). This enables rapid the exploration of 

various designs, including DNA switches,278-281 a topic which we have reviewed.282 DNA can be 

designed to respond to various inputs, including temperature,283-286 pH,287 small molecules,288-290 

metal ions,291-293 another DNA strand,294 or a protein.295-299 The sensitivity of DNA to these stimuli 

can often be rationally tuned by changing the sequence. These DNA switches and other 

structures, when coupled with a signal-generating molecule, can then provide a signal output that 

is detected by fluorescence spectroscopy, electrochemistry, and many other types of laboratory 

instrumentation. In this work, we introduce simple fluorescent DNA structures that respond to 

protein function. Below, several relevant and interesting studies are discussed. 
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 A classic example of DNA nanotechnology is the molecular beacon. It is a ~25 nucleotide 

strand with a ~5 nucleotide intramolecular complementarity region at its 5′- and 3′-ends, called 

the stem. The ends are labelled with a fluorophore and quencher pair. The remaining ~15 

nucleotide loop region is designed to bind to a target DNA strand. Since the target strand has a 

stronger interaction with the loop region than the stem does with itself, the binding of this strand 

will open the loop. This separates the fluorophore and quencher, thereby providing a fluorescent 

signal increase.300 Molecular beacons are a popular strategy for sensing in solution,301 and have 

been adapted for other platforms, such as electrochemical sensors on a gold surface.294 By simply 

changing the sequence of the loop, the molecular beacon can bind another target strand.  

Instead of binding a target DNA strand, a similar design can sense temperature as a DNA-

based nanothermometer. By changing the composition of the stem, one can tune its sensitivity 

to temperature. This is due to the Watson-Crick base pairing,302 whereby it requires more energy 

to separate guanine (G) and cytosine (C) with three hydrogen bonds than adenine (A) and thymine 

(T) with two.302 Thus, by having more G-C pairing than A-T pairing in the stem, one can increase 

the melting temperature, thereby providing a temperature-sensitive DNA structure with a 

fluorescence signal output (Figure 1.9a).283-286 Since these nanothermometers require dual-

labelling for each temperature range, other designs have leveraged a stabilising strand to adjust 

the sensing range (Figure 1.9b), multimeric nanothermometers that can improve the sensitivity 

(e.g., triplex DNA via Hoogsteen base pairing; Figure 1.9c), and multiple nanothermometers to 

extend the temperature sensing range (Figure 1.9d).286  

DNA origami enables one to build large self-organised scaffolds on the scale of ~100 nm 

from hundreds of short DNA sequences.303 Some researchers have used DNA origami to 

incorporate DNA nanotechnology with enzymes.304 In one case, glucose oxidase (GOx) and 

horseradish peroxidase (HRP) were attached to a DNA scaffold to study the effect of interenzyme 

distance for a reaction cascade. After GOx coverts glucose and O2 to gluconic acid and H2O2, the 

H2O2 product is subsequently oxidised by HRP, which in the process also converts the electron 

donor ABTS- (2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid)) to ABTS2-. Interestingly, 

having 10 nm between the two enzymes on the DNA origami scaffold enabled a significant 

enhancement of the activity of the HRP reaction. Therein, the transfer of H2O2 followed surface-  
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Figure 1.9. –  Programmable DNA nanothermometers. (a) Changing the stability of the DNA 

switch can tune the temperature-sensing dynamic range. (b) Employing stabilising strands 

enables tuning of the dynamic range without having to synthesise multiple labelled strands. 

(c) Multimeric nanothermometers can improve the sensitivity. (d) The dynamic range can be 

extended by using multiple nanothermometers. Reproduced from ref 286 with permission. 

 

limited diffusion, rather than the 3D Brownian diffusion that occurs at larger distances between 

the enzymes.305 In a  subsequent study, a DNA “swing arm” was used to channel hydrides between 

two enzymes (Figure 1.10). The enzyme glucose-6-phosphate dehydrogenase (G6PDH) oxidises 

glucose-6-phosphate while reducing NAD+ to NADH (n.b., NAD = nicotinamide adenine 

dinucleotide), and the enzyme malic dehydrogenase (MDH) reduces oxaloacetate to malic acid by 

using the NADH produced by G6PDH. Importantly, NAD+ was attached halfway between G6PDH 

and MDH (7 nm between each). Thus, the swing arm mediated the transfer of hydrides between 

the two enzymes. In addition to the distance dependence between the components to achieve 

optimal activity, it was also possible to reduce enzyme activity by substituting the ssDNA  
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Figure 1.10. –  Swing arm concept. By employing a DNA origami scaffold, the swing arm with 

attached NAD+ facilitates hydride transfer between the enzymes G6PDH and MDH. 

Reproduced from ref 306 with permission. 

 

swing arm for less flexible dsDNA.306 Previous works by the same group have also displayed 

distance dependence, such as a DNA nanotweezer that can bring NAD+ into close proximity with 

G6PDH.307 

The above-mentioned studies have used DNA to control enzyme function. Others have 

done the reverse – using enzymes to control DNA. For example, during the catalysis of glutathione 

(GSH) and 1-chloro-2,4-dinitrobenzene (CDNB), the enzyme glutathione transferase (GST) 

produces HCl. This reaction product can then close a pH-sensitive DNA switch. On the contrary, 

when using the enzyme urease, the pH-sensitive DNA switch could be opened. This is because 

urease produces NH3 and CO2 from urea, and in the process, the produced NH3 receives a proton 

from the switch. This could be tuned by varying the concentration of the components  

(i.e., substrate or enzyme), and it was reversible. It could also be adapted for strand displacement 

from the switch in the presence of an enzyme.308 

Some studies have examined enzyme-nucleic acid interaction by modifying a DNA strand 

with a fluorescent dye. For example, one study labelled ssDNA with a fluorescent dye to study the 

time-dependent 3′- to 5′-end translocation of the DNA repair protein E. coli helicase II (UvrD) 

along ssDNA. The 5′-end was labelled with the dye, which signalled the arrival of the UvrD. 
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Interestingly, labelling with fluorescein resulted in fluorescence quenching, but labelling with Cy3 

resulted in a fluorescence increase.309 Subsequent studies from the same group310-313 and 

others314-318 have employed this concept, often with Cy3, to study the kinetics and mechanisms 

of various protein-nucleic acid interactions. For example, a similar strategy was employed to 

develop a fluorescence assay for the bacteriophage T7 DNA polymerase and its conformational 

changes upon binding of a deoxynucleotide triphosphate (dNTP). Notably, this study found that 

the rate constant of the conformational change is highly dependent on the complementarity of 

the dNTP substrate in order to prevent the incorporation of an incorrect nucleobase.314 This 

approach was later called protein-induced fluorescence enhancement (PIFE) in a study of  

5′-triphosphate translocation of the protein retinoic acid inducible–gene I (RIG-I) along viral 

double-stranded ribonucleic acid (dsRNA).316 PIFE was shown to display sensitive distance 

dependence in single-molecule assays of three protein-nucleic acid systems. For example, with a 

restriction enzyme (BamHI) that binds to a specific six-nucleotide sequence on rigid dsDNA, by 

shifting this binding site it was possible to measure the distance-dependent fluorescence 

enhancement with single base pair (bp) resolution.318 Moreover, PIFE distance dependence was 

in the range of ~0-3 nm, which is below the FRET range of ~3-9 nm.318, 319 Subsequent studies 

have even integrated these two complementary distance-dependent methods.320-323  

The mechanism for the enhancement of Cy3 fluorescence has been demonstrated to arise 

via a decrease of photoisomerisation efficiency when the dye is sterically constrained by a protein. 

This is because the trans conformation of Cy3 in the excited state is fluorescent, but the cis 

conformation is not. The energy of activation for trans-to-cis isomerisation is high in the ground 

state, but this barrier is lowered in the excited state. However, isomerisation is prevented by steric 

hindrance when the dye is in close proximity to a protein, thereby favouring the fluorescent trans 

conformation.324 A recent study also found that while the Cy3 fluorescence lifetime is unaffected 

by whether the dye is at the 5′- or 3′-end of the DNA, there is a difference observed upon 

interaction of the DNA with a DNA-binding protein. Thus, the specific amino acids interacting with 

the dye can modulate the PIFE effect. In contrast to the abovementioned studies, this study 

further argued that PIFE does not display distance dependence. More specifically, the study 

reported that E. coli ssDNA-binding (SSB) protein with 5′- or 3′-labelled DNA will locate the dye in 
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a similar position on the protein, yet they display different fluorescence intensities, further 

supporting that the PIFE effect is due to specific dye-protein interaction, rather than simply 

distance. They also noted that PIFE could be achieved with flexible ssDNA that does not locate 

Cy3 near the binding site, since it can loop back and interact with the protein.325 Another recent 

study reported that PIFE depends on the initial fluorescence of the unbound Cy3-labelled DNA 

due to dye-DNA interaction. Thus, one can change the initial state (i.e., the DNA sequence) to 

modulate PIFE, and even to achieve an opposite effect, which they called protein-induced 

fluorescence quenching (PIFQ).326 

Clearly, there is more to learn about dye-protein interactions and how they can be 

leveraged to make sensors with DNA nanotechnology.327 Some studies have attributed the PIFE 

effect to distance, while others have dissented from this view. Nevertheless, PIFE remains 

advantageous because it does not require protein labelling and only requires the labelling of DNA 

with a single fluorophore. One drawback, however, is that it has remained limited to systems 

involving protein-nucleic acid interaction, which obviously precludes many other functional 

proteins. As also discussed above, various studies have employed DNA strands of different 

flexibilities and distances to modulate protein function. This thesis explores similar concepts to 

monitor protein function by employing various linkers to drive dye-protein interaction. 

1.5.2 Biotin-streptavidin interaction 

Streptavidin (SA) is a ~52.8 kDa homotetrameric bacterial protein obtained from 

Streptomyces avidinii (S. avidinii). It is known for its ability to bind up to four biotin molecules or 

other molecules with a biotin moiety (e.g., biotinylated DNA or proteins). Binding of biotin to SA 

occurs with remarkably high affinity; the Kd is about 10-14 to 10-15 M.328 This high affinity has been 

attributed to hydrogen bonding and van der Waals interactions inside the binding site, as well as 

a loop structure closing over the binding site in a manner that is analogous to a lid closing on a 

container (Figure 1.11).329, 330 Binding occurs rapidly, and it is typically unaffected by extremes of 

pH, temperature, organic solvents, denaturing agents (unless SA itself is denatured) , and 

enzymatic degradation.328, 331, 332 For example, one study reported a method to purify SA from 

the broth of S. avidinii, whereby the SA was first bound to an affinity column at pH 11 via a biotin  
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Figure 1.11. –  Crystal structure of streptavidin. Here, streptavidin (a) without and (b) with biotin 

are shown. Shown in different colours are the four subunits of SA (blue, green, grey, orange) 

and the four bound biotins (red). Figure reproduced from ref. 333 with permission. 

 

analogue that displays pH-dependent binding (iminobiotin), followed by release at pH 4 and 

quantitative recovery of SA.334 Thus, SA maintains its function over these pH extremes, but loses 

affinity for the column due to protonation of the iminobiotin. Another study observed that SA’s 

melting temperature (TM) midpoint of 75 °C increases to 112 °C upon saturation with biotin.335 

There are alternatives to SA that also bind biotin, such as avidin from chicken egg white. 

SA and avidin have low homology for their primary structure, but very similar secondary, tertiary, 

and quaternary structures.336 Generally speaking, however, SA is favoured for most applications. 

This is due to avidin’s high positive charge (isoelectric point, pI = 10) relative to SA (pI = 6.8 to 7.5). 

A modified version of avidin, NeutrAvidin (pI = 6.3), displays similar properties to SA.337 Another 

benefit of SA is that its koff for the dissociation of biotin is quite slow, about ~5-7 × 10−5 s−1.338, 339 

One study compared SA, avidin, and a new SA analogue called Traptavidin, which has an even 

slower off rate. As evidenced by the fluorescence increase of biotin-4-fluorescein upon its release 

in the presence of excess biotin, avidin displayed ~20% dissociation after 2 h, but SA only ~4%, 

and even less for Traptavidin.339 Thus, for many applications, the stability of SA ought to be 

sufficient. It balances commercial availability, cost, and functionality. 
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SA and biotin are widely used in the field of DNA nanotechnology340 and in protein 

immunoassays.328 For biotinylation of DNA, commercially available reagents allow for the 

insertion of biotin moieties at the 5′- and 3′-ends, as well as internal modifications.340 For 

biotinylation of proteins, this can be achieved by commercially available kits for non-specific 

biotinylation, and also by precise site-specific labelling.331 Note that the biotinylation of exposed 

lysine residues of a protein typically does not affect its function.341 Thus, for the above reasons, 

this thesis used SA to connect biotinylated nanoantennas with biotinylated proteins. 

1.5.3 Fluorescent dyes 

 Three naturally occurring amino acids display fluorescence emission: tryptophan (Trp), 

tyrosine (Tyr), and phenylalanine (Phe). These are abundant in proteins, and they absorb and emit 

ultraviolet light, but they display relatively low QYs, especially Phe.342 One benefit of Trp, 

however, is the high sensitivity of its fluorescence emission to the chemical environment and 

exposure to the solvent. Thus, it can be exploited to monitor the conformational change of 

proteins,55 but it can also suffer from low specificity due to the presence of multiple fluorescent 

amino acids spread out in several locations in a protein.  While many proteins do have multiple 

fluorescent Trp residues, these provide a weak signal and/or cannot provide site-specific 

information. Thus, many applications require labelling with a fluorescent dye. 

 Although numerous fluorescent dyes are available, the most popular is probably 

fluorescein (Figure 1.12). Note that molecular structures of the dyes are provided in Chapter 2 

(Figure S2.7). Fluorescein is employed in widespread applications, such as staining of cells and 

microorganisms, tracking the flow of ground water, study of corneal and conjunctival epithelial 

damage in ophthalmology, and previously, to turn the Chicago River green on Sa int Patrick’s 

Day.343 Various derivatives of fluorescein exist, such as fluorescein isothiocyanate (FITC) and its 

succinimidyl ester for conjugation to proteins, and carboxyfluorescein amidite (FAM) used in DNA 

nanotechnology.344 Although free and oligonucleotide-conjugated fluorescein differ in their 

fluorescence emission properties due to the local electrostatic potential of the nucleic acid,345  
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Figure 1.12. –  Popularity of fluorescent dyes. Number of publications per year (1991-2020) for 

several popular fluorescent dyes used in DNA nanotechnology: Fluorescein, Fluorescein+ 

(wider search), TAMRA, Cy3, Cy5, and Methylene Blue. Overall, fluorescein is somewhat more 

popular than the other dyes, but when the wider search terms are considered (e.g., FAM), it 

is significantly more popular than the other dyes. Search queries: Fluorescein (“Fluorescein” 

AND “Fluorescence”), Fluorescein+ (“Fluorescein” OR “Carboxyfluorescein” OR “5-FAM” OR 

“6-FAM” OR “FAM” OR “Fluorescein isothiocyanate” OR “FITC” AND “Fluorescence”), TAMRA 

(“TAMRA” OR “Carboxytetramethylrhodamine” OR “TMR” OR “Tetramethylrhodamine” AND 

“Fluorescence”), Cyanine 3 (“Cyanine 3” OR “Cyanine3” OR “Cy 3” OR “Cy3” AND 

“Fluorescence”), Cyanine 5 (“Cyanine 5” OR “Cyanine5” OR “Cy 5” OR “Cy5” AND 

“Fluorescence”), and Methylene Blue (“Methylene Blue” AND “Fluorescence”). Search 

performed on Web of Science, 21 December 2020. Search results were not examined in detail, 

so they likely contained some irrelevant papers, but nevertheless show a general trend. 

 

conjugating different isomers of FAM to oligonucleotides results in their displaying similar, albeit 

nonidentical, properties. More specifically, the isomers 5-FAM and 6-FAM show no significant 

difference for their UV-Vis absorption and fluorescence emission intensity, but 5-FAM displays a 

3-5 nm redshift and a broader emission spectrum.346 Thus, in most cases they ought to be 

interchangeable, but in experiments with multiple dyes, 6-FAM might be better due to less 

spectral overlap.346 An important consideration, however, is high sensitivity to experimental 

conditions. This dye’s fluorescence emission is sensitive to conjugation to proteins347 and to 

nearby nucleotides, especially guanosine.348, 349 Furthermore, fluorescein displays lower 
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fluorescence emission at acidic pH due to its protonation state,350-352 and similar pH sensitivity 

has been observed for oligonucleotide-conjugated FAM.353 Various studies have also reported 

that FAM is insensitive or just moderately sensitive to temperature,345, 353-355 with differences 

possibly due to buffer conditions, such as salt concentration.354 This has enabled the use of FAM 

in DNA nanothermometers, for example.286 In addition to sensitivity to the protonation state, as 

noted above, the sensitivity of fluorophores in general to pH and temperature can be attributed 

to increased collisional quenching.355 Some properties of FAM and the other dyes discussed 

herein are listed in Table 1.1. 

 

Table 1.1. –  Summary of reported properties for fluorescent dyes used in this project. Dye 

wavelengths from the websites of Biosearch Technologies (FAM, ROX, Q570, Q670, P650), 

Glen Research (Cy3, Cy5, TAMRA), and refs 356, 357 (MB). 

Name λex (nm) λem (nm) Sensitive to temperature? Sensitive to pH? Comment 

FAM 498 520 None / Moderate High Popular 

TAMRA 565 580 Moderate No - 

ROX 575 602 No No - 

CAL 540 561 ? ? Relatively new 

Cy3 

(and Q570) 

546 

(550) 

563 

(570) 

High Yes Fluorescence enhanced by DNA 

and proteins 

Cy5 

(and Q670) 

646 

(644) 

662 

(670) 

High Yes Degradation by ozone 

MB 670 690 ? No NIR emission 

P650 460 650 ? ? Large Stokes shift 

 

 

Another popular fluorophore choice is the rhodamine family of dyes. Rhodamines share 

the same triphenylmethane backbone as fluorescein but differ in that they have nitrogen atoms 

in the place of fluorescein’s exocyclic oxygen atoms. Unlike fluorescein’s green fluorescence 

emission, the rhodamines used in this project emit yellow/orange light (Table 1.1). While many 

types of rhodamine dyes exist, often with ambiguous nomenclature,358 emphasis here is on those 

employed in this project, such as carboxytetramethylrhodamine (TAMRA) and carboxyrhodamine 
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(ROX). Concerning their properties, TAMRA is moderately sensitive to temperature354, while ROX 

and the structurally similar Texas Red are not.354, 355 Both have been reported to be insensitive to 

pH.359, 360 Furthermore, TAMRA, and the structurally similar tetramethylrhodamine (TMR), are 

sensitive to quenching when proximal to guanosine. 348, 361 On the other hand, Texas Red is more 

sensitive to quenching by adenosine,348 and presumably, this also applies to ROX. Another 

rhodamine fluorophore employed herein is Cal Fluor Orange 560 (CAL). Its sensitivity to 

temperature and pH have not been reported. 

The cyanines are another popular family of fluorophores.362 Here we focus on the well-

known Cyanine 3 (Cy3) and Cyanine 5 (Cy5), and their respective analogues with similar 

properties, Quasar 570 (Q570) and Quasar 670 (Q670). Cy3/Q570 and Cy5/Q670 differ in the 

length of their polymethine chain, while Cy3 and Q570 (and, likewise, Cy5 and Q670) differ in their 

chemical connection to the oligonucleotides (n.b., the dye chemistry is discussed and shown later 

in Chapter 2). Cy3 and Q570 display yellow fluorescence emission, while Cy5 and Q670 display 

red fluorescence emission. These dyes are popular for protein- and oligonucleotide-labelling 

applications. The fluorescence emissions of Cy3 and Cy5 are highly sensitive to temperature.354, 

355 The fluorescence of cyanine dyes tends to decrease with temperature, but increases with 

viscosity.363 They are also sensitive to pH.364 Their fluorescence is affected by proximity to 

nucleotides,348 and these effects are sequence-dependent.365-367 Interestingly, while most dyes 

tend to be quenched by nearby nucleotides, Cy3 undergoes fluorescence enhancement.348, 365, 366 

A similar effect has been observed for its interaction with proteins,118, 368 which has been exploited 

in the abovementioned PIFE used to study protein-oligonucleotide interactions.309, 314, 316, 318-320, 

326 This contrasts with fluorescein, which can be quenched by interaction with proteins.120, 369 Cy3 

and Cy5 are also employed as a donor-acceptor pair in FRET, as are fluorescein and Cy3, as well 

as fluorescein and various rhodamines.370 Finally, one notable detriment of Cy5 relative to Cy3 is 

the former’s susceptibility to ozone-induced degradation, which can affect signal intensity 

reproducibility;371 a problem this project experienced with Q670. 

Lastly, other fluorophores were also employed in this study. Methylene Blue (MB) is best 

known as a drug to treat the blood disorder methemoglobinemia372 and as a redox probe in DNA-

based electrochemical sensors.297, 298 MB fluorescence is not sensitive to pH.356 One advantage of 
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MB as a fluorophore is that its emission is in the near-infrared (NIR) range, which is useful for the 

study of samples that exhibit a high fluorescence background in the visible range (e.g., ureters 

surgery, detection of breast cancer).356, 357 This study also explored Pulsar 650 (P650), which is 

based on the Ru(bipyridine)3 complex. Although it emits a weaker fluorescence signal, it displays 

a large Stokes shift.373 

1.5.4 Molecular docking simulations 

Molecular docking, shortened herein to just “docking”, is a form of molecular modelling. 

It involves prediction of the structure of receptor-ligand complexes and the intermolecular 

interactions that stabilise the complex. The receptor is typically a protein, and the ligand is either 

a small molecule or another protein.28, 374 In the early days of interactive molecular graphics 

software, researchers would attempt to find apparent chemical and geometric complementarity 

between two molecules (“Does this fit here?”). Later developments in docking software and 

protocols automated the search for complementarity and made the process more objective.374 

Early docking involved prediction and reproduction of known protein-ligand complexes, such as 

heme-myoglobin interaction.375 Docking is widely used for drug discovery via structure-based 

drug design (SBDD).28, 374  This is incredibly useful since it enables rapid in silico pre-screening of 

potentially millions of compounds from a database with a protein target before conducting 

laboratory experiments to evaluate their bioactive properties (e.g., binding affinity, efficacy). This 

narrows down the number of candidate drugs for in vitro experiments to dozens or hundreds, 

which might be available or might even require novel chemical synthesis.28, 376  This process saves 

time and money, and can enable discovery of drugs that might not have been found otherwise. 

Docking relies on experimentally determined 3D protein structures often obtained by XRC, 

NMR, and cryo-EM28 that are found in the Protein Data Bank (PDB; https://www.rcsb.org). There 

are currently more than 170000 macromolecular structures in this database. In spite of this 

collective achievement, however, only a small fraction of the protein sequences available on the 

UniProt database (https://www.uniprot.org) have corresponding structures on the PDB.377, 378 To 

overcome this limitation, one can build a homology model via a known protein sequence (target) 
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and a known structure of a similar protein (template).379 This can be achieved, for example, via 

the SWISS-MODEL web server (https://www.swissmodel.expasy.org).377, 380  

The principle of docking is summarised here.28 First, one obtains the structure of the ligand 

(Figure 1.13a) and protein (Figure 1.13b). The molecule is docked into the cavity on the protein. 

On Swiss-Dock (http://www.swissdock.ch), this is done automatically by uploading the two 

structures. From this step, a variety of potential poses are obtained (Figure 1.13c). One then 

identifies the most likely conformation of the ligand and its interactions with the protein  

(Figure 1.13d), for instance, by the structure with the lowest energy. Determination of this energy 

involves two steps: 1) exploring the many conformations of various possible binding modes, and 

2) prediction of the interaction energy for each conformation. For the first step, structural 

parameters of the ligand are modified (e.g., torsional degrees of freedom) (Figure 1.13e). For this, 

there are two types of methods to generate an ensemble of all possible conformations to find the 

lowest energy conformation, systematic and stochastic. A systematic search goes through each 

rotatable bond while holding others fixed to probe the energy landscape of every possible 

conformation’s interaction with the protein. Eventually, it will converge to the most likely binding 

mode to find the global minimum. Getting stuck in a local minimum is avoided by starting from 

multiple distinct conformations (Figure 1.13f). The other method, a stochastic search, involves 

random changes to the ligand’s structural parameters to probe the energy landscape  

(Figure 1.13g). For prediction of the interaction energy of ligand-protein complexes, the algorithm 

considers factors such as intermolecular interactions, desolvation, and entropic effects. More 

parameters result in greater accuracy but come with a reduction of speed. Thus, energy scoring 

functions often balance accuracy with speed.28  

Although most often used to screen drugs in silico, docking also has been used to study 

the interaction of various proteins with dyes, such as fluorescein and its derivatives,381-384 

cyanines,385, 386 and others.387, 388 In this project, docking was employed to understand how the 

dye component of various nanoantennas interacts with the target protein, AP. At present, crystal 

structure data is only available for APs with various inhibitors107, 108, 112 as well as product 

molecules.108, 389 Docking was performed on the SwissDock webserver,390, 391 and analysis 

performed using UCSF Chimera software.392 SwissDock is advantageous because it is designed for 
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Figure 1.13. –  Overview of molecular docking. Example structures of the (a) ligand and (b) 

protein. (c) The ligand at the binding site of the protein has many possible conformations. (d) 

After determining the most likely conformation, one can examine the ligand-protein 

interaction. (e) An example molecule with two dihedral angles (Φ1 and Φ2) that determine its 

conformation. (f) By the systematic search or the (g) stochastic search of the energy 

landscape, the algorithm can determine the local (blue circles) or global (red circles) energy 

minimum. Figure reproduced and modified from ref 28 with permission. 
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use by non-specialists who are outside the field of medicinal chemistry, plus it does not require 

any coding knowledge. In addition to that, all computations are performed on the server side, so 

the user does not require complicated software and high-level computational resources. 

1.5.5 Molecular dynamics simulations 

Molecular dynamics (MD) simulations explore the motions of individual atoms of a larger 

molecule by modelling the velocity and position of each atom as a function of time, such as the 

internal motions and conformational changes of proteins.393, 394 These simulations can investigate 

events that happen too quickly to be easily measured experimentally393 and provide mechanistic 

information about biomolecular phenomena.29 MD simulations can be used to study protein 

folding and assembly395 and ligand-protein interactions.396, 397 

 In an ideal world, one would predict the properties of a (macro)molecule via the time-

dependent Schrödinger equation from first principles (ab initio).29 In reality, however, it is 

necessary to make empirical approximations, especially for large systems consisting of many 

atoms where the size and timescales become prohibitively expensive in terms of computational 

resources.398 MD simulations use macroscopic properties instead of a more precise quantum 

mechanical wavefunction description of the electrons, and therefore, they leverage a 

combination of Newtonian mechanics and empirical parameters. These are employed to calculate 

the interactions, and to describe the energy of a protein (or other system), as a function of its 

atomic coordinates – called a force field.29, 398-400 It is also possible to employ more demanding 

quantum mechanics for a region of interest in order to improve results, such as an active site.394 

 Although MD simulations could be performed in a vacuum, real systems usually have a 

solvent, so MD simulations typically have one too. In one example for the protein lysozyme, it 

required 6000 water molecules to solvate. This increased the number of atoms from 2,900 to 

more than 20000.29 This illustrates why MD simulations over a long timescale can be 

computationally demanding and require approximations. After adding the water, the next step is 

to minimise the system. It is not necessary to reach the energetic minimum, but it is important to 

not start the simulation very far from equilibrium because it could crash or distort the system. 29 
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 After running the MD simulation, various results can be obtained. One is the root mean 

square deviation (RMSD), used to measure changes of the protein backbone from its initial to final 

conformations over time.378  This can be used, for example, to investigate the stability of native 

and mutant forms of a protein,401 or the stability of a protein-ligand complex.28 Another result 

obtained from MD simulations is the root mean square fluctuation (RMSF).378 For this, the 

fluctuation of each amino acid is plotted for the entire sequence, and it is also useful for the study 

of mutations378 and ligands.402 Another application is studying the dynamics of complex formation 

and dissociation, whereby one can observe and even quantify the energy landscape and kinetics 

of these processes.376 Finally, one can make a movie of the MD simulation for the purposes of 

presentation of these processes in a straightforward manner.29 

This project uses MD simulations for two distinct purposes. In one case, the AP-dye 

complexes determined by docking were further examined with MD. The purpose of these 

simulations was to estimate the stability of the predicted binding sites for three dyes on AP. By 

gaining a better understanding of how dyes interact with AP, it sheds light on the mechanism of 

how the nanoantenna strategy can monitor enzyme function. In the second case, MD simulations 

involved the entire nanoantenna-SA-bAP complex. This enabled better understanding and 

visualisation of dye interaction near the enzyme’s active site. Previous works have employed MD 

simulations to study the interactions of dyes and DNA,365, 403, 404 dyes and proteins,387, 388  and DNA 

and proteins.405 
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Chapter 2 – Fluorescent nanoantennas and their mechanism 

2.1 Introduction 

In Chapter 1, we discussed the existing methods to characterise protein function, with an 

emphasis on the enzyme, alkaline phosphatase (AP). These methods were grouped into three 

categories. First, there are synthetic substrates that, upon hydrolysis, generate a signal change 

detectable by UV-Vis spectroscopy, fluorescence spectroscopy, or other techniques. Their 

detriment, however, is that they do not represent biomolecular substrates of the enzyme. 

Second, there are substrate-specific assays. Their shortcoming is that a different assay will be 

needed for each substrate, and furthermore, such assays might not be available for other 

substrates of interest. Moreover, these methods are not typically used to study AP with 

biomolecular substrates.138, 141, 168, 406-408 Third, there is the classic malachite green assay,106 plus 

new variations of it and other strategies.253 While useful for biomolecules, this classic assay 

cannot detect their hydrolysis in real time, plus it is a time-consuming and labourious technique.  

We previously summarised the general idea of our biosensing strategy in Figure 1.7. This 

present chapter is about optimisation of our new method and understanding its mechanism. As 

described in the previous chapter, a nanoantenna has a fluorescent dye at one end, such as 

fluorescein (FAM), and biotin at the other end. The linker between them can be made from a 

flexible component, such as single-stranded DNA (ssDNA) or polyethylene glycol (PEG). The 

experiment starts with the nanoantenna in solution. Streptavidin (SA) is then introduced into the 

cuvette. This tetrameric protein has four biotin-binding sites that can capture the biotinylated 

nanoantennas with high affinity. Concurrently, signal quenching is observed due to FAM-SA 

interaction.120-122 Together, these are called the nanoantenna-SA platform. Next, biotinylated AP 

(bAP) is introduced to the cuvette. Although the binding is slower, typically several minutes, a 

stable nanoantenna-protein complex will eventually form, which is also indicated by a fluorescent 

signal change due to dye-AP interaction. Finally, we observed that the FAM dye can sense events 

happening locally at the enzyme. For example, this enables real-time monitoring of the enzyme’s 

transient substrate-bound state. 
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2.2 Tuning the linker 

The nanoantenna-SA platform used to drive dye-protein interaction is convenient 

because, unlike covalent attachment strategies, it enables rapid testing of different 

nanoantennas. Indeed, covalently attaching dozens of different labelled DNA strands to a protein 

of interest could take many weeks of work for synthesis and purification, plus a lot of material. 

With the nanoantenna-SA platform, many nanoantennas can be assessed in a matter of hours, or 

at most, a few days. Moreover, in our experience, only a small amount of a given nanoantenna 

solution needs to be tested, so it can be saved for many other experiments. 

We first explored how dye-protein interactions can be impacted by nanoantenna linker 

length (as measured in number of nucleotides, LX), ratio of nanoantennas to SA, and composition 

of the nanoantennas. As a “no linker” L0 nanoantenna, we selected a biotin-fluorescein conjugate. 

A previous study of a similar biotin-fluorescein conjugate and an SA mutant found that upon 

binding to SA via its biotin, its fluorescein moiety will be located just outside the biotin-binding 

site.409 This short nanoantenna displayed significant fluorescence quenching upon binding (Figure 

2.1a). Using single-stranded DNA (ssDNA), we increased the linker length to L6 and to L12, thereby 

enabling FAM to interact with more of the SA surface. These nanoantennas displayed moderate 

quenching but were similar to each other (Figure 2.1a), suggesting that their FAMs could bind to 

similar sites on SA (n.b., this site is explored more in section 2.5). The longer L24 and especially 

L48 nanoantennas displayed reduced quenching (Figure 2.1a), suggesting weaker dye-protein 

interactions due to the lower effective concentration of the dye near SA. Alternatively, it is also 

possible that they could reach a higher affinity site, but which results in smaller fluorescence 

quenching. We also increased the ratio of nanoantennas added per SA. In this case, more 

quenching was observed with more nanoantennas (Figure 2.1b). We then varied the linker 

composition. A more flexible, hydrophilic, and less charged PEG-based nanoantenna was 

estimated by density functional theory (DFT) calculations to have a length equivalent to ~21 

nucleotides (L21; Figure 2.2). This nanoantenna improved the FAM-SA interaction, as evidenced 

by increased quenching (Figure 2.1c). In contrast, a less flexible double-stranded DNA (dsDNA) 

L24 nanoantenna prevented the FAM-SA interaction (Figure 2.1c). 
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Figure 2.1. –  Relative signal change for different linkers. Here, panels (a-c) represent the 

relative signal change for the nanoantenna binding to SA, and panels (d-f) represent the 

relative signal change for the subsequent binding of bAP. Parameters changed were the (a,d) 

linker length, (b,e) ratio of components, and (c,f) linker composition. See Supplementary 

Figure S2.1 for spectra. The cartoons represent the binding steps as shown in Figure 1.7. 
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Figure 2.2. –  PEG Linker Length. Since we compared nanoantennas based on their length in 

nucleotides, we aimed to determine the length of the PEG nanoantennas expressed in these 

units. We performed density functional theory (DFT)410, 411 computations with the B3LYP 

functional412-415 and the 6-311++G** basis set416-420 to find the length of one PEG unit 

produced by the Spacer 18 amidite. From Point 1 to Point 2, where the next nucleotides would 

be located, the computed length is 21.436 Å. From Point 1 to Point 3, the maximum distance, 

the computed length is 23.547 Å. Based on dsDNA having a length of 3.4 Å per nucleotide,421 

one PEG unit, therefore, corresponds to 6.3 or 6.9 nucleotides, respectively. Since our main 

PEG-based nanoantenna was made from three PEG units and one unit of FAM-modified 

thymine (often called TFAM or T 6-FAM), this results in a length of 19.9 or 21.8 nucleotides, 

respectively. Note that we did not count biotin in the length of any nanoantennas since it will 

be buried inside of streptavidin. Thus, by analogy, one could call it the ca. L21 PEG 

nanoantenna. We also used a longer PEG nanoantenna in Figure 2.6c, which is made from six 

PEG units. It similarly corresponds to 38.8 or 42.6 nucleotides, so one could call it the ca. L41 

PEG nanoantenna. While this comparison with DNA length is imperfect,422 it nevertheless 

helps to put the lengths of the nanoantennas into context. 

 

Linker length and composition, and the nanoantenna to SA ratio, likewise affected the 

monitoring of protein binding to SA. As expected, due to its short length, L0 did not detect the 

binding of bAP to the nanoantenna-SA platform (Figure 2.1d). The longer L6 and especially L12 

nanoantennas enabled FAM to detect bAP attachment, but L24 and especially L48 seemed to be 

too long to result in a high local concentration of FAM near bAP (Figure 2.1d). Sensitivity to bAP 

binding was also affected by the ratio of nanoantennas added per SA. Compared to adding just 

one nanoantenna per SA, adding two nanoantennas per SA led to higher relative signal increase 
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upon bAP addition, with smaller improvements for three and four nanoantennas. Adding four 

nanoantennas per SA still resulted in a signal change upon introduction of bAP (Figure 2.1e). Since 

SA has only four biotin-binding sites, this suggests that steric hindrance and/or electrostatic 

repulsion play a role in assembly.123 We decided to add 3 nanoantennas per SA to maximise 

fluorescent signal change without taking the risk of filling all biotin-binding sites, as might occur 

under a change of conditions. This aspect is discussed in further detail at the end of this section. 

As expected, we also observed that a flexible PEG linker enabled good FAM-bAP interaction, while 

a less flexible dsDNA linker did not (Figure 2.1f). Moreover, PEG linkers were less sensitive to pH 

variation, likely due to increased repulsion between negatively charged DNA linkers and proteins 

(Figure 2.3). These factors are summarised in Figure 2.4. 

 

 

Figure 2.3. –  PEG nanoantennas are less sensitive to pH variation than are DNA nanoantennas. 

The L12 ssDNA nanoantenna is less sensitive to the protein binding steps at alkaline pH, likely 

due to charge-charge repulsion between the negatively charged DNA linkers and proteins. The 

PEG nanoantenna has fewer phosphates, and therefore, less negative charge. Note that the 

isoelectric points (pI) of SA336, 423 and AP424, 425 are approximately 6 and 5.5, respectively. Note 

also that fluorescence signal is normalised due to pH sensitivity of the FAM dye.426 Conditions: 

150 nM L12 ssDNA nanoantenna or L21 PEG nanoantenna, 50 nM SA, and 50 nM bAP in 200 

mM Bis-Tris (pH 6.0) or 200 mM Tris (pH 7.0, 8.0, 9.0) or 200 mM CAPS (pH 10.0, 11.0) and 

300 mM NaCl (all), 37 °C.  
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Figure 2.4. –  Tuning the nanoantenna linker for optimal signalling. Nanoantennas that are  

(a) too short, (b) too long, or (c) too rigid will prevent FAM-bAP interaction in the 

nanoantenna-SA-bAP complex. (d) A bad ratio of components, for example, too many 

equivalents of nanoantennas added per SA, will prevent bAP from binding to the 

nanoantenna-SA platform. (e) Likewise, steric hindrance, for example, when employing a 

bulky molecular beacon nanoantenna, will prevent bAP from binding to the nanoantenna-SA 

platform. (f) A buffer with high alkaline pH will hinder formation of the nanoantenna-SA-bAP 

complex due to negative charge-charge repulsion, but this can be mitigated by using PEG-

based rather than DNA-based nanoantennas. (f) Representation of a nanoantenna-SA-bAP 

complex when the nanoantenna is optimised in terms of length, flexibility, ratio of 

components, etc. Note that there are likely more than one nanoantenna and bAP per SA, but 

one of each is shown here for simplicity. 
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Figure 2.5. –  Molecular dynamics (MD) simulation of a possible nanoantenna-SA-bAP 

complex. During the 100 ns simulation, the nanoantenna locates the FAM dye closer to its 

binding site near the enzyme’s substrate-binding active site. 
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To further explore our hypothesis of the nanoantenna-SA platform mediating the 

interaction of FAM with bAP, we employed a molecular dynamics (MD) simulation by working in 

collaboration with Dr. Maximilian C. C. J. C. Ebert. The complex used in the simulation was based 

on the L12 optimal length nanoantenna, the crystal structure of SA,427 and a homology model of 

AP (n.b., details about the homology model are in section 2.5). However, we did not know which 

lysine residues of AP are biotinylated by the manufacturer, so we selected an exposed lysine that 

could plausibly be biotinylated. The MD simulation revealed that the FAM could reach the bound 

bAP, supporting our hypothesis regarding the dye-enzyme interaction (Figure 2.5). Of course, we 

chose the configuration of the nanoantenna-SA-bAP complex in the MD simulation, whereas in 

reality, it would consist of many different configurations. Likewise, we choose the exposed lysine 

residue, but others could be biotinylated too, so this result should be interpreted with that in 

mind. Nevertheless, if one considers that the nanoantenna’s length is comparable to 

approximately one monomer of the AP dimer, then it is plausible that the nanoantenna could 

locate its FAM on AP under multiple different configurations of these components. Overall, the 

simulation supports our hypothesis that FAM on a L12 ssDNA nanoantenna can reach bAP. Note 

that in section 2.5 the probable FAM binding site on bAP will be discussed. 

We next investigated the mechanism by which the nanoantennas generated a transient 

fluorescence spike during hydrolysis of the substrate, p-nitrophenylphosphate (pNPP). As 

expected, the most sensitive nanoantennas for probing bAP attachment were also the most 

sensitive for probing its catalytic activity (Figure 2.6). The largest fluorescence spike occurs with 

the L12 ssDNA nanoantenna, when compared to the shorter and longer ssDNA nanoantennas 

(Figure 2.6a). Employing a L12 poly-thymine (PolyT) nanoantenna provides a similar spike 

intensity to the L12 ssDNA nanoantenna (Figure 2.6b). As was the case with the protein binding 

steps, dsDNA nanoantennas are less sensitive (Figure 2.6c), while PEG-based nanoantennas are 

more sensitive (Figure 2.6c). We also explored the ratio of nanoantennas to SA and bAP. A 

nanoantenna:SA:bAP ratio of 3:1:2 provided a good trade-off between high fluorescence signal 

and the ability of the biotinylated enzyme to bind the remaining biotin-binding site. This 

corresponds to most experiments using this ratio with concentrations of 150 nM nanoantenna, 

50 nM SA, and 100 nM bAP. Indeed, using a ratio of 12:1:2 prevented monitoring of pNPP 
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hydrolysis (Figure 2.7). Furthermore, by employing a 36-nucleotide nanoantenna that forms a 

molecular beacon,286, 300 the system requires a ratio of components of 6:1:2 to achieve its optimal 

signal (Figure 2.6d). This is attributed to steric hindrance of the bulky secondary structure of this 

DNA requiring a higher concentration to drive assembly of the nanoantenna-SA platform, and in 

turn, this bulkier structure preventing bAP binding.123 

It is important to note that adding a ratio of 3 nanoantennas per SA does not mean that 

all SAs in the solution will have three bound nanoantennas. By assuming that all biotin-binding 

sites are equivalent and that complete binding occurs at nM concentration (Kd = 10-14 M), one can 

calculate which biotin-SA complexes will form via a binomial distribution.123 For a 3:1 ratio, the 

calculation indicates that 0.4% of SAs will have zero bound nanoantennas, 4.7% one, 21.1% two, 

42.2% three, and 31.6% four. In other words, there will be almost no free streptavidin, few 1:1 

complexes will be formed, and the substantial amount of fully saturated 4:1 complexes formed 

will be unable to bind the bAP. Thus, theoretically, bAP in most cases would only have the 

possibility to bind to complexes that have two or three nanoantennas. However, the data in Figure 

2.6d show that unlike in the theoretical calculation’s assumption that all nanoantennas bind, in 

the present experimental system it is clearly not the case. This suggests that steric hindrance 

and/or electrostatic repulsion reduce binding. Thus, the above calculation should be considered 

as an example of the diverse population of complexes that could be formed, rather than a 

concrete determination of the actual ratios formed in this system.  
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Figure 2.6. –  Optimal nanoantenna length, composition, and ratio for monitoring of pNPP 

hydrolysis. (a) The L12 ssDNA nanoantenna displays the largest spike intensity during pNPP 

hydrolysis. Nanoantennas that are too short (L0, L06) or too long (L24, L48) have reduced 

FAM-bAP interaction, and therefore, a weaker signal during hydrolysis. Adding a cDNA strand 

(L12, L24, L48) to form a dsDNA nanoantenna makes it too rigid for FAM to interact with bAP 

in most cases, although the L12 dsDNA nanoantenna still provides a good spike intensity 

during pNPP hydrolysis. (b) L12 ssDNA and L12 PolyT nanoantennas of equal length give similar 

spike intensities during pNPP hydrolysis. (c) PEG-based nanoantennas also display length 
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dependence for the spike during pNPP hydrolysis. (d) The spike intensity during pNPP 

hydrolysis depends on the ratio of nanoantennas added. The nanoantenna:SA:bAP ratio of 

3:1:2 gives the best spike intensity with the L12 PolyT nanoantenna, but a bulkier  

36-nucleotide molecular beacon nanoantenna requires a ratio of 6:1:2 (i.e., more 

nanoantennas) for its optimal signal due to steric hindrance. (e) The spike intensity during 

pNPP hydrolysis also depends on the ratio of bAP added. The nanoantenna:SA:bAP ratio of 

3:1:3 is optimal, although to balance enzyme cost versus signal output, in most cases we used 

3:1:2. Thus, most experiments used this ratio with concentrations of 150 nM nanoantenna, 

50 nM SA, 100 nM bAP. Depending on the enzyme lot-to-lot variation, sometimes less enzyme 

was used to slow down the overall kinetics to obtain more data points per fluorescence 

signature in order to increase fitting accuracy (this aspect is discussed later in Chapter 3). 

Conditions: 100 µM pNPP, 200 mM Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. The cartoon 

represents the catalysis step as shown in Figure 1.7. 

 

 

Figure 2.7. –  Saturating streptavidin with nanoantennas prevents bAP binding. In (a), the 

nanoantenna:SA ratio is 3:1, which allows for subsequent binding of bAP and detection of 

pNPP hydrolysis. In (b), where the ratio is increased to 12:1, the platform is saturated and 

cannot efficiently detect bAP and pNPP hydrolysis. 
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2.3 Origin of transient fluorescence spike 

We next examined the origin of the fluorescence spike observed during pNPP hydrolysis. 

No spike occurred when there was no hydrolysis reaction, such as upon addition of the reaction 

products, p-nitrophenol (pNP) and inorganic phosphate (Pi) (Figure 2.8a-b), or when using an 

enzyme without phosphatase activity (Figure 2.8c). We then tried a system with two types of 

nanoantennas: one without biotin but with FAM (“Global”) and one with biotin but without FAM 

(“Dummy”). With these, we also did not observe a spike upon addition of pNPP (Figure 2.8d). We 

further checked whether we could monitor the function of the enzyme by its intrinsic tryptophan 

(Trp) fluorescence, rather than by using the nanoantennas.55 For this, we used non-biotinylated 

AP since the bAP sample has bovine serum albumin (BSA) added by the manufacturer as a 

stabiliser, which also displays Trp fluorescence. However, we did not observe a signal change upon 

addition of substrate under various conditions (Supplementary Figure S2.2). We also tried to 

detect the hydrolysis reaction using a protein-binding dye, 8-anilinonaphthalene-1-sulfonic acid 

(ANS).57 Although we could detect ANS binding to AP at high concentrations of the enzyme, this 

dye could not detect AP function (Supplementary Figure S2.3). We did, however, observe a spike 

with other nanoantenna attachment strategies, including covalent attachment to surface-

exposed lysine residues of AP (Figure 2.9a,b; synthesised by Xiaomeng Wang, see section 6.1.10 

Preparation of nanoantenna-AP covalent conjugate), and by using a commercially available  

SA-AP conjugate (Figure 2.9c). We could also observe the spike under various buffer conditions 

(Supplementary Figure S2.4), such as Tris, MOPS, HEPES and PIPES buffers. Furthermore, even 

after storage of the nanoantenna-SA-bPA complex in our standard buffer for over 100 days in the 

refrigerator, it was still possible to monitor the pNPP reaction (Supplementary Figure S2.5). 
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Figure 2.8. –  The fluorescence spikes only when there is a hydrolysis reaction and when the 

nanoantennas are close to the enzyme. The spike is only generated following substrate 

hydrolysis when bAP is bound to the nanoantenna-SA platform. (a) Typical nanoantenna 

fluorescence signal used to monitor pNPP hydrolysis. (b) Addition of the reaction products, 

p-nitrophenol (pNP) and inorganic phosphate (Pi), does not give a fluorescence spike because 

there is no hydrolysis reaction. (c) Using an enzyme without phosphatase activity and which 

will not hydrolyse pNPP (e.g., biotinylated glucose oxidase, bGOx), does not give a 

fluorescence spike because there is no hydrolysis reaction. (d) Here, the “Dummy” 

nanoantenna does not have the dye (i.e., no FAM) but it is still attached to SA via its biotin, 

while the “Global” nanoantenna has FAM but it is not biotinylated and instead is free in 

solution. Thus, the hydrolysis reaction of pNPP still occurs, but this system does not monitor 

it since there is no substantial FAM-bAP interaction. Conditions: 150 nM L12 PolyT 

nanoantenna, 50 nM SA, 150 nM bAP and 100 µM pNPP in 200 mM Tris, 300 mM NaCl, 1 mM 

MgCl2, pH 7.0, 37 °C. 
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Figure 2.9. –  Alternative attachment strategies of nanoantenna to protein also work. (a) Here, 

3′-thiolated L12 ssDNA nanoantennas were covalently attached to the lysine residues of AP 

(see section 6.1.10 for method). Note that calf intestinal AP has 21 lysine residues per 

monomer.428 This nanoantenna-AP conjugate displays a spike during pNPP hydrolysis similarly 

to the nanoantenna-SA-bAP complex. Although significant synthesis steps are involved, it may 

be desirable for applications for which one does not wish to use the biotin-SA platform. Note 

that the power was reduced from 635 V to 450 V due to the high baseline. (b) As a control, 

unattached thiolated nanoantennas and unconjugated AP do not display a spike during pNPP 

hydrolysis. Conditions: ~40 nM nanoantenna-bAP conjugate and 100 µM pNPP in 200 mM 

Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. (c) Here, a commercially prepared conjugate 

of SA covalently attached to AP (SA-AP) was used. The kinetic signature is shown for the PolyT 

L24 nanoantenna binding to SA-AP that results in fluorescence quenching, followed by pNPP 

hydrolysis (100 μM) that results in a spike. (d) Without knowledge of the protein conjugate’s 

molecular weight due to an unknown number of conjugated SAs added by the manufacturer, 

we instead optimised using SA-AP volume (1, 2, 3, 4, 5, 7 and 14 μL SA-AP; with triplicate 

measurements for 2 to 5 μL near the apparent maximum). Even after this optimisation, 

however, the spike intensity during pNPP hydrolysis remains weaker compared to using the 

SA and bAP strategy. Overall, these results show that no matter which attachment strategy is 

used, and despite some being better than others, FAM will still find its binding site on the AP 
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enzyme. Conditions: 150 nM nanoantenna, 1 to 14 μL SA-AP and 100 µM pNPP in 200 mM 

Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 

 

2.4 Nanoantennas are sensitive to small chemical modifications 

Note to the reader: The previous experiments in this chapter were performed with bAP 

from a commercial supplier. However, we subsequently experienced substantial lot-to-lot 

variation. In summary, the first orders of bAP (n.b., several lots but collectively referred to as the 

first for simplicity) that we used while initially exploring the nanoantenna concept all displayed 

similar function and kinetics for pNPP hydrolysis. Then, a subsequently received second lot did 

not work for the nanoantenna sensing strategy. As part of our efforts to overcome this problem, 

we biotinylated AP ourselves via a biotinylation kit (see section 6.1.9 Preparation of biotinylated 

AP). We used this bAP in some experiments, including this section. To differentiate it from the 

commercial bAP, we called it the “homemade bAP”. This bAP displayed similar kinetics to the first 

lots of commercial bAP (details about this are in Chapter 3). However, after discussion with the 

manufacturer, who agreed to make a new lot of bAP, we found that this third commercial lot 

worked well again for the nanoantenna strategy, albeit with faster kinetics (also more details in 

Chapter 3). Although we did not determine why the second lot of bAP did not work, it might be 

due to enzyme sample variation,428-433 and if so, this problem could possibly be prevented by 

employing a recombinant AP.434 Another possible origin of the problem could be a lack of 

optimisation of the biotinylation procedure, although we did not explore it. Biotinylation typically 

does not affect AP function,435 but the nanoantenna strategy could plausibly be affected by 

different biotinylation procedures. Overall, these observations suggest that most preparations of 

bAP should work with the nanoantenna strategy, although there might be some problems 

concerning enzyme variation and biotinylation procedure standardisation. Note that all 

comparisons shown in a given figure in this thesis were performed with the same lot of bAP. 

Incidentally, this problem having occurred at this stage of the project was fitting because this 

section discusses how subtle differences in chemistry can affect the dye-protein interactions. 
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We observed that the intensity of a nanoantenna’s fluorescence in the different states 

(i.e., after addition of SA, bAP and pNPP) was sensitive to small chemical modifications. We tested 

this by employing a dsDNA nanoantenna, whereby the L12 ssDNA nanoantenna with the FAM dye 

at the 5′-end was bound to a complementary DNA strand (cDNA) containing the chemical 

modification at its 3′-end (Figure 2.10a). These modifications included phosphate, a hydrophobic 

C16 alkane chain, another containing a disulfide, and one with a thiol group (sulfhydryl group) 

(Figure 2.10b). These affected the signal change observed for the SA and bAP binding events, 

although they did not affect the sensitivity of the nanoantenna toward pNPP hydrolysis (Figure 

2.10c,d). 

Likewise, we also tested distinct locations of FAM on the DNA linker. This was done by 

comparing 5′-end thymine modified with FAM (T 6-FAM), which was used in the above 

experiments, with 5′-end 6-FAM, 5′-end 5-FAM, and 3′-end 5-FAM (Figure 2.11a). The chemical 

connection of FAM to the linker differed, so the experiment was not simply a difference of having 

5′-end FAM versus 3′-end FAM, but also 5-FAM isomer versus 6-FAM isomer, and two different 

attachment chemistries for 6-FAM. Another difference is that the chemical connection to the DNA 

linker of 5′-end 5-FAM is longer than that of 3′-end 5-FAM. These differences in the local 

environments of the dyes could affect their fluorescence emission. For example, since the 

quenching efficiency of FAM by nucleobases follows the order of G > A > C ≈ T,348 and the sequence 

of this DNA nanoantenna is 5′-TTATTGATCGGC-3′, this resulted in the initial fluorescence of the 

unbound nanoantennas being dissimilar. More specifically, the fluorescence of the 3′-end 5-FAM 

was about half as intense as those at the 5′-end. On the other hand, as expected,346 the 5-FAM 

and 6-FAM isomers at the 5′-end displayed similar fluorescence. Similarly, the fluorescence did 

not differ substantially for the two different connection types for T 6-FAM and 6-FAM. We further 

observed, however, that these changes of dye position and attachment chemistry resulted in the 

nanoantennas displaying differences in sensitivity to the SA and bAP binding events, as well as to 

pNPP hydrolysis (Figure 2.11b). These modifications are likely to subtly perturb the FAM-bAP 

interaction, and as a consequence, the ability of FAM to monitor the enzyme’s function. 
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Figure 2.10. –  Effect of various chemical modifiers near FAM on signal change upon 

complementary DNA binding, SA binding, bAP binding, and pNPP hydrolysis. Here, we 

investigated whether various chemical modifications near the dye (“Modifiers”) could affect 

the fluorescence signal of FAM by changing its interaction with bAP. (a) We used the L12 

ssDNA FAM nanoantenna (5′ T 6-FAM) with a complementary DNA strand (cDNA) containing 

the Modifier located at the 3′-end. (b) The Modifiers are numbered as follows: 1 (yellow) 

indicates the cDNA without a Modifier; 2 (red) is the cDNA with phosphate; 3 (blue) is the 

cDNA with a hydrophobic C16 alkane chain; 4 (orange) is the cDNA with a modifier that 

contains a disulfide that would normally be cleaved before use to provide thiol functionality; 

5 (pink) is a cDNA with the cleaved thiol. (c) Example kinetic signatures and (d) summary of all 

results. In short, the SA and bAP binding steps display different intensities with each Modifier, 

but nevertheless they are qualitatively similar in all cases (i.e., signal up or down). The 

exception to this is the C16 alkane chain, which results in fluorescence quenching when bAP 

binds. In all cases, the spike intensity during pNPP hydrolysis was similar. Conditions: 15 nM 

nanoantenna, 75 nM cDNA, 5 nM SA, 10 nM homemade bAP, 25 μM pNPP, pH 8.0, 100 mM 

Tris, 10 mM NaCl, 37 °C. 
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Figure 2.11. –  Effect of FAM connections and isomer on SA binding, bAP binding, and pNPP 

hydrolysis. (a) In most of this study, we used a L12 ssDNA nanoantenna with 5′ thymine  

6-carboxyfluorescein (5′ T 6-FAM). Here, however, we also tested other FAM connections on 

the same DNA sequence: 5′ 6-carboxyfluorescein (5′ 6-FAM), 5′ 5-carboxyfluorescein  

(5′ 5-FAM), and 3′ 5-carboxyfluorescein (3′ 5-FAM). (b) Shown are the initial fluorescence 

values, the quenching of fluorescence upon SA binding, the increase of fluorescence upon bAP 

binding, and the transient fluorescence spike intensity during pNPP hydrolysis. Despite the 

similar fluorescence emission of 5-FAM and 6-FAM when conjugated to DNA,346 the various 

FAM nanoantennas display different trends for protein binding and pNPP hydrolysis. These 



 
74 

differences are likely due to how the chemical connection subtly affects FAM-bAP interaction. 

Conditions: 15 nM nanoantenna, 5 nM SA, 10 nM homemade bAP, 30 μM pNPP, pH 8.0,  

100 mM Tris, 10 mM NaCl, 30 °C. PMT voltage = 800 V. 

 

2.5 FAM binding site on SA and AP 

The above results show that the FAM dye on the nanoantenna displays a specific 

fluorescence signature upon binding to SA, upon subsequent binding to bAP, and during the 

catalytic function of bAP (i.e., pNPP hydrolysis). A reasonable interpretation would be that the 

FAM dye is interacting with SA and bAP. The MD simulation, furthermore, backed this hypothesis 

of the nanoantenna being able to extend the dye toward bAP. But where is the dye located on 

these two proteins? Experimental and computational techniques may shed light on this question. 

We first compared the effect of adding excess biotin to cuvettes containing the 

nanoantenna-SA platform built using either L0 or L12 nanoantennas. The rationale here is that 

the short L0 nanoantenna’s FAM should be located just outside a biotin-binding site,409 whereas 

the longer L12 nanoantenna can potentially reach other locations on the protein. When using the 

L0 nanoantenna, we observed that adding excess biotin does not significantly affect the 

fluorescence of the nanoantenna-SA platform (Figure 2.12a). This indicates that, as expected, the 

L0 nanoantenna is not replaced by biotin on SA (although it might be after several hours339), and 

that its fluorescein moiety is unaffected by the binding of the incoming biotins at the previously 

unoccupied biotin-binding site(s), probably 1-2 per SA. In contrast, adding excess biotin results in 

increased fluorescence of the longer L12 nanoantenna, although not to the initial level of its 

unbound state (Figure 2.12b). This shows that the FAM moiety is affected by the binding of the 

incoming biotins at the previously unoccupied biotin-binding site(s). This observation for our DNA-

based nanoantennas agrees with previous studies of longer biotin-fluorescein conjugates, which 

can locate their fluorescein moiety just outside unoccupied biotin-binding sites and which can be 

ejected therefrom by biotin binding.120, 121 Since the fluorescence does not return to the initial 

signal baseline in the presence of biotin, the FAM moiety on our nanoantennas likely interacts 

with some other location(s) on the SA surface that still results in quenching, albeit less. 
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Next, we consider the effect of excess free biotin on the L0 or L12 nanoantenna-SA-bAP 

complex. After the addition of bAP to the L0 nanoantenna-SA platform, there is no signal change 

(Figure 2.12c). Subsequent addition of biotin and then pNPP also do not result in an appreciable 

signal change (Figure 2.12c). Thus, the L0 nanoantenna remains unaffected by biotin, and since it 

cannot reach the bound bAP, it cannot sense the hydrolysis of pNPP either. In contrast, the 

fluorescence of the L12 nanoantenna increases upon addition of bAP (Figure 2.12d). Subsequent 

addition of excess biotin has only a slight effect (Figure 2.12d), supporting the stability of the 

complex whereby the nanoantenna’s biotin moiety is not displaced by the excess free biotin. 

Furthermore, the sustained ability of the nanoantenna’s FAM to sense pNPP hydrolysis suggests 

the stability of the complex. 

 

  

Figure 2.12. –  Addition of excess biotin. Effect of biotin on the (a) L0 and (b) L12 nanoantenna-

SA platform. Effect of biotin on the (c) L0 or (d) L12 nanoantenna-SA-bAP complex. Data were 

normalised relative to the initial fluorescence signal before adding SA. Conditions: 150 nM 

nanoantenna, 50 nM SA and 100 nM bAP in 1000 nM biotin in 200 mM Tris, 300 mM NaCl,  

1 mM MgCl2, pH 7.0, 37 °C. 
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To assess the above hypothesis of where the nanoantenna’s FAM is located on SA and 

bAP, we employed molecular docking. For this, we used Swiss-Dock.390 A crystal structure of SA 

was already available (6M9B),427 but a homology model of AP had to be made from the sequence 

of bovine intestinal AP (P19111) and the crystal structure of human placental AP (1ZEF).380, 428, 436, 

437 The protonation state of the various ligand molecules was determined by MarvinSketch 

software and in consultation with the available literature.343, 350, 438-441  

We started by docking biotin onto SA. Unsurprisingly, the docking resulted in its binding 

at a biotin-binding site (Figure 2.13a).427 It was reproducible in 10/10 jobs, albeit not always at 

the same one of the four equivalent sites, and with an average energy score that was negative  

(-43.33 ± 1.42 kcal/mol), which supports the stability of the binding. Next, we docked the biotin 

(5-fluorescein) conjugate (i.e., the L0 nanoantenna) onto SA, which resulted in its biotin moiety 

being in a biotin-binding site, with its fluorescein moiety located just outside (Figure 2.13a). This 

was reproducible in 10/10 jobs, although the orientation of the fluorescein moiety differed from 

job to job. The average energy score was positive (8.20 ± 1.14 kcal/mol). Since the docking 

simulation correctly predicted its known binding site,409 the single-digit positive energy score 

might reflect the challenges faced for accurately predicting binding affinities. 442 As an 

approximation of the L12 nanoantenna, we further docked fluorescein onto SA. This resulted in 

its binding just outside the biotin-binding sites in 9/10 jobs. However, a much higher energy score 

was determined for fluorescein (57.91 ± 0.31 kcal/mol), which supports that the interaction 

would be too weak for any significant binding to occur. For comparison, a previous study involving 

human serum albumin (HSA) and fluorescein indicated a dissociation constant (Kd) of 100 μM.119 

Fluorescein, therefore, would not appreciably bind to SA at nM concentrations. We propose, 

however, that in the nanoantenna-SA platform, the high local concentration drives dye-protein 

interaction that would not otherwise occur with free dye. Indeed, the fluorescence quenching 

observed when the nanoantenna binds to SA suggests that it is at least binding somewhere on 

SA. Based on the molecular docking simulations, we expect that the high local concentration-

driven binding site will be just outside an otherwise unoccupied biotin-binding site. Ejection of 

FAM from its binding site via the incoming higher affinity biotin (Kd in fM range), in a manner 

reminiscent of host-dye conjugate biosensors with a suitable linker length detecting the binding  
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Figure 2.13. –  Docking of dyes and substrates with proteins. (a) The simulations predicted that 

biotin binds in the biotin-binding sites (BBS) of SA.427 Likewise, biotin-5-fluorescein binds with 

its biotin moiety in the BBS and its fluorescein moiety outside.409 (b) The simulations predicted 

that the substrates pNPP and ATP bind at the active sites of AP. (c) The simulations predicted 
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that for SA, FAM binds near the BBS,120, 121, 443 while Cy3, Q570, Q670, CAL, and MB bind in 

another pocket. TAMRA binds near the BBS and the other pocket in 4/10 and 6/10 jobs, 

respectively. For AP, FAM and TAMRA bind near the active site, while other dyes bind in a 

region associated with the catalytic function of mammalian APs.220 ROX binding was not 

reproducible for SA and AP (examples shown). Simulations were reproducible in 9/10 or 10/10 

jobs, unless noted otherwise. 

 

of a target analyte,444 is further supported by our above experimental data (Figure 2.13b) and 

previous studies involving similar systems.120, 121 

Next, we considered the homology model of AP. We docked two substrates, pNPP and 

adenosine triphosphate (ATP). Again, unsurprisingly, these simulations resulted in the substrates’ 

phosphate moiety being located inside either of the two equivalent active sites of AP and both 

were reproducible in 10/10 jobs (Figure 2.13b).108 Since the predicted binding sites of biotin with 

SA, the biotin-fluorescein conjugate with SA, pNPP with AP, ATP with AP, and likely FAM with SA, 

were all accurate and agree with the available literature108, 120, 121, 409, 427 and our experiments, we 

expected that molecular docking might also be able to predict the high local concentration-driven 

binding site of FAM on AP. We observed that molecular docking predicts that fluorescein binds 

just outside either of the two equivalent active sites of AP, and this was reproducible in 10/10 

jobs (Figure 2.13c). Similar to the above results, however, the average energy score for pNPP was 

negative (-31.10 ± 0.03 kcal/mol) but for fluorescein it was positive (30.54 ± 0.53 kcal/mol). This 

again shows the necessity of the nanoantenna strategy to drive dye-protein interaction that 

would not occur otherwise. This predicted binding site is further supported by the large transient 

spike of FAM fluorescence observed upon addition of a substrate with the nanoantenna-SA-bAP. 

 

2.6 Nanoantennas with different dyes 

The testing of chemically diverse dyes on ssDNA L12 nanoantennas provides information 

about the signalling mechanism and potential universality of the strategy. We started by 
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employing molecular docking to predict where the chemically diverse dyes can bind to AP. These 

dyes are Cyanine 3 (Cy3), Quasar 570 (Q570), Quasar 670 (Q670), Cal Fluor Orange 560 (CAL), 

carboxytetramethylrhodamine (TAMRA), carboxyrhodamine (ROX), methylene blue (MB) and 

Pulsar 650 (P650) (Figure 2.13c). Cy3, Q570 and Q670 belong to the cyanine family,445 while CAL, 

TAMRA and ROX are in the rhodamine family.358 In addition to chemical structure, these dyes all 

display different properties, such as their hydrophobicity (Supplementary Figure S2.6), which 

could affect their binding sites. The docking simulation revealed that TAMRA also likely binds near 

the AP active sites (9/10 jobs), and that ROX does not have a reproducible binding site. 

Interestingly, Cy3 (9/10), Q570 (10/10), Q670 (10/10), CAL (10/10) and MB (10/10) were predicted 

to bind at a location distal to the active sites (Figure 2.13c) that has also been associated with 

catalytic function.220 Note that the same arguments for FAM concerning the positive energy 

scores and high local concentration-driven interactions apply to these dyes too. For example, we 

observed positive average energy scores for Cy3 with SA (26.31 ± 0.72 kcal/mol), CAL with SA 

(58.23 ± 0.74 kcal/mol), Cy3 with AP (28.37 ± 0.79 kcal/mol), CAL with AP (58.02 ± 0.55 kcal/mol). 

We then tested these dyes at the 3′-end of L12 ssDNA fluorescent nanoantennas. 

Excitingly, all nine dyes tested enabled monitoring of the SA and bAP binding events, albeit weakly 

in some cases. Shown here for brevity are FAM, CAL, and Cy3 (Figure 2.14, see other dyes in 

Supplementary Figure S2.7). In contrast to FAM, Cy3 shows increased fluorescence upon binding 

to SA and decreased fluorescence upon bAP binding,316, 318, 319 and it is more sensitive with a 

dsDNA linker. However, similar to FAM, it is affected by its chemical connection (see Cy3 vs. Q570 

in Supplementary Figure S2.7e-f). We further observed that nanoantennas with FAM, Cy3, and 

CAL enabled the monitoring of pNPP hydrolysis. Crucially, while the three dyes provided different 

sensitivities towards the functional events, they all exhibited the same kinetics for pNPP 

hydrolysis (Figure 2.15), indicating that the dye-protein interactions exploited herein did not 

interfere with protein function. Note that kinetics of substrate hydrolysis observed with different 

dyes is further examined in the next chapter (end of section 3.5). From a practical perspective, 

FAM remains the best dye for monitoring AP’s function. However, from a mechanistic perspective, 

the other dyes provide convincing evidence that nanoantennas employing chemically diverse 

dyes can probe conformational changes at various locations on the enzyme. 
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Figure 2.14. –  Probing different regions of the AP surface with FAM, CAL and Cy3. Kinetic 

signatures of ssDNA nanoantennas with (a) FAM, (b) CAL, or (c) Cy3 for SA and bAP binding 

events as well as for pNPP hydrolysis (3x). Conditions: 150 nM nanoantenna, 50 nM SA,  

100 nM bAP and 300 µM pNPP in 200 mM Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 
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Figure 2.15. –  Kinetics of pNPP hydrolysis as monitored by different dyes. Nanoantennas with 

different FAM, CAL, TAMRA and Cy3 display the same kinetics when monitoring pNPP 

hydrolysis. For this, we selected the spike observed after the second addition of pNPP in 

Supplementary Figure S2.7 because 1) FAM displays a different baseline after the first spike 

but not for subsequent spikes, and 2) for the other dyes, the first injection does not lead to a 

clear spike while the later injections do. We are not sure why this difference between the first 

and subsequent substrate additions occurs, but for the purpose of seeing whether the dyes 

display the same kinetics and do not function as inhibitors, this is confirmed by the second 

spike for each system. Conditions: 150 nM nanoantenna, 50 nM SA, 100 nM bAP and 300 µM 

pNPP in 200 mM Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 
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We then analysed the kinetics of dye-bAP interaction. First, using 3′-end FAM L12 ssDNA 

nanoantennas, we found that the observed dissociation of FAM from SA and subsequent binding 

to bAP varies with enzyme concentration, suggesting that dye dissociation is not rate-limiting and 

that the rate-limiting step of this transition consists of bAP binding to SA (Figure 2.16). Next, we 

monitored this binding step using different nanoantennas (Figure 2.17). The rate of nanoantenna 

dissociation from SA and subsequent binding to bAP varies with nanoantenna properties, 

including linker and dye. Changing the dye connection to the nanoantenna (3′ vs. 5′) does not 

substantially affect its dissociation rate from SA and binding to bAP (263 vs. 300 nM-1 s-1), while 

changing the linker from L12 ssDNA to L21 PEG substantially reduces this dissociation rate  

(300 vs. 73 nM-1 s-1). Furthermore, changing the dye (FAM, CAL, TAMRA, Cy3, or Q570) 

substantially affects the dissociation rate of the nanoantenna from SA and binding to bAP (ranging 

from 263 to 18 nM-1 s-1). These results further suggest that the dye binding location and the nature 

of the linker may affect the rate at which bAP binds to SA (e.g., through steric hindrance). 

 

 

Figure 2.16. –  Kinetics of bAP attachment onto SA as monitored by FAM nanoantennas. The rate 

of dye dissociation from SA and subsequent binding to bAP varies with enzyme concentration, 

suggesting that dye dissociation is not rate-limiting. Here, nanoantenna-SA platform to bAP 

ratios (NA-SA:bAP) were 1:1 or 1:10. Ratio of bAP is relative to concentration of SA (assumed 

to be equal to [nanoantenna-SA platform]). Conditions: 15 nM 3′ 5-FAM L12 ssDNA 

nanoantenna, 5 nM SA, 5 or 50 nM bAP in 100 mM Tris, 10 mM NaCl, 37 °C, pH 8.0. 
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Figure 2.17. –  Kinetics of bAP attachment on SA as monitored by different nanoantennas. The 

rate of nanoantenna dissociation from SA and subsequent binding to bAP varies with 

nanoantenna properties, including linker and dye. The kinetics of dissociation fit well with a 

second-order rate constant. Conditions were equivalent to Figure 2.16 with 1x bAP. 

  

We investigated the possible signalling mechanisms of dyes that are predicted to bind at 

different locations as driven by the high local concentration in the nanoantenna-SA-bAP complex. 

For nanoantennas with FAM, which is predicted to possibly bind just outside the active site of AP, 

we proposed three mechanisms for modulation of fluorescence during this enzyme’s function:  

1) binding of pNPP at the active site directly ejects FAM from its nearby binding site, 2) small 

conformational changes alter FAM’s affinity for AP and release it from the binding site, or 3) small 

conformational changes perturb the bound FAM’s emission. For CAL and Cy3, predicted to 

possibly bind at locations distal to the active site, we proposed only the latter two mechanisms. 

To investigate these proposed mechanisms, once again working in collaboration with  

Dr. Maximilian C. C. J. C. Ebert, we used MD simulations and examined the trajectories of the 

bound dyes in the presence or absence of bound pNPP (Figure 2.18). FAM remained bound near 

the active site both in the absence and presence of pNPP, suggesting a strong affinity for this site. 

In contrast, CAL was not stabilised in its initial binding site in either the absence or presence of 
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pNPP, suggesting low affinity. Interestingly, Cy3 remained bound in the absence of pNPP but 

dissociated in its presence. Therefore, these simulations suggest a FAM signalling mechanism not 

based on ejection444 by pNPP or by a change in affinity, but instead by the sensing of small 

conformational changes in its local chemical environment. Subtle structural changes could affect 

photoinduced electron transfer (PET) from amino acids proximal to a bound dye,369, 446 or affect 

conditions in its local environment,447 thereby modulating its fluorescence.  This agrees with our 

observation that, under some conditions, the FAM fluorescence spike intensity during pNPP 

hydrolysis was significantly greater than the initial fluorescence of the unbound nanoantenna 

(e.g., Supplementary Figure S2.8). We infer that FAM simply being ejected from the active site by 

the incoming pNPP substrate would likely just return the fluorescence to the initial baseline 

before protein binding. For CAL, the mechanism remains uncertain, but for Cy3, the simulations 

suggest that conformational changes during pNPP hydrolysis transiently release the dye. The 

bound and unbound states of Cy3 could affect its cis–trans isomerism, and therefore, its 

fluorescence signal intensity.318, 319, 325, 326 Overall, these results reinforce our proposed 

mechanism that the nanoantenna-mediated dye-enzyme interaction enables monitoring of the 

conformational changes on the enzyme’s surface during its function. 

It is important to point out that these MD simulations rely on several assumptions and 

approximations. For instance, the binding site interactions predicted by the molecular docking 

simulations would not occur for free fluorophores with AP, but we propose that such interactions 

are mediated by the nanoantenna-SA-bAP complex. Moreover, the MD simulations involve only 

the dye and AP, not the entire nanoantenna-SA-bAP complex. Thus, the MD simulations represent 

a possible signalling mechanism and not a definite proposal. Although extensive computational 

simulations of dye-protein interactions are beyond the scope of this research project and 

expertise in our research group, this is an important aspect that deserves appropriate 

consideration in future works. 
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Figure 2.18. –  Molecular dynamics (MD) trajectories of dyes and/or substrate on AP. The MD 

simulation of AP with or without a dye (FAM, CAL, Cy3) and with or without a substrate (pNPP). 

We selected the lowest energy pose (see Figure 2.13) and the next lowest energy pose that 

we obtained from molecular docking. For visual clarity in the figure, these poses are circled as 

follows: purple = pNPP, green = FAM, yellow = Cy3, and orange = CAL. In the simulation with 

pNPP and FAM, one circle is used because they start and remain close together. The 

simulation was run for 100 ns, with screenshots shown at 0 ns, 50 ns and 100 ns. We also 

confirmed that the dye pose left the linker connection location exposed, so that the pose is 

possible via the nanoantenna-driven dye-protein interaction. In all cases, we observed that 

pNPP remains bound at the active sites. For AP with FAM and with or without pNPP, the 

position of FAM also remains unchanged. For AP with CAL and with or without pNPP, the CAL 

dye does not have a stable position. For AP with Cy3 and without pNPP, the Cy3 dye position 

does not change, but with pNPP, the dye dissociates from the surface. 

 

If a nanoantenna’s sensitivity truly depends on whether the dye’s binding location 

experiences conformational change during protein function, one ought to observe a change in its 

fluorescence signature upon forcing the dye to bind at another location. To test this hypothesis, 

we employed a dsDNA L12 nanoantenna containing both FAM and CAL. Our reasoning was that 

the two dyes will compete for their preferred binding sites on bAP. Based on the above MD 

simulation, we expected that the higher-affinity FAM will bring the lower-affinity CAL along with 

it. However, as a first step, it was necessary to explore the interactions of FAM and CAL while 

present on the same nanoantenna. To do this, we compared the fluorescence excitation and 

emission spectra of nanoantennas with FAM (λex = 498 nm and λem = 520 nm) and/or CAL  

(λex = 540 nm and λem = 561 nm) as ssDNA, after the binding of complementary DNA (cDNA) to 

form dsDNA, after the binding of SA, and after the binding of bAP. The cDNA was either unlabelled 

or labelled with the other dye. For the nanoantenna with both dyes, we checked both sets of 

wavelengths. As expected, due to the inflexibility of dsDNA, the nanoantennas with only one dye, 

either FAM (Figure 2.19a) or CAL (Figure 2.19b), displayed somewhat low sensitivity to the cDNA, 

SA, and bAP binding events but could still detect them. When both dyes were present after the 
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cDNA binding step, both the FAM (Figure 2.19c) and the CAL (Figure 2.19d) excitation and 

emission spectra were drastically affected when proximal to the other dye. This decrease of signal 

intensity is likely attributable to a contact-mediated quenching mechanism between the dyes.348  

This decrease in fluorescence remains true following the addition of the SA and bAP proteins. 

Therefore, these dyes seem to remain stacked even after the addition of SA and bAP. 

Next, we examined the kinetics of these systems that have nanoantennas with FAM, CAL, 

or both dyes. We started with the FAM excitation and emission wavelengths and examined the 

nanoantennas with FAM only and with FAM and CAL together. When following the FAM 

fluorescence wavelengths, aside from the significant quenching upon binding of the CAL-

containing cDNA, we observed that the presence of CAL does not substantially affect the FAM 

fluorescent signature for the SA and bAP binding events. Also, the FAM signal for the detection of 

pNPP hydrolysis was only somewhat weaker in the presence of CAL (Figure 2.20a). We next used 

the CAL excitation and emission wavelengths and examined the nanoantennas with CAL only and 

with FAM and CAL together. In contrast to the previous result, when following the CAL fluorescent 

nanoantenna, the binding of the FAM-containing cDNA substantially affects the CAL fluorescent 

signature. Notably, it now enables CAL to efficiently detect a signal during pNPP hydrolysis, likely 

by sensing the conformational change of the enzyme (Figure 2.20b). Given that CAL likely stacks 

on FAM (Figure 2.19), it is plausible that the change of fluorescence signal of CAL is triggered by 

the same conformational change affecting the FAM dye. The presence of the second dye also did 

not affect the kinetics of substrate hydrolysis (Supplementary Figure S2.9). We further found that 

employing FAM with other dyes, such as Cy3 or Q670, leads to comparable results 

(Supplementary Figure S2.9b-c). Of note, these changes in the fluorescence signature do not arise 

due to FAM emitting a signal that overlaps with the other dyes’ excitation wavelengths 

(Supplementary Figure S2.9d-e). Thus, these experiments provide strong evidence that FAM can 

redirect other weaker binding dyes to a location proximal to its own binding site on AP. This 

observation is consistent with the aforementioned MD simulations, suggesting that FAM is more 

tightly bound than Cy3 and CAL to AP. Hypothetically, one could rationally employ other non-dye 

“molecular anchors” to redirect dyes to specific locations on proteins, as FAM does for CAL on AP. 
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Figure 2.19. –  Excitation and emission spectra of dual-dye dsDNA nanoantenna (FAM-CAL) 

suggest dye stacking. The excitation spectra (dashed line) and emission spectra (solid line) of 

the formation of the dual-dye dsDNA nanoantenna and protein complex: starting with ssDNA, 

after binding of cDNA, after binding of SA, and after binding of bAP. In (a), only the FAM dye 

is present, and excitation and emission of FAM wavelengths (λex = 498 nm and λem = 520 nm) 

are relatively unaffected by the addition of the complementary DNA (of note, the dsDNA 

nanoantenna displays little sensitivity to SA and bAP attachment relative to ssDNA 

nanoantennas). In (b), only the CAL dye is present, and excitation and emission of CAL 

wavelengths (λex = 540 nm and λem = 561 nm) are relatively unaffected by the addition of the 

complementary DNA. In (c) and (d), both dyes were present after the cDNA step (i.e, the 

systems were chemically identical), but (c) was measured with the FAM wavelengths and (d) 

with the CAL wavelengths. We observed that both the FAM and CAL excitation and emission 

spectra are drastically affected when proximal to the other dye. This remains true even 

following the addition of the SA and bAP proteins. This decrease of signal intensity is likely 

attributable to a contact-mediated quenching mechanism between the dyes.348  These dyes 

seem to remain stacked even after the addition of SA and bAP. 
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Figure 2.20. –  Double-dye competition kinetic signatures. In (a), the top data show the 

monitoring of FAM fluorescence of a single-dye dsDNA nanoantenna with FAM, and the 

bottom data show the monitoring of FAM fluorescence of a dual-dye dsDNA nanoantenna 

with FAM and CAL. In (b), the top data show the monitoring of the CAL fluorescence of a single-

dye dsDNA nanoantenna with CAL, and the bottom data show the monitoring of the CAL 

fluorescence of a dual-dye dsDNA nanoantenna with FAM and CAL. These experiments were 

performed in the same conditions as Figure 2.14. 

 

2.7 Discussion 

This chapter has explored the concept of using fluorescent nanoantennas to monitor the 

function of our model protein, AP. We optimised the nanoantenna’s signal output by tuning the 

linker length, ratio, and composition. The best nanoantennas to detect binding of bAP to the 

nanoantenna-SA platform (i.e., L12 ssDNA and ca. L21 PEG) are also the best to provide a signal 

change during bAP catalytic function. This initial observation supported that the nanoantennas, 

which drive dye-protein interaction via a high local concentration of the dye, can monitor an event 

occurring on the protein, such as the small conformational change during substrate hydrolysis. 
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Biotin titration and molecular docking simulations further supported that the nanoantenna’s FAM 

moiety binds near the active sites of AP, an area likely to experience conformational change. MD 

simulations support that this interpretation of the data is plausible. Further controls, such as with 

non-biotinylated nanoantennas and the addition of reaction products, revealed that the high local 

concentration of FAM is necessary to drive dye-enzyme interaction and that a catalytic reaction 

must occur to provide a signal, respectively. Experiments with different chemical connections of 

FAM to the DNA linker, and that sometimes the fluorescent spike signal intensity is greater than 

the initial fluorescence baseline of the unbound nanoantenna, suggested that the nanoantenna’s 

FAM is not simply being ejected from the surface of bAP. This supported our hypothesis of 

monitoring conformational change, although it is important to note that the nanoantenna 

strategy is unable to quantify the magnitude of conformational change, as is possible for some 

proteins with FRET. With the MD simulations, we examined possible signalling mechanisms for 

FAM and Cy3, but further work is needed to better understand the interactions of these dyes with 

AP. Finally, in the dye competition experiment, we found that FAM can plausibly relocate the 

other dyes to its own binding site, which modulated their signal output. With another so-called 

molecular anchor instead of our proof-of-principle FAM, we speculate that dyes could be 

rationally designed and synthesised to probe protein function at a specific binding site. 

Fluorescent nanoantennas differ from other sensing strategies. Rather than detecting 

colorimetric or fluorogenic substrates/products that provide a signal change, the mechanism of 

fluorescent nanoantennas is based on conformational change of the enzyme perturbing or 

ejecting a fluorescent dye. It also differs from FRET, whereby a protein is labelled with donor and 

acceptor dyes. FRET is indeed very useful for monitoring conformational change in the ~3-9 nm 

range,45, 319 but it is typically unable to sense small conformational changes, such as those that 

occur for AP.82, 107 There is one method able to sense smaller conformational changes occurring 

upon interaction of proteins with fluorescently labelled DNA (typically Cy3), namely, Protein-

induced fluorescence enhancement (PIFE).309, 316 PIFE can sense smaller conformational changes 

in the ~1-3 nm range,318, 319 although one recent study has disagreed.325 We consider how 

nanoantennas can complement these techniques. As noted, PIFE is based on dye-labelled DNA, 

so the dye photophysics of PIFE and nanoantennas with Cy3, for example, may be similar (i.e., Cy3 
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cis–trans isomerism).319, 324-326 Nanoantennas differ, however, in that they are not limited to 

protein systems wherein the DNA is a substrate, which is typically the case with PIFE. Unlike FRET, 

PIFE, and other techniques, such as PET448, 449 and tryptophan-induced quenching (TrIQ),450-452 

nanoantennas cannot characterise the magnitude of conformational change. One can, however, 

envision the integration of nanoantennas with other sensing strategies, as has been achieved with 

FRET-PIFE320-323 and FRET-PET.453, 454 Another benefit of nanoantennas relative to FRET is that they 

do not require complicated site-specific labelling with fluorophores. Nanoantennas require only 

non-specific biotinylation (e.g., via exposed lysine residues) of the protein of interest. It cannot 

be assumed as necessarily true in all cases, but biotinylation often does not affect protein 

function.435 In contrast, FRET has been show to affect the function of some proteins, such as with 

beta-lactamases44, 455 and dihydrofolate reductase.456-458 With this in mind, the next chapter of 

this thesis will examine how nanoantennas can be exploited to characterise the enzyme AP, 

including its kinetics with biomolecular substrates, and the conformational changes that it 

experiences in other states, such as with inhibitors and melting. Characterisation of these states 

agrees with conventional methods, revealing that nanoantennas do not interfere with the 

measurement, and in other cases, values for AP with various substrates are reported for the first 

time herein. 
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2.8 Supplementary figures for Chapter 2 

 

 

Figure S2.1. –  Optimal nanoantenna signalling is obtained at intermediate linker length (L12) 

with a flexible linker (ssDNA, PEG). These fluorescence spectra were used to generate the 

panels in Figure 2.1. The spectra show the response of the biotinylated nanoantenna (NA) 

upon binding to streptavidin (SA), which quenches fluorescence, and then loading of 

biotinylated alkaline phosphatase (bAP), which increases fluorescence. (a) The biotin-

fluorescein conjugate represents a no linker L0 nanoantenna, while (b) L6, (c) L12, (d) L24 and 

(e) L48 are ssDNA nanoantennas. The optimal linker length to monitor the assembly steps is 

L12. Compared to the L24, using (f) a more flexible PEG linker improves its response toward 

bAP, (g) while a less flexible dsDNA effectively shows no signal change. Conditions: 100 nM 

nanoantenna, 50 nM SA, 100 nM bAP and 1000 nM biotin in 200 mM Tris, 300 mM NaCl,  

1 mM MgCl2, pH 7.0, 37 °C. 
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Figure S2.2. –  Tryptophan fluorescence does not detect enzyme catalytic activity. (a) PPi 

hydrolysis by bAP monitored using nanoantennas and (b) 4MUP hydrolysis by AP monitored 

by 4MU fluorescence show that the reaction takes about 1-2 minutes. For PPi, conditions were 

150 nM nanoantenna, 50 nM SA, 20 nM bAP, 300 µM PPi in 200 mM Tris, 300 mM NaCl,  

pH 7.0, 37 °C, PMT voltage = 635 V. For 4MUP, conditions were 20 nM AP, 300 µM 4MUP in 

200 mM Tris, 300 mM NaCl, pH 7.0, 37 °C, PMT voltage = 400 V. (c) The AP dimer has eight Trp 

residues428 and displays typical fluorescence emission when excited at 280 nm. (d-k) We tried 

to monitor AP function (PPi hydrolysis) using Trp fluorescence at 325 nm. Note that PPi is ideal 

for this purpose because it will not significantly absorb nor emit light. However, we found no 

detectable signal change under various conditions, including, (d) 20 nM AP, 300 µM PPi in 200 

mM Tris, 300 mM NaCl, pH 7.0, 37 °C, (e) 100 nM AP and 300 µM PPi in the same buffer, (f) 

300 nM AP and 1000 µM PPi in the same buffer, (g) 20 nM AP and 300 µM PPi in the same 

buffer but also with 1 mM Mg2+, (h) 20 nM AP, 300 µM PPi in 100 mM Tris, 10 mM NaCl, pH 

8.0, 37 °C, (i) 100 nM AP and 300 µM PPi in the same buffer, (j) 20 nM AP, 300 µM PPi in 100 
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mM MOPS, 20 mM NaCl, pH 7.0, 37 °C, and (k) 20 nM AP, 300 µM amifostine in 200 mM Tris, 

300 mM NaCl, pH 7.0, 37 °C. For Trp, PMT voltage = 800 V. The arrows indicate addition of 

substrate at 3 min. 

 

 

Figure S2.3. –  ANS probe does not detect enzyme catalytic activity. (a) Here, we tested 100 nM 

AP with 50 µM protein-binding dye 8-anilinonaphthalene-1-sulfonic acid (ANS). No significant 

fluorescence change was observed. We then tried (b) 100 nM AP with 150 µM ANS, (c) 1.0 µM 

AP with 50 µM ANS, and (d) 3.2 µM AP with 50 µM ANS. Adding more AP led to a small 

fluorescence increase. Waiting longer, up to one hour, did not lead to a further fluorescence 

increase. However, in all cases, this approach was not able to detect AP-mediated hydrolysis 
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of amifostine. Note that ANS studies of various APs56, 459-462 and other proteins57, 463-465 have 

used similar concentrations of AP (or other protein) and ANS. PMT voltage = 800 V, i.e., the 

maximum for our instrument. The arrows indicate addition of substrate at 3 min. 

 

 

Figure S2.4. –  Versatility of nanoantenna in different buffer conditions. To test the versatility of 

our nanoantenna strategy, we tried it in different buffer conditions. (a) 100 mM Tris, 10 mM 

NaCl, pH 8.0; (b) 200 mM Tris, 300 mM NaCl, 1 mM Mg2+, pH 7.0; (c) 200 mM Tris, 300 mM 

NaCl, 1 mM Mg2+, pH 8.0; (d) 100 mM MOPS, 20 mM NaCl, pH 7.0; (e) 10 mM HEPES, 150 mM 

NaCl, 5 mM KCl, 2 mM MgCl2, pH 7.45; and (f) 50 mM PIPES, 75 mM NaCl, 3 mM MgCl2, pH 

7.40. Note that (a-c) represent buffers used in this study, while (d-f) are randomly selected 

buffers found in the refrigerator of our laboratory. In all cases, we observed the binding steps 

and the pNPP hydrolysis spike. Conditions were 15 nM PEG nanoantenna, 2.5 nM SA, 10 nM 

homemade bAP, and pNPP (concentration as indicated). For (c, e, f) the pNPP is quickly 

hydrolysed likely due to alkaline pH and Mg2+.216 PMT voltage = 800 V. 
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Figure S2.5. –  Nanoantenna-protein complex maintains functionality after 100 days. 

Fluorescence spike intensity for pNPP hydrolysis as a function of storage time after 

preparation of nanoantenna-protein complex. Even on day 105, the signal intensity during 

pNPP hydrolysis remains at ~74% compared to day 0. Conditions: 15 nM L12 PolyT 

nanoantenna, 5 nM SA, 15 nM bAP and 10 μM pNPP in 200 mM Tris, 300 mM NaCl, 1 mM 

MgCl2, pH 7.0, 37 °C. DNA-protein complex was stored in the same buffer at 4 °C. PMT  

voltage = 635 V.  
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Figure S2.6. –  Effect of pH on dye hydrophobicity. Dye hydrophobicity as a function of pH 

determined by distribution coefficient (log D) calculations in MarvinSketch software.466 Log D 

values greater than zero indicate hydrophobicity, while those less than zero indicate 

hydrophilicity. At pH 7 or greater, only FAM and MB (Methylene Blue) are hydrophilic. Note 

that this approach is an approximation, as it only considers the dye itself, but not the entire 

nanoantenna. 
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Figure S2.7. –  Probing different regions of the protein surface with other dyes. Kinetic 

signatures of nanoantennas containing (a) FAM (3′ 5-FAM), (b) CAL, (c) TAMRA, (d) ROX,  

(e) Q570, (f) Cy3, (g) Q670, (h) P650 and (i) MB as ssDNA (various colours) and dsDNA (purple) 

for SA and bAP binding and pNPP hydrolysis (3x). Conditions: 150 nM nanoantenna, 50 nM 
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SA, 100 nM bAP and 300 µM pNPP in 200 mM Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 

Note: FAM, TAMRA, Q570, Cy3 and Q670 are located at the 3'-end of the DNA; CAL is attached 

to the methyl group of a T nucleotide at the 3'-end; and ROX and P650 to the amino group of 

a C nucleotide at the 3'-end. MB is connected to an amino group at the 5'-end because the 

strand sample was borrowed from another project. Molecular structures are based on the 

manufacturer’s description, calculations in MarvinSketch software, and consideration of the 

available literature.343, 350, 438-441 

 

 

Figure S2.8. –  Spike above initial fluorescence baseline suggests a mechanism based on 

conformational change. Under some conditions, such as 3′ 5-FAM on the L12 ssDNA 

nanoantenna, the spike intensity during pNPP hydrolysis is higher than that of the initial 

fluorescence baseline before protein binding. This may support a mechanism whereby during 

hydrolysis the dye experiences a conformational change of nearby amino acids that increases 

its fluorescence, as opposed to a simple ejection from the bAP active site into the surrounding 

buffer. This is because ejection would likely just return the signal to the initial baseline. 

Conditions: 150 nM nanoantenna, 50 nM SA, 100 nM bAP and 300 µM pNPP in 200 mM Tris, 

300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 
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Figure S2.9. –  Dual-dye controls. (a) pNPP hydrolysis displays the same kinetics while monitoring 

FAM (with or without CAL present) and while monitoring CAL (with FAM present).  

(b-c) Analogous experiments to the dye competition experiment in Figure 2.20 except now 

with (b) FAM and Cy3 or (c) FAM and Q670. The top data shows that while monitoring FAM, 

the presence of the other dye does not significantly affect the FAM fluorescence signature 

(besides some quenching) but monitoring Cy3 or Q670 in the presence of FAM affects their 

fluorescence signature to the point where it is now possible to efficiently monitor pNPP 

hydrolysis. (d) As a control, upon excitation of FAM at 498 nm, FAM displays intense 

fluorescence emission at 520 nm. However, when using the excitation wavelengths optimal 
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for CAL, Cy3 and Q670, FAM does not display fluorescence. (e) For example, in an attempt to 

monitor the FAM nanoantenna with the excitation (546 nm) and emission (563 nm) 

wavelengths of Cy3, but otherwise the same conditions, there is no significant fluorescence 

emission, and it is not possible to monitor SA and bAP binding, nor pNPP hydrolysis. 

Conditions: 150 nM nanoantenna, 50 nM SA, 100 nM bAP and 300 µM pNPP (3x) in 200 mM 

Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. 
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Chapter 3 – Characterising conformational states of alkaline 

phosphatase with fluorescent nanoantennas 

3.1 Introduction 

Spectroscopic techniques with high temporal resolution can enable real-time 

characterisation of enzyme kinetics. In the context of alkaline phosphatase (AP), the classic 

method is to employ ultraviolet-visible (UV-Vis) spectroscopy to monitor the conversion of the 

chromogenic substrate p-nitrophenylphosphate (pNPP) to its products, yellow p-nitrophenol 

(pNP) and inorganic phosphate (Pi).34 Fluorescence spectroscopy offers analogous procedures, 

but with the benefit of higher sensitivity. For instance, the fluorogenic substrate  

4-methylumbelliferyl phosphate (4MUP) will be hydrolysed by AP to fluorescent  

4-methylumbelliferone (4MU) and Pi.37 The popularity of this general strategy has led to the 

development of many other molecules that are detectable by fluorescence229-247, 251 and other 

spectroscopies,70, 73, 84-86, 248-250 as well as electrochemical techniques.91-95, 252 However, their 

common drawback is that since the detection strategy relies on the specific properties of these 

substrates or their products to generate a signal, one cannot employ this procedure to 

characterise biomolecular and medicinal substrates of AP that are of interest in the fields of 

biology and medicine. To characterise such substrates, one typically employs methods to quantify 

released Pi after the reaction, often via a phosphomolybdate complex.106, 115, 467 These methods, 

however, do not enable real-time analysis of AP function and are time-consuming. Alternatively, 

some proposed strategies use released Pi to generate a signal by its interaction with another 

component,274-277 but it is unclear whether this sequestration of Pi could affect the observed 

kinetics, since it is not only one of the products of the reaction, but also a competitive inhibitor of 

AP. Various substrate-specific assays for biomolecules have been reported too.105, 256-264, 266-273 

Many of these can provide results in real time, but they require a totally different detection 

strategy for each substrate and are not available for many substrates. Moreover, these alternative 

techniques are not typically used to study AP,138, 141, 168, 406-408 whereby phosphate quantification 

has remained the norm.106 With this in mind, a fluorescence-based method able to rapidly 

characterise biomolecular substrates of AP in real-time ought to be highly desirable. 
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This chapter builds on the previous chapter, wherein the signal generated via the 

fluorescent nanoantennas was linked to the catalytic function of AP. Here, we will demonstrate 

that the fluorescence “spike” observed upon addition of pNPP substrate initially increases with 

the concentration of substrate before reaching a plateau at higher concentrations. Furthermore, 

this fluorescence signal is similar to enzyme-substrate concentration ([ES]) during typical 

saturation kinetics. By plotting the fluorescence spike intensity versus [pNPP], one observes a 

saturation binding plot that is reminiscent of Michaelis-Menten kinetics. Then, we show that by 

mathematical modelling of a fluorescence spike obtained from a single addition of pNPP 

substrate, it is possible to obtain the Michaelis constant (KM) and the catalytic rate constant (kcat, 

also called turnover number), and from these, the catalytic efficiency (kcat/KM, also called the 

specificity constant). We tested this substrate characterisation strategy with 15 other substrates 

of AP, including relevant biomolecular substrates and an AP-activated prodrug used in cancer 

treatment, and could similarly characterise their kinetics. Values agreed with the literature, when 

available, while other substrates were characterised for the first time herein. By modelling 

multiple fluorescence spikes obtained via sequential additions of pNPP to a single enzyme sample, 

it is also possible to obtain the inhibition constant (Ki) for the product and competitive inhibitor, 

Pi. Alternatively, we further show for Pi and various other oxyanion inhibitors that one can obtain 

the Ki by comparing the spikes from samples with or without the added inhibitor. Thus, these 

fluorescent nanoantennas combined with fitting of the signal for a single enzymatic reaction 

provide a convenient and versatile strategy for real-time characterisation of enzyme function. 

 

3.2 Fluorescence spike correlates with enzyme-substrate concentration 

In the previous chapter, we established that the fluorescence spike observed for the 

nanoantenna-SA-bAP complex upon addition of the pNPP substrate arises due to substrate 

binding. Therefore, we expected that one ought to be able to characterise the AP-mediated 

catalytic reaction by this fluorescence signature. As a simple test of this hypothesis, we monitored 

the signal upon adding increasing concentrations of pNPP (1, 2, 4, 8, 20, 40, 100 µM) to cuvettes 

containing the nanoantenna-SA-bAP complex (100 nM bAP; note that we employed ssDNA L12 
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FAM nanoantennas hereafter). We first observed that the addition of more pNPP increased the 

spike intensity and duration (Figure 3.1). At higher concentrations, however, the intensity no 

longer increased. The resulting fluorescence signature is reminiscent of the expected profile of 

the enzyme-substrate concentration ([ES]) during typical saturation kinetics (Figure 1.6). The 

signal rapidly peaked and then maintained a steady state until the substrate had begun to run 

out. This hypothesis is consistent with the nanoantennas distinguishing between the enzyme and 

enzyme-substrate conformations.  

 

 

Figure 3.1. –  Effect of pNPP concentration of fluorescence spike intensity and time. Here, pNPP 

was added at concentrations of 1, 2, 4, 8, 20, 40, and 100 µM. Conditions: 150 nM 

nanoantenna, 50 nM SA, 100 nM bAP, 1-100 µM pNPP, 100 mM Tris, 10 mM NaCl, pH 8.0, and 

30 °C. 

 

One benefit of using the pNPP substrate is that its hydrolysis can be detected by two 

independent strategies, namely, by the fluorescent nanoantennas and by generation of yellow 

pNP product.34 Furthermore, by using an instrument with dual fluorescence and absorbance 
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modes, in our case a stopped-flow spectrometer, it is convenient to study the same enzyme and 

substrate samples by simply changing the detection mode (Figure 3.2). First, monitoring pNP 

generation by UV-Vis displays an increase in absorbance until the substrate begins to run out, 

whereupon it eventually reaches a plateau. Then, the derivative (or rate) of this data is 

reminiscent of the transient fluorescence spike observed by the nanoantenna. Indeed, they 

effectively display the same kinetics. Thus, the link between the fluorescence intensity of the spike 

and the [ES] is confirmed by the former being proportional to the rate of reaction obtained by 

monitoring pNP generation by UV-Vis. 

We considered that one typically obtains the initial rate (V0) via the pNP signal shortly 

after addition of the substrate, which coincides with the maximum intensity of the fluorescence 

spike. Plotting the spike intensity versus [pNPP], in an analogous manner to V0 versus [pNPP] for 

a Michaelis–Menten plot, generated a similar saturation binding curve (Figure 3.3). Note that 

 

 

Figure 3.2. –  Nanoantenna fluorescence correlates with the rate of reaction determined by 

monitoring pNP generation with UV-Vis. The rate of pNP generation (slope of absorbance) 

follows the same profile as the nanoantenna fluorescence. 
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plotting the area under the spike versus [pNPP] simply generated a linear plot (Supplementary 

Figure S3.1). At lower [pNPP] there is a linear increase in spike intensity, but at higher [pNPP] it 

tapers off and eventually reaches a plateau at the maximum fluorescence (Fmax) that is analogous 

to the maximum rate (Vmax). Fitting with a modified Michaelis–Menten equation (Eqn 3.1), also 

with fluorescence spike intensity (Fint) instead of initial rate, provided a [pNPP] at which the 

fluorescence spike is half of Fmax, denoted as K0.5 (4.4 ± 0.2 μM). This value is similar to the KM 

reported in the literature under the same conditions.100 While the K0.5 appears to be equal to the 

KM, we do not currently have a method to convert the Fmax (26.2 ± 0.6 a.u.) in units of a.u. to Vmax 

in units of M s-1. We demonstrate later, however, how to avoid this limitation. Similar K0.5 and Fmax 

values were also obtained by plots analogous to the classic Lineweaver–Burk and Hanes–Woolf 

methods (Supplementary Figure S3.2). 

 

 

Eqn 3.1 

 

Figure 3.3. –  Nanoantenna spike intensity corresponds to reaction rate. Here, the data in 

Figure 3.1 were plotted as spike intensity versus [pNPP] to extract the Michaelis–Menten 

kinetic parameters by non-linear curve fitting. 



 
107 

3.3 Extraction of parameters: kinetics and inhibition 

Nanoantennas enable complete kinetic characterisation of an enzyme in a single 

experiment. When a reaction product is also an inhibitor, this can enable the study of inhibition 

with just one enzyme sample without saturating the detector, as could normally occur when using 

chromogenic and fluorogenic substrates (Supplementary Figure S3.3). Indeed, upon performing 

consecutive pNPP injections, we observed a decrease in spike intensity and an increase in reaction 

time, consistent with accumulation of one of the products, Pi, a competitive inhibitor of this 

enzyme (Figure 3.4). Inspired by recent ITC studies,99, 102, 103 we sought to characterise the enzyme 

kinetics via these fluorescence spikes. 

First, by fitting a single fluorescence spike using Michaelis-Menten differential equations 

with competitive product inhibition,103 one can extract the KM and kcat values, and from these, 

the kcat/KM (Figure 3.5, top). For the kinetic fitting procedure, developed in collaboration with 

Dominic Lauzon, see sections 6.1.7 Kinetic fitting and 6.5 Script for fitting kinetic data in MATLAB. 

We determined KM (5.0 ± 0.1 μM), kcat (32.1 ± 0.9 s-1) and kcat/KM (6.4 ± 0.3 μM-1 s-1) values similar 

to those reported in the literature under the same conditions (Table 3.1).100 Notably, the K0.5 

 

 

Figure 3.4. –  Multiple injections of pNPP. Eight injections of pNPP were added to the same 

nanoantenna-SA-bAP sample. Each reaction takes longer due to accumulation of Pi. 
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Figure 3.5. –  Fitting data to extract the kinetic parameters. Fitting one spike enables extraction 

of the KM and kcat, while fitting multiple spikes enables extraction of the Ki. 

 

Table 3.1. –  Michaelis–Menten kinetic parameters of AP with pNPP substrate. Shown are 

values reported in the literature100 and values determined in our study. Our fitting strategy of 

the nanoantenna fluorescence shown in Figure 3.5 displays similar parameters. Control 

experiments with UV-Vis shown in Supplementary Figure S3.4 also display similar parameters. 

 Literature 
ITC 

Literature 
UV-Vis 

Nanoantenna 
Fluorescence 
(Figure 3.5) 

Nanoantenna 
UV-Vis 

(Figure S3.4a) 

Dummy – no dye 
UV-Vis 

(Figure S3.4b) 

bAP Only 
UV-Vis 

(Figure S3.4c) 

KM (μM) 7.78 9.31 5.0 ± 0.1 10.1 ± 0.7 11.3 ± 1.0 7.9 ± 0.2 

Vmax (μM s-1) n/a n/a 0.321 ± 0.0(8)b 2.7 ± 0.0(1) 3.3 ± 0.0(5) 3.2 ± 0.0(1) 

kcat (s-1) 47.36 46.92 32.1 ± 0.8 24.6 ± 0.0(48) 30.4 ± 0.4 30.0 ± 0.1 

kcat/KM (μM-1 s-1) 6.1a 5.0a 6.4 ± 0.3 2.5 ± 0.2 2.7 ± 0.2 3.8 ± 0.1 

a) These kcat/KM values differ slightly from what was reported in Table 1 of the cited study, but there seems to be several errors therein because 
the reported kcat/KM values do not agree with the corresponding kcat and KM values, so we recalculated it. The differences are small, and in 
practical terms, do not matter. 
b) This Vmax was derived by using the kcat value obtained from our fitting procedure and enzyme concentration. Note also that the fluorescence 
experiment used 10 nM bAP, and the UV-Vis experiments used 109 nM bAP, hence the differing Vmax values. As expected, the kcat values were 
effectively the same. 
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value determined by plotting spike intensity and the KM value determined by fitting a single spike 

were in agreement. Crucially, similar values were also obtained by monitoring pNP product 

generation by using UV-Vis spectroscopy (Table 3.1 and Supplementary Figure S3.4). Importantly, 

we also found that neither the dye nor SA affected the kinetic parameters of the enzyme (Table 

3.1 and Supplementary Figure S3.4). We did find that inaccurate KM and kcat values were obtained 

by fitting a single fluorescent spike observed upon addition of a relatively low [pNPP], but this can 

be avoided by adding higher concentrations of substrate of at least ~3KM (Supplementary Figures 

S3.5, S3.6). Next, by using a similar fitting procedure, we modelled the eight spikes from the same 

enzyme sample. From these, we determined the Ki, a measure of the inhibitory effect of the Pi 

product (Figure 3.5, bottom). This Ki (48.4 ± 2.0 μM) was close to the previously reported values 

(Table 3.2). Moreover, the decrease in spike intensities was consistent with the expected 

decrease in the reaction rate due to the Ki value of the inhibition (Supplementary Figure S3.5). 

 

Table 3.2. –  Determined Ki values for competitive inhibitor Pi. Also shown are available 

literature values determined under similar conditions. 

Inhibitor Ki (μM) pH Temperature (°C) Substrate Reference 

Pi  
phosphate 

48 ± 2 
16.5 
19 

21.2 
29 

33.7 
60 
68 

8.0 
9.25 
9.25 
7.5 

9.19 
7.0 
8.9 

9.25 

30 
30 
30 
37 
30 
25 
37 
30 

pNPP (nanoantennas) 
4MUP 

ATP 
PPi 
PPi 
ATP 
PLP 

fluorophosphate 

This study 
468 
468 
256 
468 
100 

469, 470 
468 

 

It is worth discussing some of the details of how we arrived at these values. The first fitting 

of one spike to obtain the KM and kcat takes into consideration the inhibitory effects of the released 

Pi. We needed a Ki value for this, so based on the literature,100 we assumed a Ki of 33.7 μM. The 

fit then provided initial KM (4.2 ± 0.0(2) μM) and kcat (31.4 ± 0.8 s-1) values. The second fitting of 

all eight spikes to obtain our Ki takes into consideration the KM and kcat of the enzyme-substrate 

system, so we used the initial values we had just obtained from the first fit. This provided an initial 

Ki value (40.8 ± 1.0 μM). From a practical perspective, Ki values of 33.7 μM and 40.8 μM are 

effectively the same, but their numerical difference could suggest an error in the fitting. To check 



 
110 

it, we repeated the fitting of one spike to re-obtain the KM and kcat values, but now using our own 

Ki value rather than the literature value. Then, we repeated the fitting of all eight spikes to re-

obtain the Ki value, but now using our new KM and kcat values. After several iterations of this 

procedure, the values converged with no further change (Figure 3.6a). Thus, the final kinetic 

parameters were those that were provided in the previous paragraph: KM (5.0 ± 0.1 μM),  

kcat (32.1 ± 0.9 s-1), kcat/KM (6.4 ± 0.3 μM-1 s-1), and Ki (48.4 ± 2.0 μM). 

A criticism here could be that our fitting procedure required the knowledge of a literature 

Ki value obtained under similar conditions. Thus, instead of this “good guess” for the Ki, we tried 

a “bad guess” for it. More specifically, we started with a Ki value of 390 μM, as reported for a 

 

 

Figure 3.6. –  Multiple iterations of data fitting result in their convergence. The first round of 

data extraction used a literature Ki value to obtain our KM and kcat values. These were then 

used to obtain our Ki value. After several iterations of this procedure, the values converge with 

no further change. 
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bacterial AP under very different buffer conditions.219 This led to a somewhat different initial KM 

value (8.2 ± 0.0(4) μM) but effectively the same kcat value (35.1 ± 1.0 s-1), and in turn, using these 

led to a higher Ki value (76.1 ± 2.1 μM). After several iterations of the calculation, however, we 

obtained the same final kinetic parameters as noted previously (Figure 3.6b). Therefore, if one 

already has a good estimate of the Ki, then the iteration approach may not be necessary for 

practical purposes (i.e., KM values of 4.2 μM and 5.0 μM are effectively the same for most 

applications), but in the absence of a good estimate, one can refine the result. 

  

3.4 Characterising any substrate 

The experiments presented above have involved AP-mediated hydrolysis of the substrate 

pNPP to its products pNP and Pi. However, it is pointless to develop a new fluorescence method 

to study AP with pNPP – why reinvent the wheel? Remarkably, these fluorescent nanoantennas 

are not limited to just one substrate. We next demonstrate that fluorescent nanoantennas can 

be used to monitor the AP-mediated hydrolysis of any substrate, including biomolecules. Note 

that at this point in the project, we experienced a problem with enzyme batch-to-batch 

variation,428-433 so some values presented hereafter are different from those presented above. 

However, all derived kinetic parameters remained within the expected range. Please see 

Supplementary Figure S3.7 for further discussion of this issue. For comparisons of substrates, 

however, we always used the same batch of enzyme. 

We started by characterising the two classic substrates, chromogenic pNPP and 

fluorogenic 4MUP, with the new batch of bAP. Note that the fluorescent product 4MU, also called 

hymecromone, has recently received attention for its potential to treat some cancers.471 Using 

the fitting protocol described above (without multiple iterations), we extracted their KM and kcat 

values, and from these, the kcat/KM (Figure 3.7 and Table 3.3). While this batch of bAP displayed 

somewhat different kinetic parameters, the values for pNPP were still within the reported range 

(KM = 24.3 ± 1.3 μM, reported = ~4 to ~120 μM; kcat = 178.1 ± 12.8 s-1, reported = ~23 to ~905 s-1 

or sometimes higher; kcat/KM = 7.3 ± 0.9 μM-1 s-1, reported = ~1 to ~28 μM-1 s-1 or sometimes 

higher).100, 101, 215, 216, 408, 472-475 For 4MUP, the KM and kcat/KM were similarly within the reported  
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Figure 3.7. –  Fluorescent nanoantennas enable real-time monitoring of any substrate 

hydrolysed by AP. Nanoantenna fluorescence signatures during hydrolysis of pNPP, 4MUP, 

PPi, BGP, PEP, PSer, PLP, G6P, F6P, AMP, ADP, ATP, GTP, PCr, and amifostine. These 

experiments were performed in 100 mM Tris, 10 mM NaCl, pH 8.0, and 37 °C. 
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Table 3.3. –  Determined KM and kcat values for various substrates. Also shown are literature 

values, listed from low to high KM, that were determined under similar conditions.a,b Our kcat 

and KM values, determined at pH 8.0 and 37 °C, are within the typical range for AP values (see 

pNPP), but are obviously faster when compared to most available values for other substrates 

determined at somewhat lower pH or temperature. 

Substrate This study Literature 

 kcat 
(s-1) 

KM 
(μM) 

kcat/KM 
(μM-1 s-1) 

kcat 
(s-1) 

KM 
(μM) 

kcat/KM 
(μM-1 s-1) 

pH T 
(°C) 

ref 

pNPP 178.1 ± 12.8 24.3 ± 1.3 7.3 ± 0.9 - 
47.36 
46.92 
300.3 
287 
22.5 
3580 
905 

- 
341.7 

3.6 
7.78 
9.31 
10.7 
18 
24 
35 

37.7 
~63d 
119.7 

- 
6.1c 
5.0c 
28.1 
16.0 
0.93 
99 

24.0 
- 

2.9 

8.0 
8.0 
8.0 
8.0 
8.0 
7.4 
8.5 
8.0 
8.0 
8.8 

25 
30 
30 
25 
RT 
25 
25 
37 
- 

37 

472 
100 
100 
473 
215 
408 
101 
474 
216 
475 

4MUP 237.6 ± 12.9 20.5 ± 0.6 11.6 ± 1.0 39.2 
- 

9.5 
7.2 

- 
- 
- 

2.2 
2.3e 
2.5 
3.2 
5.4e 
~10 
28 

18 
- 

3.8c 
2.6c 

- 
- 
- 

8.0 
7.91 
8.0 
8.0 

8.36 
8.5 
8.5 

25 
30 
25 
25 
30 
22 
30 

476 
37 

100 
100 
37 

477 
478 

PPi 242.5 ± 16.7 17.3 ± 0.2 14.0 ± 1.1 - 
36.6f 

16 
66f 

- 
0.55f 

8.0 
7.4 

25 
25 

472 
408 

BGP 224.1 ± 14.1 48.2 ± 2.8 4.6 ± 0.6 - 15 - 8.0 25 472 

PEP 296.5 ± 12.3 13.1 ± 0.2 22.6 ± 1.3 - 5.5 - 8.0 25 472 

PSer f 162.2 ± 5.2 48.4 ± 1.0 3.4 ± 0.2 - - - - - - 

PLP 157.2 ± 12.5 58.9 ± 11.6 2.7 ± 0.7 - 
17.8 

3.6 
31 

- 
0.57 

7.4 
7.4 

37 
25 

267 
408 

G6P f 114.5 ± 11.8 75.8 ± 14.3 1.5 ± 0.4 - - - - - - 

F6P f 106.8 ± 3.2 98.5 ± 16.0 1.1 ± 0.2 - - - - - - 

AMP 168.3 ± 12.4 43.5 ± 2.4 3.9 ± 0.5 - 
- 
- 

22.6 

11.2 
12.0 
18 
43 

- 
- 
- 

0.52 

8.0 
7.4 
8.0 
7.4 

30 
30 
25 
25 

479 
479 
472 
408 

ADP 216.1 ± 14.3 50.0 ± 2.8 4.3 ± 0.5 22.6 20 1.13 7.4 25 408 

ATP 144.5 ± 4.0 46.7 ± 2.9 3.1 ± 0.3 3.5 
- 
- 

18.9 
- 

6.8 
16 

18.9 
31 

105 

0.52 
- 
- 

0.61 
- 

7.0 
8.0 
8.2 
7.4 
7.5 

25 
25 
25 
25 
37 

100 
472 
105 
408 
266 

GTP f 218.4 ± 19.6 41.1 ± 1.0 5.3 ± 0.6 - - - - - - 

PCr f 161.1 ± 6.5 61.0 ± 7.0 2.6 ± 0.4 - - - - - - 

Amifostine f 87.0 ± 2.5 39.1 ± 3.9 2.2 ± 0.3 - - - - - - 

a) Our conditions were 100 mM Tris, 10 mM NaCl, pH 8.0, 37 °C; also 150 nM nanoantenna, 50 nM SA, 20 nM bAP, 300 μM substrate. Literature 
conditions were mostly Tris buffers, pH ~8, 25-37 °C. We did not consider studies at significantly different pH, nor studies that used other 
isoforms/species of AP. 
b) [Mg2+] can affect the rate of substrate hydrolysis, so values could differ between studies, but likely not enough to make the results non-
comparable. For example, in one study at pH 8.0, 1 mM or 5 mM of Mg2+ increased the rate by factors of about ~1.7x or ~2.2x, respectively.216 
c) These kcat/KM values differ slightly from what was reported in Table 1 of the cited study,100 but there seems to be several errors therein 
because the reported kcat/KM values do not agree with the corresponding kcat and KM values, so we recalculated it. The differences seem to be 
larger than rounding errors, but small enough that in practical terms they do not affect the result. 
d) This literature pNPP KM value was not reported directly. We estimated it from the Lineweaver–Burk plot in Figure 3 of the cited study.216 
e) These literature 4MUP KM values were not reported directly. We determined them by non-linear fitting with the Michaelis–Menten equation 
in KaleidaGraph of the data found in Table 2 of the cited study.37 
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f) We could not find any studies reporting kinetic parameters for calf intestinal alkaline phosphatase with some substrates under similar 
conditions. However, there are studies with various biomolecular substrates that we did not consider for comparison because they employed 
significantly different conditions (e.g., pH 9-11),468, 480-483 other bovine isoforms (e.g., kidney),484-487 other mammalian species (e.g., human, pig, 
rat),437, 480, 482, 483, 488-500 or APs from very different species (e.g., fish, bacteria, yeast).158, 159, 161, 165, 217, 481, 501-508, 509 

 

range, while the kcat was somewhat faster (KM = 20.5 ± 0.6 μM, reported = ~2 to ~28 μM;  

kcat = 237.6 ± 12.9 s-1, reported = ~7 to ~39 s-1; kcat/KM = 11.6 ± 1.0 μM-1 s-1, reported = ~3 to  

~18 μM-1 s-1).37, 100, 476-478 This discrepancy for the kcat is probably due to the available literature 

studies100, 476 at pH 8 having been conducted at 25 °C, as opposed to our 37 °C, which likely would 

have made the reaction faster in our case. Based on the success of this comparison with earlier 

studies, we next considered various biomolecular substrates. Note that although the substrates 

display different baselines, this is likely due to the phosphate product and sample-to-sample 

variation (Supplementary Figures S3.8, S3.9). 

We considered several biomolecular phosphate monoesters. Pyrophosphate (PPi) and 

pyridoxal 5'-phosphate (PLP; Vitamin B6) are known substrates of the mammalian tissue-

nonspecific isoform of AP (TNAP), and these play a role in skeletal mineralisation and 

hypophosphatasia.150-153 β-glycerophosphate (BGP) has also been used to study mineralisation.156 

Glucose-6-phosphate (G6P) and other sugar phosphates have been studied with fungal APs;158 so 

G6P and frutose-6-phosphate (F6P) were examined here. One proposed role of intestinal AP is to 

dephosphorylate phosphoproteins,109, 149, 161 which contain residues such as phosphoserine 

(PSer), so we considered that substrate too. Finally, phosphoenolpyruvate (PEP) is the highest 

energy phosphate found in biology.1 There have only been a few previous studies of calf intestinal 

AP with these substrates under similar conditions. For example, we found data for PP i, BGP, PEP 

and PLP,267, 408, 472 but not for G6P, F6P and PSer. Moreover, the data that we could find was often 

conducted at lower pH and/or temperature, which affects the kinetics. It should also be noted 

that, specifically for AP and not just as general enzymology advice, there could be some variation 

for enzyme properties in older literature.428-433 This scarcity of data reflects the inconvenience 

involved in studying biomolecular substrates with AP. Nevertheless, these substrates all displayed 

a fluorescence spike during their hydrolysis by AP. From our fitting procedure, we rapidly obtained 

their KM and kcat values. The results were generally in the expected range, especially in 

consideration of the temperatures used here and in other studies (Figure 3.7 and Table 3.3). 



 
115 

Next, we considered a series of nucleotide substrates: adenosine monophosphate (AMP), 

adenosine diphosphate (ADP), adenosine triphosphate (ATP), and guanosine triphosphate (GTP). 

As discussed in Chapter 1, ATP is a known biomolecular substrate of intestinal AP. It has a role in 

regulating the surface pH of the duodenum and promoting the growth of commensal bacteria in 

the gut.142-144, 146, 147 Our nanoantennas and fitting strategy could rapidly characterise these four 

substrates (Figure 3.7 and Table 3.3). While there were already adequate data available for the 

KM of AMP and ATP,100, 105, 266, 408, 472, 479 few studies had reported the kcat for these important 

biomolecules.100, 408 Moreover, there was only one relevant study for ADP,408 and none for GTP. 

All of the substrates tested above are either phosphate monoesters (pNPP, 4MUP, BGP, 

PEP, PSer, PLP, G6P, F6P, AMP) or contain a pyrophosphate moiety (PPi, ADP, ATP, GTP). Thus, 

they all have a P–O bond that can be cleaved by AP. We sought to examine whether the 

nanoantenna strategy can also characterise the AP-mediated cleavage of other bonds. 

Phosphocreatine (PCr) is mostly studied in the context of energy metabolism of muscle.510 

However, what is of interest here is that PCr is a phosphoramide. In short, the nanoantenna 

strategy can also monitor the AP-mediated hydrolysis of the P–N bond. The extracted KM and kcat 

values are similar to those of the other small biomolecular substrates (Figure 3.7 and Table 3.3). 

Next, we tested amifostine, also called WR-2721 and marketed as Ethyol, which is 

employed to protect normal tissues against the toxicities of radiation treatment and 

chemotherapy.10, 205-207 Intestinal AP putatively dephosphorylates this inactive prodrug to its 

active form, WR-1065.208 This metabolite can diffuse into cells, whereupon it protects them during 

treatment.206, 207 Here, we show that fluorescent nanoantennas can monitor the AP-mediated 

hydrolysis of the P–S bond of amifostine. The KM value is like that of the other substrates, but the 

kcat is slower (Figure 3.7 and Table 3.3). This could be due to intestinal AP being able to hydrolyse 

the thiophosphate bond, but not having evolved for this purpose. 

Finally, we tested a substrate of AP that differs markedly from the others. 

Lipopolysaccharides (LPS), also called endotoxins, are ~10 kDa macromolecules released from the 

outer membrane of Gram-negative bacteria, including the intestinal microbiota. As outlined in 

Chapter 1, a proposed role of intestinal AP is to dephosphorylate LPS, and in turn, reduce its 
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toxicity and inflammation.134-140 LPS has also been linked to health conditions related to intestinal 

inflammation.168, 198 Here, we demonstrate that with the fluorescent nanoantennas, one can 

monitor the AP-mediated hydrolysis of LPS in real time (Figure 3.8). Deriving kinetic parameters 

for LPS, however, remains challenging due to uncertain sample concentration and number of 

phosphates per LPS molecule.511 Nevertheless, the reaction is much slower than an approximately 

equimolar concentration of pNPP. This could be attributed to the larger size of LPS and/or more 

phosphates per LPS molecule. Shown alongside the kinetic fluorescence signature is a simplified 

scheme of LPS structure.512 Although it can differ between strains of bacteria, generally, it 

contains acyl chains, several phosphates and various sugars. 

 

 

Figure 3.8. –  Real-time monitoring of AP function using LPS substrate. Nanoantenna 

fluorescence signature observed during hydrolysis of ~2.5 µM lipopolysaccharide (LPS) and 

2.5 µM pNPP. Shown also is a simplified scheme of LPS structure. LPS was used at a lower 

concentration than the other substrates due to low concentration of available stock solution. 

Moreover, due to uncertain LPS molar mass and exact concentration, as well as uncertainty 

about the number of hydrolysable phosphates, we did not determine the kinetic parameters 

(KM and kcat). Likewise, kinetic parameters for 2.5 µM pNPP could not be determined due to 

low concentration being incompatible with our fitting procedure. Conditions: 15 nM PEG 

nanoantenna, 5 nM SA, 10 nM bAP, 2.5 µM pNPP or ~2.5 µM LPS, in 100 mM Tris, 10 mM 

NaCl, 37 °C, pH 8.0. The colours in the simplified scheme of LPS represent acyl chains (grey), 

phosphate (red), ethanolamine (green), N-acetylglucosamine (orange), ketodeoxyoctonic acid 

(yellow), heptose (violet), glucose (dark blue), neutral sugar (brown), and colitose (light blue). 
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3.5 “One shot” kinetic fitting saves time and material 

When determining the kinetic parameters for an enzyme-substrate system, one must 

typically determine the initial rates of product generation over a range of ~10 substrate 

concentrations above and below the KM.513 In the context of AP, this is true whether one is using 

the classic malachite green assay for biomolecules,106 or detecting the products of pNPP or 

4MUP.34, 37 However, alternative procedures to extract kinetic parameters from progress curves 

have been proposed.473, 514, 515 In one study of AP, for example, it was demonstrated that it is 

possible to obtain accurate KM and kcat values by fitting two progress curves at different pNPP 

concentrations.473 More recently another procedure was shown with the enzyme dihydrofolate 

reductase (DHFR), whose reaction can be followed by UV-Vis spectroscopy at 340 nm via its 

cofactor (nicotinamide adenine dinucleotide phosphate, NADPH) and substrate (dihydrofolate, 

DHF). Therein, the DHFR kinetic parameters were obtained by splitting the progress curve into 

equal time windows and calculating the mean substrate concentrations and reduction rates for 

every time interval. This procedure could then be used to conveniently study various mutants of 

the enzyme.515 In the present work, since we used just one nanoantenna fluorescent spike for the 

“one shot” fitting procedure, we further examined how it compares with fitting one progress 

curve as well as with the classic method at multiple concentrations of substrate. 

 First, we tried the classic method that employs the fluorogenic substrate 4MUP to 

determine the initial rates of 4MU product generation at eight different 4MUP concentrations 

(Figure 3.9a). From this, we obtained the KM and kcat values, which we considered to be the 

reference values. Then, at one concentration of 4MUP, we found that a single fluorescence spike 

obtained with our nanoantenna provided KM and kcat values that agreed with those determined 

by the traditional method of analysing initial rates of 4MU product generation (Figure 3.9b). (As 

an aside, we performed this analysis several months after the values were obtained for Figure 3.7 

and Table 3.3, but we obtained the same result, which shows the reproducibility of the method). 

In contrast, simply fitting one 4MU progress curve by following fluorescent product generation 

provided overestimated values for the KM and kcat (Figure 3.9c). 
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Figure 3.9. –  Comparison of methods and error. (a) Classic Michaelis-Menten method to 

determine kcat and KM values for the 4MUP substrate using the initial rates of 4MU product 

generation. (b) Nanoantenna “one shot” method to determine kcat and KM values using the 

FAM fluorescence spike obtained during 4MUP hydrolysis. The values determined using both 

methods displayed good agreement. (c) We also compared the accuracy of the “one shot” 

nanoantenna method compared to a similar approach performed using the 4MU progress 

curve under the same conditions. We found that a “one shot” 4MU progress curve 

significantly over-estimated both the kcat and KM of the enzyme-substrate system. Conditions 

were 100 mM Tris, 10 mM NaCl, pH 8.0, 37 °C; also 37.5 nM nanoantenna, 12.5 nM SA, 5 nM 

bAP, and 2 μM, 5 μM, 10 μM, 20 μM, 40 μM, 80 μM, 140 μM or 350 μM 4MUP in (a), and the 

same buffer and temperature but with 150 nM nanoantenna, 50 nM SA, 20 nM bAP, and 300 

μM 4MUP in (b) and (c). In (a), the concentration of bAP was reduced to facilitate 

measurement of low 4MUP concentrations, and the nanoantenna and SA concentrations 

were reduced proportionately. Triplicate experiments were done for each substrate 

concentration (24 measurements for the classic Michaelis-Menten via initial rates and 3 each 

for the nanoantenna spike and product progress curve). 

 

These results show the great efficiency of the fluorescent nanoantennas. Since 

measurements are often taken in triplicate for hard-to-detect spectroscopically silent 

biomolecules, it is necessary to obtain initial rates for ~30 samples. For substrates that generate 

a signal, it is also typically necessary to obtain initial rates for ~30 samples, although methods to 

fit two progress curves at two different substrate concentrations could reduce this to six  
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Figure 3.10. –  Kinetic parameters can be obtained with various dyes. Here, L12 nanoantennas 

as ssDNA with FAM, dsDNA with FAM, dsDNA with Cy3, dsDNA with FAM and CAL (monitoring 

FAM), and dsDNA with FAM and CAL (monitoring CAL) were employed to characterise AP with 

pNPP. Conditions: 150 nM nanoantenna, 50 nM SA, 100 nM bAP and 300 µM pNPP in 200 mM 

Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, 37 °C. The values of kcat = 77.4 ± 2.2 s-1, KM = 11.9 ± 

1.1 μM and kcat/KM = 6.8 ± 0.8 μM-1 s-1 are an average of all five measurements. 

 

samples.473 Likewise, DHFR and presumably other enzymes can be studied more conveniently by 

splitting a progress curve into equal time windows, and therefore, only thee samples are needed 

for a triplicate measurement, as well as an additional calibration curve.515  With fluorescent 

nanoantennas and “one shot” fitting, the enzyme-substrate system can be accurately 

characterised in triplicate with just three samples. Moreover, as shown in the previous section, it 

is not necessary that the substrate or product molecule generates a signal. 

Extraction of the kinetic parameters is not limited to nanoantennas that contain FAM. The 

fitting procedure was further tested with L12 nanoantennas as ssDNA with FAM, dsDNA with 

FAM, dsDNA with Cy3, dsDNA with FAM and CAL (monitoring FAM), and dsDNA with FAM and 

CAL (monitoring CAL) (Figure 3.10). Similar kcat and KM values for pNPP were obtained for all of 
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these nanoantennas. Moreover, these samples were analysed in pH 7 buffer, unlike the rest of 

this chapter that employed pH 8 buffer. Alkaline phosphatase, as its name implies, displays 

different activity at different pH levels.37, 215, 216, 408 At pH 8, the kcat was 178.1 ± 12.8 s-1 and now 

at pH 7 it was 77.4 ± 2.2 s-1. A similar result was reported in the literature, whereby at pH 8 the 

kcat was 246 s-1 and at pH 7 it was 58 s-1.215 Likewise, at pH 8 the KM was 24.3 ± 1.3 μM and now at 

pH 7 it was 11.9 ± 1.1 μM. In the literature example, the KM shifted from 18 μM to 4 μM.215 

 

3.6 Characterising inhibitors 

In section 3.3, we showed how it is possible to characterise the Ki of inorganic phosphate 

(Pi), which is not only a product of substrate hydrolysis but also a competitive inhibitor of the AP 

enzyme. Here, we show how it is possible to characterise other inhibitors of this enzyme. 

First, we considered how inhibitors could impact the shape of the fluorescent spike. To do 

this, we generated theoretical fluorescence spikes by using our fitting script with the kinetic 

parameters set as constants. For this section, our focus is on competitive inhibitors, although we 

also show the results for an uncompetitive inhibitor and a non-competitive inhibitor (Figure 3.11). 

A competitive inhibitor will bind to AP in its active sites, and this enzyme-inhibitor complex 

prevents the formation of the enzyme-substrate complex. This increases the apparent KM, but by 

adding substrate at higher concentration, the apparent Vmax will be unchanged. Here, we see that 

compared to having no inhibitor, a relatively weak competitive inhibitor (Ki = 100 μM) will slightly 

decrease the initial spike intensity and increase the reaction time (~300 s to ~400 s), while a 

relatively strong competitive inhibitor (Ki = 1 μM) will significantly decrease the spike intensity 

and increase the reaction time (longer than 600 s). 

Next, we used the fluorescent nanoantennas to rapidly characterise the inhibitory effects 

of five oxyanion competitive inhibitors toward AP with the prodrug substrate amifostine. These 

five inhibitors were phosphate, molybdate, tungstate, arsenate, and vanadate. We similarly 

examined Mg2+, a cofactor of AP. We obtained the KM and kcat of amifostine with AP in the absence 

and presence of these effectors (Figure 3.12 and Table 3.4). By utilising the Michaelis–  
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Figure 3.11. –  Theoretical nanoantenna kinetic signatures for inhibitors. Here, we generated the 

expected spike profile of a theoretical system with the parameters: kcat = 100 s-1, KM = 10 µM, 

[enzyme] = 100 nM, [substrate] = 1000 µM, and [inhibitor] = 125 µM. Shown are the effects 

of (a) competitive inhibitors with Ki = 100 µM and Ki = 1 µM, (b) uncompetitive inhibitor with 

Ki = 100 µM, and (c) non-competitive inhibitor with Ki = 100 µM. 

 

 

Figure 3.12. –  Screening inhibitors by monitoring AP hydrolysis using fluorescent 

nanoantennas. The inhibitory effects of (a) phosphate, (b) molybdate, (c) tungstate, (d) 

arsenate, and (e) vanadate on AP with the substrate amifostine, a cancer prodrug that is 

activated by intestinal AP. Shown also is (f) the effect of Mg2+ ion. The baseline of the kinetic 
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signature without the effector was adjusted for presentation of data (i.e., due to fluorescence 

quenching caused by vanadate and magnesium ion). Conditions were 300 μM substrate,  

30 μM inhibitor or 5 mM Mg2+, and otherwise the same as Figure 3.7. See Table 3.4 for kinetic 

parameters. The kinetic profiles of phosphate and vanadate follow the theoretical result as 

shown in Figure 3.11 for relatively weak and strong competitive inhibitors, respectively. 

 

Menten equation for competitive inhibition (provided for reference in Supplementary Figure 

S3.7), we could obtain their Ki values. Whereas a lower Ki indicates a more potent inhibitor, we 

found that from best to worst, the inhibitors were ranked as vanadate > arsenate > tungstate > 

molybdate > phosphate (Table 3.4). Moreover, as expected, Mg2+ increased both the KM and the 

kcat.216 

A search of the literature for various APs – some barely related to intestinal AP – reveals 

that although our results follow general trends, no single study has characterised all these 

inhibitors. For example, the order of the potency of vanadate > tungstate > molybdate has been 

reported for Escherichia coli (E. coli) AP,516 sludge-associated AP,517 and possibly goldfish ovarian 

tissue AP,518 but not for any mammalian intestinal APs. Furthermore, vanadate > tungstate > 

arsenate,519 tungstate > arsenate > molybdate,520 vanadate > arsenate,521 and arsenate > 

phosphate,522 have been reported for calf or bovine intestinal AP, as well as vanadate > phosphate 

for human intestinal AP523 and bovine kidney AP,56 arsenate > phosphate for equine plasma AP,524 

and vanadate > arsenate > phosphate for epiphyseal cartilage membrane AP.525 However, these 

studies were conducted with substrates that generate an easily detectable signal, such as pNPP. 

In contrast, using our “one shot” fitting procedure, nanoantennas can rapidly characterise the 

inhibitors with the spectroscopically silent prodrug amifostine. For a triplicate measurement, this 

requires only six measurements (i.e., three without inhibitor and three with inhibitor). The 

standard methods to characterise amifostine with AP would require ~60 measurements (i.e., ~30 

without inhibitor and ~30 with inhibitor), using the tedious method of Pi quantification.106 
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Table 3.4. –  Kinetic parameters for amifostine with various effectors. Values were determined 

from the data in Figure 3.12. Fitting was done analogously to Figure 3.7 (not shown), and then 

the apparent KM was used to determine the Ki. 

Effector kcat (s-1) KM (μM) Ki (μM) 

None 76.0 ± 9.4 43.0 ± 5.6 - 

phosphate 77.6 ± 5.7 85.1 ± 11.6 30.6 ± 8.2 

molybdate 71.3 ± 6.6 107.0 ± 13.8 20.1 ± 5.2 

tungstate 46.5 ± 9.8 * 170.6 ± 36.5 10.1 ± 3.5 

arsenate 28.6 ± 2.9 * 394.9 ± 52.8 3.7 ± 1.0 

vanadate 25.1 ± 4.0 * 1130.7 ± 119.5 1.2 ± 0.3 

magnesium ion 116.5 ± 13.9 60.1 ± 8.9 - 

* kcat should not decrease for a competitive inhibitor, but we did observe this for tungstate, 

arsenate, and vanadate. However, we found that fitting the nanoantenna spike without 

the reaction having finished reduces the determined kcat of the reaction. For example, if 

we fit phosphate or tungstate data for 30 min or 20 min, its kcat remains effectively 

unchanged. However, if we instead fit the same data using only a 10 min,  

7.5 min, or 5 min time window (i.e., when the reaction is not over), then the determined 

kcat decreases while there was a smaller effect on the KM (not shown). This potential 

artifact of the fitting should be kept in mind when screening inhibitors with high potency 

and long reaction time. 

 

3.7 Transition state analogue inhibitors 

 There is an energy barrier for an enzymatic reaction to proceed from substrate(s) to 

product(s). This may involve alignment of reacting groups, formation of transient unstable 

charges, bond rearrangements, and so on. For the reaction to proceed, the molecules must 

overcome this energy barrier, which can be lowered by enzymes. At the top of the “energy hill”, 

decay to substrate(s) or product(s) is equally likely. This is called the transition state (ES‡). 

However, this state is not stable, and should not be confused with short-lived but stable 

intermediates, such as the enzyme-substrate complex (ES). Therefore, it is impossible to directly 

study a transition state by experimental methods.1 A transition state analogue (TSA), however, 

occurs when a molecule binds to an enzyme and mimics the geometry of the transition state. This 
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could include, for instance, conformational changes at the active site.526 This binding is often quite 

stable, resulting in a relatively low dissociation constant (Kd). When tightly bound at the same 

location as where a substrate would bind, the TSA can also serve as an inhibitor. Since this 

enzyme-inhibitor complex is stable, a crystal structure can thus be obtained. This is useful when 

designing drugs based on inhibition of enzymes,527 as well as to understand the mechanism of 

otherwise unstable enzyme transition states.528 

 As discussed in the previous section, vanadate (VO4
3−), also called inorganic vanadate (Vi) 

by analogy with inorganic phosphate (PO4
3− or Pi), is a competitive inhibitor of APs.529 Using Vi to 

inhibit phosphatases and kinases has been studied in the context of various diseases, such as 

diabetes.530-534 Crystallographic studies have proposed that Vi is a TSA inhibitor of AP from 

 E. coli,107, 127 as well as other microorganisms.535 Although there have been no previous 

crystallographic studies of calf intestinal AP with vanadate, the studies with E. coli AP indicate that 

“the motions required for the formation and breakdown of the transition state are minimal on 

the part of the enzyme” and are less than 1 Å.107 This oxyanion acts as a TSA inhibitor because it 

can form a stable pentavalent complex that is structurally reminiscent of the unstable transition 

state of a bound phosphate-containing substrate.107, 127, 536 In other words, the stable AP-Vi 

complex can be used to study the unobservable transition state. Therefore, the AP-Vi complex 

represents one of the distinct states of this enzyme, and putatively mimics the transition state 

(Figure 3.13). Furthermore, a recent study has also proposed that inorganic tungstate (Wi) 

represents a better TSA inhibitor of AP.114 While it is not the goal of this thesis to wade into a 

debate of which is the better TSA inhibitor, one should expect that the binding of Vi and Wi would 

induce specific states in AP that may be detectable by the fluorescent nanoantennas. 

With the above in mind, we tested whether the nanoantennas could detect the binding 

of several oxyanion inhibitors to bAP. First, as a control, we found that vanadate, tungstate, 

molybdate and phosphate do not substantially affect the fluorescence of the nanoantenna-SA 

platform via non-specific interaction (Supplementary Figure S3.8). Then, we added these 

oxyanions to cuvettes containing the nanoantenna-SA-bAP complex. Unlike the transient  
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Figure 3.13. –  States of AP during enzymatic reaction and denaturation. First, the enzyme (E) is 

present in solution, followed by the energetically favourable binding of a substrate (e.g., 

pNPP) to form an enzyme-substrate complex (ES). Next, the high-energy transition state (ES‡) 

is formed. It cannot be observed directly but can be studied via transition state analogue (TSA) 

inhibitors that mimic its geometry, such as Vi. Note that the AP-Vi complex is stable (i.e., low 

energy), unlike the transition state whose structure it mimics. After the hydrolysis of pNPP, 

the bound Pi product (EP) is released from the enzyme (E + P). As a competitive inhibitor, Pi 

can rebind to the active site. AP can also be unfolded by thermal denaturation (Eunfolded). 

 

fluorescence spike observed upon addition of a substrate, nanoantennas detect vanadate binding 

to bAP via large fluorescence quenching (Figure 3.14a). This quenching response contrasts with 

the increase in fluorescence upon substrate binding, further indicating that the FAM of the 

nanoantenna is not simply being ejected from the active site, but instead it is monitoring enzyme 

function through distinct conformational changes. Adding increasing concentrations of vanadate 

led to a binding curve behaviour quenching (Figure 3.14b). Furthermore, tungstate binding was 

found to increase fluorescence (Figure 3.14b). The Kd values observed for the binding of vanadate 

and tungstate (0.54 ± 0.01 μM and 7.6 ± 0.2 μM, respectively) were found to be consistent with 

their Ki values previously determined using the “one shot” fitting of the fluorescent spike  
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(1.2 ± 0.3 μM and 10.1 ± 3.5 μM, respectively; see Table 3.4). There was also agreement with 

literature Ki values for vanadate with calf intestinal AP (0.49 μM)474 and human intestinal AP (0.50 

μM).523 Although there were no Ki values available for intestinal AP with tungstate, a study with 

E. coli AP reported a similar trend for the Ki values of vanadate and tungstate (2.3 μM and 5.9 μM, 

respectively, at pH 8).516 Note that while Kd values are determined by binding experiments and Ki 

values by kinetic experiments, Kd ≈ Ki for a competitive inhibitor.537, 538 In contrast, the phosphate 

and molybdate binding curves could not be fitted due to the lack of a plateau (Figure 3.14b). Thus, 

here we have shown that the nanoantennas can detect the small conformational changes that 

occur upon binding of vanadate and tungstate to alkaline phosphatase. 

 

 

Figure 3.14. –  Vanadate and tungstate binding. (a) Unlike the spike during pNPP hydrolysis, Vi 

binding quenches the nanoantenna’s fluorescence. (b) Binding curve of the nanoantenna-SA-

bAP complex sensing vanadate (blue) and tungstate (orange). The other competitive inhibitor 

oxyanions, phosphate (red) and molybdate (maroon), do not exhibit such a large fluorescence 

change. Note that the final two data points for vanadate were not included in the fit. 
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3.8 Unfolded state 

 Thermal denaturation of proteins, often also called protein melting, allows one to 

determine the thermal stability of a protein as it passes from a highly ordered folded state to an 

unfolded random state. This information is important in the fields of drug development and 

protein engineering,539 as well as for food and biotechnology applications.540 Upon subjecting the 

protein sample to a temperature gradient, the inflection point of the signal output is the melting 

temperature (TM), which can be determined by taking the derivative of the data or by curve fitting 

software.541, 542 Here, we sought to determine whether our fluorescent nanoantennas can be used 

to monitor large conformational changes, such as protein unfolding by thermal denaturation. 

 We first recorded the temperature-dependent FAM fluorescence of the nanoantenna, the 

nanoantenna-SA platform, and the nanoantenna-SA-bAP complex (Figure 3.15a). The 

nanoantenna-SA platform and the nanoantenna-SA-bAP complex displayed transitions, so we 

used the derivative of the data to find their TM (Figure 3.15b). We also recorded the tryptophan 

(Trp) fluorescence of SA alone, unbiotinylated AP alone, and the nanoantenna-SA platform (Figure 

3.15c) and likewise obtained their TM values (Figure 3.15d). Note that we did not record the Trp 

fluorescence of bAP because it contains bovine serum albumin (BSA) added by the manufacturer 

as a stabiliser. 

Before examining the enzyme, we considered the nanoantenna and SA. Using FAM 

fluorescence, we see that unbound nanoantennas did not display a transition (Figure 3.15b). 

Using Trp fluorescence, however, we see that SA alone displays a transition at 79.4 ± 1.0 °C  

(Figure 3.15d). This represents the TM of SA, and it agrees with the reported literature values of 

75.5 °C and 84.1 °C.335, 543 Next, we considered the nanoantenna-SA platform. Using Trp 

fluorescence, we see that unlike SA alone, it does not display a transition (Figure 3.15d). This is 

presumably due to the enhanced cooperativity of the thermal unfolding of SA upon biotin binding, 

as a higher TM value of 112.2 °C has been reported at full biotin saturation.335 Thus, the 

nanoantenna-SA platform remains stable over the tested temperature range. Using FAM 

fluorescence, however, the nanoantenna-SA platform displays a distinct transition at the TM of 

91.7 ± 0.7 °C (Figure 3.15b). This likely represents dissociation of FAM from SA, rather than 
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unfolding of SA or detachment of the whole nanoantenna, since the steady Trp fluorescence 

derivative signal supports that the nanoantenna-SA platform remained stable over this 

temperature range.544 

 

 

Figure 3.15. –  Monitoring protein unfolding with fluorescent nanoantennas. (a) FAM 

fluorescence melting curves of the nanoantenna (grey), nanoantenna-SA platform (light 

green) and nanoantenna-SA-bAP complex (light purple). (b) Derivatives of the melting curves 

with smoothing (black lines) and corresponding cartoons are shown. (c) Trp fluorescence 

melting curves of SA (blue), the nanoantenna-SA platform (light green) and AP (dark yellow). 

(d) Derivatives of the melting curves with smoothing and corresponding cartoons are similarly 

shown. Conditions: 150 nM nanoantenna, 50 nM SA, 100 nM bAP in 100 mM NaCl, 50 mM 

Na2HPO4, pH 6.99, 20-100 °C, 1 °C/min. λex/em FAM = 498/520 nm, Trp = 280/340 nm. 

Smoothing of the derivatives was by the Savitzky–Golay method with 25 points. 
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Figure 3.16. –  Determination of the apparent Gibbs free energy (ΔG) of bAP. (a) Example fitting 

of the melting curve of the nanoantenna-SA-bAP complex with linear regression to normalise 

the fluorescence data. (b) The normalised data shows the percent of folded and unfolded 

conformation. (c) Van’t Hoff plot of the data allows one to determine the apparent ΔG for the 

unfolding of bAP. Using the nanoantenna strategy (FAM fluorescence), we determined an 

apparent ΔG of -7.8 ± 0.5 kcal/mol. (d-f) Using the more conventional Trp fluorescence on AP 

alone, we find a similar value of -9.1 ± 0.3 kcal/mol. 

 

We then considered AP alone and the nanoantenna-SA-bAP complex. Using Trp 

fluorescence of AP, we observe a transition at 68.8 °C ± 0.4 °C (Figure 3.15d), which agrees with 

the reported literature values of 65 °C and 65.5 °C.78, 111 Using FAM fluorescence of the 

nanoantenna-SA-bAP complex, we observed a transition at a TM of 66.4 °C ± 0.1, which is 

consistent with the literature values and the above Trp fluorescence measurements (Figure 

3.15b). The ~2 °C difference could be due to sample-to-sample variation and/or the effect of 

biotinylation. Notably, the signal with FAM fluorescence is ~10x stronger than with Trp 

fluorescence. One potential application of TM determination by fluorescent nanoantennas could 

be the characterisation of a specific protein in the presence of others (Supplementary Figure 

S3.9). Interestingly, like our previous kinetics studies explored in Chapter 2, we also observed that 

different connections of FAM to the DNA linker provide differing sensitivity during protein 
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unfolding (Supplementary Figure S3.10). Finally, the nanoantennas further enabled derivation of 

the apparent Gibbs free energy (ΔG) for the thermal unfolding of bAP (-7.8 ± 0.5 kcal/mol at  

T = 37 °C), which was close to the value obtained by Trp fluorescence with AP (-9.1 ± 0.3 kcal/mol) 

(Figure 3.16). Thus, fluorescent nanoantennas can characterise the thermal unfolding of bAP. 

 

3.9 Discussion 

There are three general spectroscopic approaches to monitor the catalytic function of AP. 

The first includes continuous assays for real-time detection of the reaction via a distinct signal 

change, occasionally a signal decrease for substrate consumption but usually a signal increase for 

product generation. This includes pNPP with UV-Vis spectroscopy, 4MUP with fluorescence 

spectroscopy, and many newer examples detectable by fluorescence, electrochemistry, magnetic 

resonance, and so on. While this general strategy is straightforward, the drawback is that these 

signal-generating substrates employed with AP do not represent biological enzyme-substrate 

systems. The second option involves unique substrate-specific assays that provide a signal change 

in the presence of otherwise spectroscopically silent biomolecular substrates or their products. 

Their drawback, however, is that a different assay will be needed for each biomolecular substrate, 

and there might not be one available for some substrates of interest. Furthermore, a cursory 

search on the Web of Science database of several well-cited substrate-specific AP assays for the 

substrates ATP and PPi revealed that while they have been cited in numerous papers reporting 

new assays for AP or other enzymes, as well as in reviews, they are seemingly not used in 

biochemical, medical, and enzymology studies of AP. Finally, the third option is quantification of 

Pi released from biomolecular substrates. Many studies138, 141, 168, 406-408 of AP continue to employ 

the literature method106 or similar commercial kits. This strategy, however, cannot be used to 

study AP function in real time, plus it is time-consuming since it has several steps. 

Fluorescent nanoantennas overcome the drawbacks of these three categories. For 

example, widely available fluorescence spectroscopy can still be used, but without the limitations 

of certain synthetic substrates or substrate-specific assays. Fluorescent nanoantennas are not 

limited to a single substrate – all chemically diverse substrates that we tested herein provided a 
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signal output. These substrates include inorganic PPi, organic molecules like PSer and G6P, known 

biological substrates of intestinal AP, such as ATP and macromolecular LPS, and substrates with 

several types of bonds to cleave, such as the P–N bond of PCr and the P–S bond of amifostine. 

Unlike the methods based on phosphate quantification, fluorescent nanoantennas enable real-

time analysis. Furthermore, fluorescent nanoantennas enabled the rapid characterisation of five 

oxyanion inhibitors and the cofactor Mg2+. They were also able to detect and characterise the 

binding of two putative TSA inhibitors, namely, vanadate and tungstate. 

Standard methods to determine the Michaelis-Menten kinetic parameters, KM and kcat, 

require ~10 measurements of unique samples at different substrate concentrations to capture 

the roughly linear increase in rate below the KM and the plateauing region as the rate approaches 

the Vmax.513 This number, of course, increases to ~30 measurements for triplicate testing. The 

need for ~10 data points typically remains true whether one is conducting real-time 

measurements with pNPP, 4MUP, or some other substrate that generates a progress curve, and 

equally, by quantification of Pi.408 Many papers, including some cited herein that were published 

in reputable journals, used only a few concentrations in their determination of the parameters. 

However, it has been shown elsewhere that substrate concentrations should be evenly spaced 

below, around, and above the KM, otherwise the derived parameters may be unreliable.513 

Let us consider two previous studies that reported new assays to monitor calf intestinal 

AP-mediated hydrolysis of ATP. One used ATP concentrations of 25, 50, 75, and 100 μM, and 

derived a KM value of 18.9 μM.105 The other used 15, 20, 30, and 40 μM, and reported a KM value 

of 105 μM.266 At least according to the mathematical considerations described elsewhere,513 it 

remains unclear whether these values are reliable or not. Some explanations for what we see in 

the literature come to mind. Chemists who develop new enzyme characterisation strategies might 

be unaware of standard protocols in enzymology. Although one should always perform their due 

diligence, the chemist author of this thesis can sympathise with such a situation. Another 

possibility is that enzyme and/or substrate samples are only available or affordable in low 

amounts, which necessitates fewer measurements. For example, although this was not an issue 

for us with the small molecule substrates, the LPS used herein was relatively expensive. Based on 

our estimate of the concentration, we did not have enough LPS to determine the KM and kcat. 
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Finally, there remains the unpleasant but sobering possibility that some studies were simply 

sloppy research, which could be contributing to the scientific reproducibility crisis. Thus, to save 

time, materials, and money, it is remains important to develop assays that minimise the required 

amount of enzyme and substrate while still providing reliable kinetic parameters. Fluorescent 

nanoantennas can meet this need. 

Some strategies can characterise AP function without collecting data for ~10 substrate 

concentrations. For instance, one prominent study immobilised streptavidin-conjugated AP onto 

biotinylated lipids in a lipid bilayer within a microfluidic system. By employing laminar flow-

controlled dilution, this method can characterise the kinetics of the immobilised AP by injecting 

various concentrations of substrate. The authors also introduced a one-shot approach that 

generated a range of concentrations via the microfluidic device. In both modes, several 

concentrations or one-shot, the kinetic parameters were the same for the immobilised AP. On the 

contrary, while free and immobilised AP displayed similar KM values, the latter displayed a lower 

kcat. This discrepancy was attributed to steric hindrance and surface density preventing substrate 

from reaching some of the active sites, as well as overestimation of the amount of enzyme on the 

surface.545 Subsequent studies have reported similar problems for immobilised AP, with higher 

KM and/or lower kcat.546-549 In sharp contrast, our fluorescent nanoantennas that employ biotin-

streptavidin non-covalent interaction to bring the dye into close proximity with the enzyme do 

not significantly affect the kinetic parameters relative to free AP. 

Instead of microfluidics, another strategy minimised the number of sample injections by 

employing a mathematical modelling script of the progress curves from just two sample 

injections. The derived KM and kcat values agreed with those obtained by the classic method.473 

However, this strategy still relied on the progress curve signal generated with pNPP. Likewise, the 

abovementioned microfluidic strategies were also based on 4MUP or an analogue of this 

molecule. Unlike these methods, our fluorescent nanoantenna strategy enables one-shot 

characterisation of any substrate, including spectroscopically silent biomolecular and medicinal 

substrates. 
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A criticism might be that the fitting script employed herein is tedious to learn. While this 

point is true, it is usually the same procedure each time once one knows how to do it. This is also 

a software concern rather than an experimental challenge, so one can foresee the development 

of user-friendly software to fit the data. Furthermore, other works have noted that software-

based determinations of initial rates are less susceptible to human bias or error.550, 551 Similar 

benefits ought to apply to the modelling of a single fluorescent spike generated by the 

nanoantennas via differential equations of Michaelis-Menten kinetics. 

Isothermal titration calorimetry (ITC) can be employed to characterise enzyme kinetics by 

studying the heat released upon binding of two components.96, 97 Similarly to fluorescence, ITC 

strategies can be based on multiple injections of substrate at different concentrations,98, 100, 101 or 

mathematical modelling of a single injection via fitting scripts.99, 102, 103 The method based on 

multiple injections of substrate requires determination of the enthalpy (ΔH) of the reaction, which 

is analogous to having to determine the molar extinction coefficient (ε) of the product for kinetic 

characterisation by UV-Vis.100, 101 This is not a significant burden when characterising one 

substrate, but when characterising multiple biomolecular substrates, it adds additional steps. This 

could also be problematic for expensive samples. Nevertheless, not all ITC-based strategies 

require knowledge of the ΔH, which can be determined by integrating the peaks of the ITC data 

in the single injection strategy.97 Similarly, fluorescent nanoantennas do not require any previous 

knowledge about the substrate, aside from the number of reactions (e.g., ATP has three 

phosphates). A detriment shared by fluorescent nanoantennas and ITC is a relatively long 

equilibration time. ITC, however, has the benefit of being label-free and able to characterise 

almost any reaction.97 At present, this is an obvious advantage of ITC relative to fluorescent 

nanoantennas, although in principle, our strategy may too work with other proteins – we 

demonstrate an example in the next chapter. Overall, ITC-based strategies for the 

characterisation of enzyme kinetics are less amenable to high-throughput screening relative to 

fluorescence-based methods, but ITC offers more flexibility in terms of systems that can be 

investigated. 

As demonstrated herein, fluorescent nanoantennas can monitor the AP-mediated 

hydrolysis of amifostine in real time. This drug is in clinical use to protect normal tissues against 
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the toxicities of radiation treatment and chemotherapy.10, 205-207 There is still more to learn, 

however, about how it provides this protection. We do know that amifostine is an inactive 

prodrug that is not taken up by cells. Dephosphorylation by membrane-bound AP generates its 

active form, called WR-1065, which can diffuse into cells.206, 207 Although the mechanism remains 

not entirely understood, it is believed that once inside the cell, WR-1065 serves as an alternative 

target for reactive alkylating or platinum agents, and also as a scavenger of oxygen free radicals 

produced by ionising radiation and chemotherapy that would otherwise target cellular nucleic 

acids.10, 206 The effectiveness of amifostine has been attributed to normal cells having a higher 

concentration of WR-1065 than cancer cells due to three factors: 1) normal cells have a higher 

concentration of membrane-bound AP than cancer cells, 2) reduced circulation to tumours 

reduces drug availability, and 3) the relatively acidic environment of tumours reduces AP activity 

toward amifostine.206 One study proposed that specifically intestinal AP is downregulated in 

tumour vasculature and stroma, in contrast to its greater expression in normal tissues.208 Indeed, 

a more recent study further observed that the conversion of amifostine to WR-1065 was lower in 

breast cancer MCF-7 cells compared to normal NHDF fibroblasts. Despite that, levels of 

messenger ribonucleic acids (mRNA) for various isoforms of AP were higher in the MCF-7 cells. 

This suggests a malfunction of translation of mRNA into protein, for which the cells unsuccessfully 

try to compensate via more mRNA production.552 Thus, cancerous cells are prevented from 

hydrolysing amifostine to the active metabolite, and do not experience its protection during 

treatments. Of note, there was considerably more mRNA from tissue-nonspecific AP than 

intestinal AP and placental AP in the MCF-7 cells.552 Without a doubt, further studies of amifostine 

are needed to fully understand the mechanism of how this drug works. Some recent studies have 

reported nanomaterials for colorimetric or fluorescent quantification of amifostine or WR-1065 

in the presence of AP.553-556 While these proposed methods may offer convenience relative to 

established methods based on liquid chromatography (LC),553 they nevertheless require 

significant incubation times and did not enable the study of the kinetic parameters. Therefore, 

simple tools to monitor and characterise AP-mediated hydrolysis of amifostine in real time, like 

our fluorescent nanoantennas, could play a pivotal role in understanding the mechanism of this 

drug. Indeed, to the best of our knowledge, this present work is the first to report the kinetics of 
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AP-mediated hydrolysis of amifostine. Other prodrugs are also converted to their active form by 

intestinal AP, such as fosamprenavir to amprenavir, which is used to treat human 

immunodeficiency virus (HIV) infection.209-211 Fluorescent nanoantennas might be useful for the 

study of intestinal AP with prodrug substrates, although challenges remain for the examination 

of these molecules since there would be interference from other biological substrates (e.g., ATP). 

More broadly, one can foresee the potential application of fluorescent nanoantennas to 

study the hydrolysis of various biological substrates of intestinal AP. This could include examining 

AMP, ADP, and ATP in the context of purinergic signalling and inflammatory bowel disease 

(IBD),557, 558 which was recently linked to deficiency of the gene for intestinal AP.169 One could 

investigate, for example, the faster rate of hydrolysis of ADP compared to AMP and ATP with 

mammalian intestinal AP, as observed in this study and elsewhere,433, 492 as well as the apparent 

dependency of this observation on the presence of Mg2+.492 Furthermore, in a rat model, it was 

also shown that the activity of intestinal phosphate-dependent glutaminase (PDG), which 

converts water and the glucose-precursor glutamine to ammonia and glutamate, can be activated 

by ADP and further modulated by ATP and Pi.559, 560 We further observed that the two sugar 

phosphates, G6P and F6P, displayed higher KM and lower kcat values when compared to the other 

phosphate monoesters. Higher KM values for G6P and glucose-1-phosphate (G1P) have also been 

previously reported with human intestinal AP.488 Thus, one could investigate the origin of G6P and 

F6P’s apparent lower affinity and slower hydrolysis with intestinal AP and whether this relates to 

glucose-6-phosphatase (G6Pase) and the putative gluconeogenic role of the small intestine in 

glucose homeostasis.561-563 While there is clearly much more to learn about intestinal AP, studying 

this enzyme with fluorescent nanoantennas might help us to understand the delicate balance of 

these substrates in the intestine and their relation to biological processes. 

Tungstate and especially vanadate induce presumed conformational changes in AP that 

are detectable by the fluorescent nanoantennas.107, 114 Moreover, the binding could be 

characterised in terms of their Kd. This observation suggests that if a binding event causes a 

conformational change or induces some other factor that can perturb the nanoantenna’s dye, 

then it may be detectable. In the present study, the nanoantenna-SA-bAP complex mediates the 

binding of FAM near the active site, which is then perturbed by the binding of vanadate or 
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tungstate. Host-guest interactions and the perturbation of fluorophores have been exploited in 

other (bio)sensors. For example, a conjugate formed between cucurbit[7]uril, a linker, and a dye 

can sense the Parkinson's disease drug amantadine via dye displacement.444 In another strategy 

to detect the anticancer drug methotrexate, a fusion protein was engineered consisting of 

dihydrofolate reductase (DHFR), NanoLuc luciferase, a polyproline linker, and a SNAP-tag with a 

fluorophore (Cy3) and a DHFR inhibitor (e.g., trimethoprim). Interaction of the trimethoprim with 

DHFR brings the fluorophore into proximity with the luciferase, thereby enabling efficient 

bioluminescent resonance energy transfer (BRET). However, binding of the target methotrexate 

to DHFR, also a competitive inhibitor, displaces the trimethoprim. BRET efficiency is then reduced 

due to the separation of the Cy3 and the luciferase.564 Finally, in another strategy to detect 

β‑Lactam antibiotics, fluorescein was covalently attached near the active site of a β-lactamase. 

The binding-induced conformational changes could then be monitored by fluorescence 

spectroscopy.44 Although no sensing strategy will be suitable for every application, one benefit of 

fluorescent nanoantennas is that they do not require specific covalent attachment of the 

fluorophore to the receptor host, and instead only need non-specific biotinylation to enable the 

dye-protein interaction. Moreover, the putative conformational changes induced by vanadate 

and tungstate are relatively small, unlike the large conformational changes needed for other 

strategies. Also, the dye does not necessarily need to be displaced, and instead it responds to 

slight changes in its environment. Thus, fluorescent nanoantennas represent a new tool among 

the various options to design protein-based fluorescent biosensors.565 Furthermore, although 

several fluorescent sensors for vanadate are available, fluorescent nanoantennas employed with 

AP represent the first protein-based biosensor for this ion.566-569 Thus, if other suitable target-

protein pairs are found, the nanoantenna strategy may inspire the development of more protein-

based biosensors for ions, inhibitors, and other chemical species. 

For protein unfolding, there are various thermal shift assays available to obtain the TM. For 

example, one can leverage the inherent fluorescence from the amino acids tyrosine, 

phenylalanine, and especially tryptophan. This provides a signal change when the local 

environment of the fluorescent amino acid changes during unfolding.570 Alternatively, for 

differential scanning fluorimetry (DSF), one can employ a fluorescent dye (e.g., SYPRO Orange). 
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This dye’s fluorescence typically increases during protein unfolding, whereupon it is exposed to 

hydrophobic regions of the protein with a lower dielectric environment.571, 572 A drawback of 

these methods, however, is that they require a pure protein sample. In the first case, the Trp 

fluorescence signal of other proteins could overlap with that of the target protein, and in the 

second case, the SYPRO Orange dye could interact with non-target proteins too. Based on our 

demonstration with AP in the presence of BSA, the nanoantenna strategy could potentially be 

applied to characterise the unfolding of a specific protein in the presence of other proteins that 

have an overlapping Trp fluorescence signal. 

Overall, we have shown that our nanoantenna strategy enabled detection and 

characterisation of different conformational states of AP, including the small conformational 

changes of various enzyme-substrate complexes, the effect of enzyme-inhibitor complexes, as 

well as transition-state analogue inhibitors, plus the large conformational changes during 

unfolding. This demonstrates the high sensitivity and versatility of the nanoantenna strategy to 

potentially detect any conformations of a protein. Moreover, these results suggest that this 

approach could potentially be universal to monitor the function of other proteins, which we 

explore in the next chapter. 
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3.10 Supplementary Figures for Chapter 3 

 

  

Figure S3.1. –  Area under spike increases linearly with pNPP concentration. Here, the 

fluorescence spikes in Figure 3.1 were integrated with time to obtain the area under the curve 

(i.e., the spike). The area increases linearly with pNPP concentration. 
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Figure S3.2. –  Saturation binding plot. (a) We plotted the fluorescence spike intensity for 

triplicate injections of 1, 2, 4, 8, 20, 40, and 100 μM pNPP. It displays Michaelis–Menten-like 

behaviour, whereby the maximum fluorescence (Fmax) ought to be proportional to the 

maximum rate (Vmax) and enzyme-substrate concentration ([ES]). Then, the concentration at 

half of the Fmax (K0.5) ought to be equal to the Michaelis constant (KM). Nonlinear fitting of the 

Michaelis–Menten equation found K0.5 and Fmax values, shown above. The K0.5 agrees with the 

expected KM under these conditions.100 We show later how one can convert this fluorescence 
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intensity to rate in μM s-1. Also shown are determination of the kinetic parameters by the 

classic methods without nonlinear fitting, (b) Lineweaver–Burk-like and (c) Hanes–Woolf-like, 

which provide similar numerical values. Conditions: 150 nM PEG nanoantenna, 50 nM SA,  

100 nM bAP and variable amounts of pNPP in 100 mM Tris, 10 mM NaCl, pH 8.0, 30 °C. 

 

 

Figure S3.3. –  Comparison of classic assay and nanoantennas reveals that nanoantennas allow 

multiple analyses with the same sample. (a) Real-time fluorescence monitoring of the 

hydrolysis of 4MUP to fluorescent 4-MU and Pi. Although it works well for the first hydrolysis 

reaction (injection time = 1 min), if one desires to measure multiple injections of substrate, it 

will eventually saturate the detector (3 min). Note that we did not bias this experiment to fail, 

since in most of this paper we used a PMT voltage of 635 V, but in this experiment, we used 

500 V, which is between the medium and low power settings on our spectrofluorometer. (b) 

In contrast, monitoring the hydrolysis reaction by the nanoantenna strategy allows one to 

perform multiple injections of substrate. Thus, the only limitation is the chemical environment 

of the system (i.e., stability of enzyme? product inhibition?), rather than a physical or 

instrumentation limitation. Conditions: 150 nM L12 PolyT nanoantenna, 50 nM SA, 100 nM 

bAP and 10 µM 4MUP (9x) in 100 mM Tris, 10 mM NaCl, pH 8.0, 30 °C. 
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Figure S3.4. –  Streptavidin and nanoantennas do not affect the kinetic parameters. Michaelis–

Menten kinetics as measured by UV-Vis absorbance of pNP product for (a) the  

nanoantenna-SA-bAP complex, (b) Dummy nanoantenna-SA-bAP complex (i.e., no FAM on 

nanoantenna), and (c) free bAP. Conditions: 150 nM nanoantenna, 50 nM SA, 109 nM bAP 

(not a typo) in 100 mM Tris, 10 mM NaCl, pH 8.0, 30 °C.435, 573 

 

 

 

 

 

 

 

 



 
142 

 

Figure S3.5. –  Fitting of the fluorescent spikes to extract kinetic parameters of bAP with  

[pNPP] = 1, 2, 4, 8, 20, 40 and 100 µM. The data are taken from Figure 3.1 and the extracted 

parameters are plotted below in Supplementary Figure S3.6. 

 

 

Figure S3.6. –  Kinetic parameters of AP determined using different concentrations of substrate 

(see Figure S3.5). When [pNPP] is less than ~3KM, the extracted parameters are 

underestimated, and consequently unreliable, likely due to not enough enzyme-substrate 

complex being formed. Therefore, we recommend using a sufficiently high concentration of 

substrate (>3KM) to perform the one-shot characterisation fitting strategy. Also important is 

that these parameters for the commercially prepared bAP (20, 40 and 100 μM pNPP) are 

essentially the same as the parameters determined in Figure 3.5 for our “homemade” bAP 

(biotinylation of AP ourselves; 30 μM pNPP), which indicates the robustness of our strategy. 
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Figure S3.7. –  The spike intensity decreases with increasing inhibitor concentration. Spike 

intensity, which is proportional to the rate of the reaction, decreases with increasing inhibitor 

concentration (Pi). This relationship is well modelled using the Michaelis–Menten equation for 

competitive inhibition by employing the KM and Ki values determined in the main text. 

Conditions: 5 nM PEG nanoantenna, 5 nM SA, 10 nM homemade bAP and 30 µM pNPP (8x) in 

100 mM Tris, 10 mM NaCl, pH 8.0, 30 °C. 
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Figure S3.8. –  bAP batch-to-batch variation accounts for differences in kinetic parameters. The 

initial and later batches of bAP used in this study had different rates of substrate hydrolysis, 

as shown here for the conversion of nonfluorescent 4MUP to fluorescent 4MU and Pi. Thus, 

differences in determined KM and kcat between Figure 3.5 and Figure 3.7 can be attributed to 

the batches (different lots). Importantly, substrate comparison was done with the same 

enzyme lot.  
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Figure S3.9. –  Variation in baseline after substrate hydrolysis. In Figure 3.7, the baseline after 

the reaction can differ between substrates. However, we observed a similar result for 

different trials of the same substrate. For example, two trials of 4MUP hydrolysis from  

Figure 3.7 are shown here. In both cases, the signal increase (~19 a.u.) and the reaction 

completion time (~6 min) are essentially the same, but the baselines after the reaction are 

less reproducible. At present, we do not have an explanation for this effect. 
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Figure S3.10. –  Increase in baseline after the reaction is linked to phosphate. We further 

explored the origin of the baseline increase observed following hydrolysis for some substrates 

in Figure 3.7. Here, we explore the effect of adding the product(s) of the reaction to the 

nanoantenna-SA-bAP complex. We find that only phosphate (Pi) increased the signal baseline, 

but for example, not the other products of G6P and BGP, namely, glucose and glycerol, 

respectively. 
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Figure S3.11. –  Addition of oxyanions does not affect the fluorescence of our 

nanoantenna – no bAP present. Fluorescence of the L12 ssDNA nanoantenna attached to SA, 

but without bAP, was not substantially affected by the addition of vanadate, phosphate, 

tungstate or molybdate. 
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Figure S3.12. –  Monitoring unfolding transition of proteins using nanoantenna in a 

complex sample. (a) Adding BSA to the cuvette results in a tryptophan fluorescence signal 

that saturates the detector. This reduces the usefulness of tryptophan to monitor the 

unfolding transition in a complex environment. (b) The same condition does not affect the 

FAM fluorescence, (c) thereby still allowing specific monitoring of the bAP thermal unfolding 

transition. 

 

Figure S3.13. –  Different FAM connections affect the sensitivity of the nanoantenna 

towards detecting the melting transition. The L12 nanoantenna with 5′ 6-FAM is more 

efficient to detect bAP melting compared to analogous nanoantennas with 5′ T 6-FAM,  

5′ 5-FAM, or 3′ 5-FAM. See Figure 2.11a for the types of FAM.
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Chapter 4 – Rapid screening of nanoantennas to monitor other 

protein functions  

4.1 Introduction 

In Chapter 3, we successfully demonstrated that one can characterise various states of 

alkaline phosphatase (AP) with our fluorescent nanoantenna method. Getting us to that point, in 

Chapter 2, we explored many variations of fluorescent nanoantennas. These variations included 

trying streptavidin (SA) with a biotinylated enzyme, a streptavidin-conjugated enzyme, or direct 

covalent attachment of the nanoantennas to the enzyme; linker lengths of 0, 6, 12, 24 or 48 

nucleotides; linker compositions of ssDNA, dsDNA, PolyT, or PEG; a handful of ratios of 

nanoantennas to SA and bAP; four different “Modifiers” adjacent to the FAM dye (e.g., C16 alkane 

chain); four different connections of FAM to the linker; eight other dyes (Cy3, Q570, Q670, CAL, 

TAMRA, ROX, MB, and P650); and three combinations of dual-dyes (FAM + CAL, Cy3 or Q670). 

With a list this long, there may have been something else that was omitted here by mistake. 

Moreover, there are a few other ideas that we could have tried but did not, such as alternatives 

to streptavidin (e.g., Neutravidin), more dyes, and other types of linkers (e.g., peptide nucleic 

acids, PNA). From a practical perspective, some of these variables were more important than 

others and their required optimisation was worth having invested the time, such as linker length. 

Others, such as the dual-dye nanoantennas, were instead part of our digging into the mechanism 

of how fluorescent nanoantennas monitor protein function. Nevertheless, even if some less 

important variations of nanoantennas are omitted, it still might require the testing of a few dozen 

nanoantennas to the find right one to monitor the function of another protein of interest. 

Furthermore, just as Förster resonance energy transfer (FRET) does not work for every protein, it 

is probable that fluorescent nanoantennas also do not work with some proteins. Imagine 

spending many days testing dozens of fluorescent nanoantennas in cuvettes, just to find out that 

none of them can monitor the protein’s function. This would burn less time than testing an equal 

number of FRET pairs covalently attached to a protein, but it would be equally disappointing if 

the protein’s function could not be monitored. 
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In this concise chapter, we decided to facilitate nanoantenna selection and screening assay 

development by designing a 96-well plate screening assay that takes advantage of the 

convenience of the nanoantenna-SA platform. This enabled us to rapidly test 12 nanoantennas 

with different linker lengths, linker types, chemical connection of the fluorophore, and type of 

fluorophore (dye). With this approach, one can screen for a nanoantenna that works with a 

protein of interest within one day, rather than spending several days testing many nanoantennas 

in cuvettes. For this proof-of-concept, we tested fluorescent nanoantennas with another protein, 

the immunoglobulin-binding Protein G. 

 

4.2 Screening Protein G and immunoglobulin binding 

Protein G is obtained from Streptococcal bacteria, while Protein A is from the cell wall of 

Staphylococcus aureus. These proteins are mainly of interest for their different binding affinities 

with various antibodies, which makes them useful for antibody purification, immobilisation, and 

detection.574, 575 For example, Protein G will bind goat immunoglobulin G (IgG) with high affinity, 

but Protein A will not.576 Thus, we decided to test the nanoantenna strategy with the Protein G 

system, which in addition to screening, also serves as a model system of protein-protein 

interaction. 

As noted in the Introduction, we wanted to explore rapid and convenient nanoantenna 

screening with a 96-well plate. Although one could test any number of nanoantennas, we tested 

12 different types simply because this number represents one row across the plate. We 

considered ssDNA nanoantennas with the 5′-end T 6-FAM fluorophore of lengths L6, L12, L24 and 

L48 (i.e., varying the linker length); 5′-end T 6-FAM fluorophore with L12 dsDNA and L21 PEG 

linkers (i.e., varying the linker type); 5′-end 6-FAM, 5′-end 5-FAM, and 3′-end 5-FAM on L12 ssDNA 

nanoantennas (i.e., varying the dye’s connection to the linker); and 3′-end Cy3, Q570 and CAL 

(i.e., varying the fluorescent dye). The principle of detection is straightforward (Figure 4.1a,b). 

We first prepared the well plate by adding the different nanoantennas, followed by the addition 

of SA. We then added biotinylated Protein G (bPG). After assembly of the nanoantenna-SA-bPG  
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Figure 4.1. –  Rapid screening strategy for identification of functional nanoantennas for 

Protein G binding IgG. (a,b) Plate reader screening strategy to rapidly identify a nanoantenna 

that reports the binding of goat IgG to biotinylated protein G (bPG) using the nanoantenna-

SA platform. (c) Results obtained for rapid screening of 12 nanoantennas for the 

aforementioned system. 
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complexes, we recorded the fluorescence intensity in all wells. This is the initial fluorescence 

signal baseline. Then, we added goat IgG to each well, and recorded the fluorescence again. From 

this initial screening, we observed that nanoantenna 6 (5′ T 6-FAM L21 PEG) displayed the largest 

fluorescence quenching, while nanoantenna 10 (3′ Cy3 L12 ssDNA) displayed the largest 

fluorescence enhancement (Figure 4.1c). 

After identifying these two candidate nanoantennas, we confirmed their performance in 

cuvettes, whereupon we observed signal changes in agreement with the screening. Upon IgG 

binding, nanoantenna 6 (5′ T 6-FAM L21 PEG) again displayed a fluorescence decrease, although 

now recording the fluorescence versus time in the cuvette, we observed that it continued to drift 

downward without reaching a plateau (Figure 4.2). Nanoantenna 10 (3′ Cy3 L12 ssDNA) displayed 

a fluorescence increase of 12.4 ± 0.1% in the cuvette (Figure 4.2), consistent with the plate reader 

value of 10.7 ± 2.0%. Furthermore, as a control, the shorter nanoantenna 1 (5′ T 6-FAM L06 ssDNA) 

did not display a significant fluorescence change (Figure 4.2). This screening strategy also offers 

an opportunity to optimise performance via semi-rational design of the fluorescent nanoantenna. 

For example, we observed that for this protein function, the flexible L21 PEG nanoantenna 

enabled the best sensitivity for the T 6-FAM fluorophore (Figure 4.1c). Moreover, although the 

ssDNA nanoantennas with T 6-FAM were not as sensitive in comparison, we noticed that the 

longer ones were better than the shorter ones (Figure 4.1c). Therefore, we subsequently tested 

a longer PEG nanoantenna (5′ T 6-FAM L41 PEG), not included in our initial screening, and found 

indeed that it displayed improved sensitivity to goat IgG binding in the cuvette, although also 

without reaching a plateau (Figure 4.2). Thus, this result demonstrates the general principle of 

semi-rational design of a fluorescent nanoantenna, although in this specific case, PEG-based 

nanoantennas may not be useful for detecting antibody binding because the signal quenching 

does not reach a plateau. The reason for this observation remains undetermined. 
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Figure 4.2. –  Cuvette validation of nanoantennas. Cuvette validation of results for 

nanoantennas 1, 6, and 10 displays similar trends to the plate reader format. Also shown is 

the longer semi-rationally selected longer PEG nanoantenna. 

 

Ultimately, we selected the Cy3 L12 ssDNA nanoantenna for subsequent investigations 

due to its signal-on fluorescence change. This Cy3 nanoantenna-SA-bPG complex could be 

adapted as an efficient signal-on biosensor to detect the presence of specific types of antibodies 

(Figure 4.3; bPG + IgG).576 Indeed, a sample containing SARS-CoV-2 IgG/IgM led to a similar 

fluorescence increase (Figure 4.3; bPG + CoV Ab), while it did not respond to a sample that is 

negative for SARS-CoV-2 IgG/IgM (Figure 4.3; bPG + Ctrl), nor to the presence of the enzyme AP 

(non-biotinylated) (Figure 4.3; bPG + AP). Furthermore, swapping bPG for biotinylated Protein A 

(bPA), which does not bind goat IgG,576 also did not display a signal increase (Figure 4.3; bPA + 

IgG; see also Figure 4.4 for the effect of dilution). This control with bPA further shows that the 

target goat IgG does not non-specifically interact with the nanoantenna-SA platform. 

Overall, these results indicate that fluorescent nanoantennas can be rapidly screened for 

their ability to monitor distinct protein functions, such as Protein G binding IgG. By switching the 

bPG/bPA for another biotinylated protein, aptamer, or epitope, this system ought to be adaptable 

to detect other antibodies and proteins, including more specific interactions. 



154 
 

 

Figure 4.3. –  Detection of Antibodies. The nanoantenna-SA-bPG complex detects goat IgG and 

SARS-CoV-2 IgG/IgM while remaining silent to a sample without SARS-CoV-2 IgG/IgM (Ctrl) 

and to the enzyme AP. As an additional control, replacing bPG with biotinylated Protein A 

(bPA), which does not bind goat IgG, does not display a signal change. 

 

 

Figure 4.4. –  Effect of dilution in control experiments. The signal decrease in the controls in 

Figure 4.3 correlates with the volume of sample added. 
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4.3 Discussion 

 Using a plate reader, we developed a 96-well plate screening strategy to rapidly identify 

nanoantennas to monitor specific protein functions. In this case, we employed the strategy to 

identify a nanoantenna that can detect goat IgG binding to Protein G. Thus, in addition to our 

previous detection of the enzymatic activity of AP, we now show that fluorescent nanoantennas 

are also able to detect protein-protein interaction. The overall simplicity and rapidity of this 

method could make fluorescent nanoantennas more attractive for potential users of the method. 

Unlike for the stable signal obtained with Protein G, it was not possible with our 

instrument to screen enzyme function. This was due to the deadtime of the plate reader. After 

adding substrate to wells containing an enzyme, closing the plate reader cover, and then “pressing 

go”, the instrument takes about one minute to begin collecting the data. Moreover, since multiple 

wells cannot be scanned simultaneously, a plate with samples in more than one well takes 

additional time. This situation is incompatible with screening the catalytic function of AP, since 

under most conditions that we tested the reaction finished in ca. 1-3 minutes. However, even for 

our setup, there may be a workaround. For example, looking back at the results for AP in Chapter 

2, we observed that the best nanoantennas to detect bAP function were also the best to detect 

bAP binding to the nanoantenna-SA platform. While this cannot be assumed as automatically true 

in all cases, this stable signal change observed upon biotinylated enzyme binding could potentially 

be used to screen for nanoantennas to detect enzyme function. Moreover, vanadate induced a 

presumed conformational change in AP that is detectable by the fluorescent nanoantennas as a 

stable signal change.107, 114 This binding event could likely also be detected with the plate reader, 

as probably could the binding of other biotinylated molecules to SA. Therefore, while we have no 

doubt that there is much more to learn about fluorescent nanoantennas, a concept introduced 

for the first time in this thesis, we see much potential for fluorescent nanoantennas to rapidly 

screen and characterise systems involving protein-protein interaction, enzymatic activity, 

enzyme-inhibitor binding, and protein-ligand binding. 

Enzyme-linked immunosorbent assays (ELISA) are established methods to detect 

antibodies. Although having the advantage of high-throughput, a disadvantage of ELISA is the 
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relatively long assay time. This has spurred the development of faster antibody-based sensing 

strategies based on surface plasmon resonance (SPR), which can measure adsorption onto 

surfaces.577, 578 Relevant to this project, previous SPR studies have reported the detection of 

antibodies by employing Protein G.579-581 For example, Protein G tagged with an N-terminal 

cysteine residue could be linked to an amine-modified ssDNA. This could, in turn, bind to a 

surface-bound probe with a complementary DNA strand. Using surface plasmon resonance, it was 

possible to detect the assembly as well as the subsequent addition of various IgGs from human, 

goat, mouse, and rat origins. The strategy was then further employed to detect human prostate-

specific antigen (PSA) via anti-PSA.581 In comparison to the present work, both methods are able 

to detect the binding of antibodies to Protein G, although we did not subsequently test the 

nanoantenna strategy to detect a target antigen. Thus, an interesting future direction for the 

project could be to determine whether such binding interactions can also perturb the fluorophore 

and mediate a signal change. Moreover, one could hypothetically employ nanoantennas with 

different fluorophores to discriminate between various targets.327 The new biosensing strategy 

introduced in this project has many potential options for future applications.  
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Chapter 5 – Overall discussion and conclusions 

Here, we have introduced the use of fluorescent nanoantennas as a new strategy to 

monitor protein function. A platform and linker mediate dye-protein interactions via a high local 

concentration. Protein conformational changes affecting the dye’s chemical environment 

generate a change in the fluorescence signal. By tuning linker length and dye, we have leveraged 

this strategy to monitor the functions of three proteins: streptavidin, alkaline phosphatase, and 

Protein G. Several observations supported our proposed signalling mechanism. First, FAM 

nanoantennas detected all conformational changes in their surroundings: their binding to SA, 

subsequent binding of biotin or a biotinylated protein to SA, the function of the biotinylated 

proteins (i.e., catalytic activity or protein-protein interaction), inhibitor binding and effect, and 

thermal unfolding. Second, 16 structurally distinct substrates of AP, all hydrolysed by the same 

mechanism,108 exhibited similar fluorescence signatures. In contrast, the binding of phosphate at 

the same location had no significant direct effect on nanoantenna fluorescence (aside from the 

observed inhibitory effects), while the binding of vanadate, a transition state analogue inhibitor 

known to induce a small structural change,107 led to significant fluorescence quenching. Third, 

nanoantennas employing chemically diverse dyes that bind to various locations on AP differed in 

sensitivity but displayed the same kinetics during substrate hydrolysis. We also observed similar 

dye sensitivity for Protein G and streptavidin. Fourth, the strategy was not limited to a single 

fluorescent dye, since FAM nanoantennas were optimal for monitoring bAP function while the 

Cy3 nanoantenna was best for bPG. Finally, MD simulations also suggested a signalling mechanism 

based on conformational change. 

A main advantage of fluorescent nanoantennas is their convenience. For example, the 

nanoantennas can be used with accessible and straightforward fluorescence spectroscopy, as 

opposed to specialised techniques. Furthermore, various conjugation strategies can be developed 

to facilitate nanoantenna-protein preparation. For example, here we developed and exploited the 

modular biotin-SA platform. This requires only non-specific biotinylation of the protein of interest, 

as opposed to site-specific attachment chemistry of fluorophores. Indeed, lysine residues can be 

non-specifically biotinylated with a simple commercially available kit. While it cannot be assumed 
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as necessarily true in all cases, biotinylation often does not affect protein function.435 In 

comparison, for example, the more complex site-specific labelling needed for FRET strategies has 

been found in some cases to perturb protein function, such as with beta-lactamases44, 455 and 

dihydrofolate reductase.456-458 In the case where biotinylation would affect a protein’s function, 

other modular attachment strategies could also be developed, for example, one could envision 

the use of N- or C-terminus affinity tags.582 When employing a modular attachment strategy, 

efficient nanoantennas can also be rapidly screened using a 96-well plate, as we demonstrated 

with bPG.  

Another important advantage of fluorescent nanoantennas is their versatility. The findings 

presented herein suggest that nanoantennas can be used to monitor distinct biomolecular 

mechanisms in real time. Presumably, this includes both small and large conformational changes, 

or any other event that can affect the dye’s fluorescence emission. Furthermore, since 

nanoantennas can distinguish between unbound and substrate-bound enzyme conformations, 

they can supplant non-natural colorimetric34 and fluorogenic37, 238, 240 substrates of AP, as well as 

the malachite green assay used for spectroscopically silent substrates.106 Indeed, nanoantennas 

enable real-time, “one-shot” kinetic characterisation of any substrate, such as ATP and 

amifostine.143, 146, 150, 208 In contrast, standard methods to determine KM and kcat for 

spectroscopically silent substrates require ~10 measurements at different substrate 

concentrations.106, 513 Fluorescent nanoantennas also compare favourably with other “one-shot” 

strategies that require microfluidics to generate a range of substrate concentrations, in addition 

to a fluorescent product.545 These nanoantennas, however, do have some limitations. For 

example, unlike other techniques, such as Förster resonance energy transfer (FRET),45, 583 protein-

induced fluorescence enhancement (PIFE),318, 319 photoinduced electron transfer (PET),448, 449 and 

tryptophan-induced quenching (TrIQ),450-452 nanoantennas cannot quantify specific distance 

variations. Also, not all dye-protein combinations generate a signal change during protein 

function; some proteins might not work with any dyes. However, looking to the future, we believe 

that the universality of the nanoantenna strategy may be improved by screening a larger library 

of dyes and by further exploring the predictive potential of docking and MD simulations.584 We 
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anticipate that our fluorescent nanoantennas will find exciting applications in the study of protein 

structure and function and in high-throughput screening. 
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Chapter 6 – Materials and methods 

6.1 Methods 

6.1.1 Oligonucleotide synthesis 

Labelled and unlabelled oligonucleotides were made by standard phosphoramidite 

chemistry with a solid support DNA/RNA H-6 Synthesizer from K&A Laborgeräte (Schaafheim, 

Germany). Purification of strands with a 5'-protecting group (4,4'-dimethoxytrity (DMT)) was 

performed with a P-8 oligo purifier. Strands without a protecting group (e.g., 5'-end 6-FAM and 

5-FAM) were purified using high performance liquid chromatography (HPLC) with a 1260 Infinity 

HPLC instrument from Agilent (Santa Clara, CA, USA). The mobile phase was 0.1 M triethylamine 

with increasing concentration of acetonitrile, and the stationary phase was an XBridge 

Oligonucleotide BEH C18 OBD Prep Column, 130 Å, 2.5 µm, 10 mm X 50 mm from Waters 

Corporation (Milford, MA, USA). Extinction coefficients at 260 nm were predicted using the 

OligoAnalyzer website (https://www.idtdna.com/calc/analyzer) from Integrated DNA 

Technologies (Coralville, IA, USA). DNA was then quantified by ultraviolent-visible spectroscopy 

(UV-Vis) with a Cary 60 from Agilent or a NanoDrop 2000c Spectrophotometer from Thermo 

Fisher Scientific (Waltham, MA, USA). Oligonucleotides were prepared as ~800 µM stock 

solutions, with 100 µM intermediate solutions of 1 mL; all stored at -20 °C. 

6.1.2 Fluorescence 

Fluorescence spectroscopy was recorded with a Cary Eclipse Fluorescence 

Spectrophotometer from Agilent. For measurements in quartz cuvettes, it was equipped with a 

Peltier Thermostatted Multicell Holder Accessory from Agilent. For the plate-reader 

measurements, it was equipped with a Microplate Reader ACCY from Varian (Palo Alto, CA, USA) 

and used Nunc MaxiSorp 350 μL black 96-well plates from Thermo Fisher Scientific. Typical 

settings were ex/em slit widths 5 nm, excitation 498 nm, and emission 520 nm for Fluorescein 

(FAM; wavelengths are denoted hereafter in the format of 498/520), Cal Fluor Orange 560 (CAL) 

540/561, Carboxyrhodamine (ROX) 575/602, Carboxytetramethylrhodamine (TAMRA) 565/580, 
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Cyanine 3 (Cy3) 546/563, Quasar 570 (Q570) 550/570, Quasar 670 (Q670) 644/670, Pulsar 650 

(P650) 460/650, and Methylene Blue (MB) 670/690. The PMT detector voltage was typically set 

at 635 V for 150 nM fluorescent nanoantennas, but 800 V for those with MB or P650, as well as 

800 V for experiments with 15 nM FAM nanoantennas. For plate-reader measurements, it was 

600 V. For kinetics, we typically used Avg time 3.0 s and Cycle 0.04 min. For spectra, we typically 

used CAT mode with 10 scans at “medium” speed (scan rate 600 nm/minute, averaging time  

0.1 s, data interval 1 nm). 

A typical study of nanoantenna fluorescence emission over time was as follows: the 

intermediate nanoantenna stock solution was added to buffer in a quartz cuvette (150 nM), 

followed by waiting 5-10 min for the fluorescence signal to equilibrate. After observing a stable 

signal, we performed subsequent additions of complementary DNA (cDNA), proteins, substrates, 

etc. Final volume at addition of substrate was 1 mL. We typically mixed the solution by rapidly 

pipetting ~10x using ~50 μL volume while being careful to not pipette bubbles into the solution. 

A waiting time of 3-10 minutes for each step was taken to ensure binding and equilibration. In 

most cases, cDNA and SA bound very quickly after several seconds, but biotinylated proteins often 

took longer, sometimes up to several minutes. In a typical experiment, we added SA (50 nM) and 

then bAP (100 nM) for a nanoantenna:SA:bAP ratio of 3:1:2. For some faster lots of enzyme, we 

added less enzyme, as indicated. Lastly, we added the substrate (e.g., pNPP). To make the effects 

of dilution negligible, most additions were aliquots of several μL.  

For dual absorbance and fluorescence kinetics of the same sample, we used a SX20 

Stopped Flow Spectrometer from Applied Photophysics (Surrey, England, UK) with a 495 nm cut-

off filter. Nanoantenna-protein complex was prepared in one syringe and substrate in the other 

syringe, which were then mixed during the measurement.  

6.1.3 Buffer conditions 

In our initial studies of the nanoantenna concept with AP and of various dyes (Figure 2.1, 

Figure 2.14), buffer conditions were 200 mM Tris, 300 mM NaCl, 1 mM MgCl2, pH 7.0, and 37 °C, 

with 100 nM bAP and 50 nM SA. A ratio of three nanoantennas per SA, for example, used 150 nM 

nanoantennas. Later, for comparison with another recent study,100 buffer conditions were then 
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100 mM Tris, 10 mM NaCl, pH 8.0, and 30 °C, with either 100 nM bAP (Figure 3.1) or 10 nM bAP 

(Figure 3.4; nanoantennas and SA were adjusted proportionally). For the characterisation of 

substrates (Figure 3.7) and inhibitors (Figure 3.12), the same buffer was used but at 37 °C with 

150 nM nanoantennas, 50 nM SA, and 20 nM bAP. Less bAP was used because this lot of bAP 

enzyme displayed faster substrate hydrolysis kinetics than previous lots that we had purchased. 

For vanadate experiments (Figure 3.14), the same buffer was also used but with 100 nM bAP. In 

experiments for thermal denaturation of AP (Figure 3.15), to reduce pH variation with 

temperature, we changed the buffer conditions to 100 mM NaCl, 50 mM Na2HPO4, pH 7.0, 37 °C, 

and used 100 nM bAP. For experiments with Protein G in the 96-well plate (Figure 4.1), buffer 

conditions were 200 mM Tris, 300 mM NaCl, pH 7.0, room temperature with 500 nM 

nanoantennas, 167 nM SA, 167 nM bPG, and 1000 nM goat IgG. For subsequent experiments with 

Protein G in cuvettes, the same buffer was used at 37 °C with 150 nM nanoantennas, 50 nM SA, 

50 nM bPG, and 500 nM goat IgG. Other figures typically used the same conditions as associated 

experiments in the main text, but see also their caption. 

6.1.4 Software 

Data analysis was performed in KaleidaGraph from Synergy Software (Reading, PA, USA), 

OriginPro 9.0 from OriginLab Corporation (Northampton, MA, USA), and Excel from Microsoft 

(Redmond, WA, USA), with all data plotted in KaleidaGraph. The logD calculations, as a measure 

of hydrophobicity,466 were done with MarvinSketch software from ChemAxon (Budapest, 

Hungary). Molecular structure images were also generated with MarvinSketch. 

6.1.5 Molecular docking simulations 

Docking was performed on the SwissDock web server (http://www.swissdock.ch)390, 391 

from the Swiss Institute of Bioinformatics (Lausanne, Switzerland). The “Target” protein structure 

for streptavidin was 6M9B (Streptomyces avidinii).427 Since there was no crystal structure 

available for the AP used in this study, we instead built a homology model on the SWISS-MODEL 

web server (https://www.swissmodel.expasy.org) from the sequence of P19111 (Bos taurus 

intestinal alkaline phosphatase) and the structure of 1ZEF (Homo sapiens placental alkaline 

phosphatase) as the template.428, 436, 437 The Global Model Quality Estimation (GMQE) was 0.79, 
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Quaternary Structure Quality Estimate (QSQE) was 0.93, and the Identity was 75.52. “Ligand” 

structures (e.g., biotin, pNPP, dyes, etc.) were determined to be the major microspecies at pH 7.0 

using MarvinSketch software, the manufacturer’s product description, and the available 

literature,343, 350, 438-441 followed by optimisation in Avogadro software.585 Analysis of the docking 

simulation was done in UCSF Chimera software using the View Dock tool (Type Selection: Dock 4, 

5 or 6).392 Note that dyes in the simulation did not include the attachment chemistry to the DNA, 

nor the DNA itself, and are accordingly an estimation of the binding site. Docking simulations were 

repeated ten times to confirm reproducibility (or lack thereof) for the binding site. 

6.1.6 Molecular dynamics simulations 

Structure preparation. All protein-ligand complexes were prepared using the AP homology 

model. Two sets of complexes were generated for three fluorophores (FAM, CAL and Cy3) in the 

complex with or without pNPP substrate. From the docking study of FAM, we chose the best pose 

(“position”) that would have the para and ortho connection of the DNA linker attachment point 

accessible by the solvent. Since AP is a homodimer, both binding locations were populated with 

different ligand conformations for double sampling. In the case of the substrate-bound 

pNPP/FAM complex, the FAM ligand was redocked to the AP active site with the substrate 

present. Again, the best scoring pose of the pNPP/FAM ligand complex from the docking run was 

chosen. The QuickPrep application of MOE2019 software,586 with default parameters, was used 

to create a fully parameterised all-atomistic model, which was then used to generate the input 

files for all MD simulations. Separately, the model of the nanoantenna-SA-bAP complex was built 

using the streptavidin/biotin complex (6M9B),427 the AP homology model, and the rL12 

nanoantenna sequence with 3' 5-FAM and 5' T biotin. The all-atomistic model was again 

generated using the QuickPrep application. A lysine residue in proximity to the AP binding site 

was biotinylated and the biotin moiety was placed in the streptavidin active site in a non-clashing 

conformation. Note that the manufacturer would not disclose the exact composition of the biotin 

connectivity to AP. The DNA linker was constructed using the MOE2019 DNA/RNA builder starting 

from the crystallised biotin molecule in the neighbouring streptavidin active site. Finally, the FAM 

fluorophore was attached to the 3'-end of the DNA linker and the entire complex’s energy was 

minimised using the MOE2019 built-in energy minimisation application. 
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MD Simulation. The simulation cell and AMBER20587 input files were generated using 

MOE2019. The crystallographic water molecules were removed prior to solvation. Next, the 

protein/ligand complexes and AP apo structure were embedded in a TIP3P water box with cubic 

periodic boundary conditions, keeping a distance of 10 Å between the boundaries and the 

protein. The net charge of the protein was neutralised with 100 mM NaCl. For energy 

minimisation and MD simulations, the AMBER14:EHT force field was used and the electrostatic 

interactions were evaluated by the particle-mesh Ewald method. Each system was energy-

minimised for 5000 steps using the Conjugate Gradient method. For equilibration, the system was 

subjected to a 100 ps simulation to gradually heat the system from 10K to 300K. Next, a 100 ps 

NVT ensemble was generated at 300K followed by an NPT ensemble for 200 ps at 300K and 1 bar. 

Then, for each complex, a 100 ns production trajectory was generated for further analysis. The 

trajectory analysis and frame export for the video was done using scripts shared by the CCG 

support group. 

6.1.7 Kinetic fitting (KM, kcat, Ki) 

Fitting was performed using MATLAB (version R2019a) from Mathworks (Natick, MA, USA) 

by following a method with a script obtained from the author.588 Briefly, Michaelis-Menten 

differential equations with competitive product inhibition (Eqns. 6.1 to 6.6) were integrated using 

Euler’s method with a time step of dt = 0.1 s, where KM is the Michaelis constant, Ki is the product 

inhibition constant, and kcat is the catalytic rate constant (turnover number). [S]t, [P]t and [ES]t are 

the concentration of substrate, product, and enzyme-substrate complex at time = t, respectively. 

Ratedil is the rate of dilution of the substrate from the pipette to the cuvette and is estimated to 

be 2 s during the dilution and 0 otherwise. [S]0 is the initial concentration of substrate in the 

syringe prior to dilution. [E]0 is the concentration of enzyme in the cuvette and is assumed to 

remain constant throughout the course of the kinetics. Note that substrate addition typically 

dilutes the enzyme by less than 1% and therefore is negligible. 
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𝑑[𝑃]𝑡

𝑑𝑡
=

[𝐸]0 ∙ 𝑘𝑐𝑎𝑡 ∙ [𝑆]𝑡

(𝐾𝑀 (1 +
[𝑃]𝑡

𝐾𝐼
) + [𝑆]𝑡)

 
Eqn. 6.1 

[𝑃]𝑡+𝑑𝑡 = [𝑃]𝑡 +
𝑑[𝑃]𝑡

𝑑𝑡
∙ 𝑑𝑡 Eqn. 6.2 

𝑑[𝑆]𝑡

𝑑𝑡
= −

𝑑[𝑃]𝑡

𝑑𝑡
+ [𝑆]0 ∙ 𝑅𝑎𝑡𝑒𝑑𝑖𝑙 Eqn. 6.3 

[𝑆]𝑡+𝑑𝑡 = [𝑆]𝑡 +
𝑑[𝑆]𝑡

𝑑𝑡
∙ 𝑑𝑡 Eqn. 6.4 

[𝐸𝑆]𝑡 =
[𝐸]0 ∙ [𝑆]𝑡

(𝐾𝑀 (1 +
[𝑃]𝑡

𝐾𝐼
) + [𝑆]𝑡)

 
Eqn. 6.5 

𝐹𝑠𝑝𝑖𝑘𝑒 = 𝐵𝑎𝑠𝑒𝑙𝑖𝑛𝑒 + 𝐹𝑚𝑎𝑥 ∙ [𝐸𝑆]𝑡 + 𝐹𝑝𝑟𝑜𝑑 ∙ [𝑃]𝑡 Eqn. 6.6 

 

 

 

The fluorescence signal was found to be correlated with the concentration of ES and is fit 

according to Eqn. 6.6, where the baseline is the native signal of the nanoantenna-SA-bAP complex, 

Fmax is the fluorescence signal of the nanoantenna-SA-bAP complex when all the enzyme is bound 

with substrate (i.e., high substrate concentration), and Fprod is the impact of the product 

concentration on the fluorescence signal of the nanoantenna-SA-bAP complex. Fitting was 

performed by using the nonlinear least-squares solver lsqcurvefit in MATLAB which minimises the 

sum of the squares of the residuals between the raw data and the computed data. Then, when 

applicable, the 95% confidence interval of each parameter is calculated using the nlparci function 

in MATLAB. 

Enzymatic equations were sometimes modified to accommodate specific characteristics 

of some substrates. For example, PPi upon cleavage generates two phosphate products, rather 

than one phosphate as is generated for pNPP or 4MUP. Therefore, d[P]t/dt was multiplied by 2. 

ADP, ATP and GTP can react multiple times and this was considered by multiplying [S]0 with the 

number of reactive groups. All experiments were done in triplicate. 
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6.1.8 Density functional theory computations 

To estimate nanoantenna length, DFT quantum mechanical computations were 

performed with the General Atomic and Molecular Electronic Structure System (GAMESS)411 via 

the website Chem Compute (https://www.chemcompute.org)410 on the Comet cluster of the  

San Diego Supercomputing Center. We used the B3LYP functional and the 6-311++G(d,p) basis set 

with diffuse functions for the negative charge. The optimised structures displayed no negative 

vibrational frequencies, which confirmed optimisation to the ground state. Since we examined 

DNA nanoantennas based on their length in nucleotides, we needed to make a comparison for 

the PEG nanoantennas. The molecular structure of one unit produced by Spacer 18 amidite was 

first drawn in Avogadro software, followed by DFT computations. The optimised geometry was 

then examined in Avogadro with the Measure tool to determine its length in Å. We converted Å 

to nucleotides based on dsDNA having a length of 3.4 Å per nucleotide.421 

6.1.9 Preparation of biotinylated AP 

For most of this project, we used commercially prepared biotinylated alkaline phosphatase 

(bAP). We also prepared our own biotinylated AP to explore lot-to-lot variation issues (used in 

Figures 2.10, 2.11, and 3.4 plus its associated figures). For this, we used unconjugated AP from 

Rockland and a Biotin Protein Labeling Kit from Roche Diagnostics (Mannheim, Germany). To 

avoid unwanted side reactions, we removed Tris from the enzyme’s buffer with a Nanosep 

Centrifugal Device with Omega Membrane 30K from Pall Corporation (Port Washington, NY, USA) 

by rinsing 10x. Then, we followed the manufacturer’s instructions for the biotinylation kit by 

following “Procedure 2: Polyclonal antibody” based on the mass of the protein. 

6.1.10 Preparation of nanoantenna-AP covalent conjugate 

AP was first diluted to 40 µM using PBS buffer (pH 7). Then, we added 3 equivalents of 

freshly prepared SPDP reagent (20 mM) in DMSO. AP was incubated with SPDP solution at room 

temperature for 30 min. Next, we used a Zeba spin desalting column to exchange the SPDP-

modified protein reaction buffer for 10 mM HEPES, 150 mM NaCl, pH 8, and to remove reaction 

by-products and excess nonreacted SPDP reagent. Separately, we incubated the DNA 

nanoantenna (5′ T 6-FAM, 3′ SH) with 1 M dithiothreitol (DTT) in 40 µL TE buffer for 30 min at  
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37 °C. Then, we extracted with ethyl acetate, and combined the aqueous phases. We then added 

8 equivalents of reduced thiol DNA to the SPDP-modified AP and let it react for 1 h at room 

temperature. Note that to avoid side reactions, we used a DNA strand that did not contain 

guanine.  

6.1.11 Presentation of data 

Error bars on graphs and expressed values represent mean ± standard error of the mean 

(SEM) for three distinct measurements. Typically, experiments were performed in triplicate, with 

the following exceptions: Figure 2.1 and Figure 2.6 (ratios) for values not near the maximum, 

Figure 2.9 (covalent attachment of nanoantenna to AP) which had three injections of pNPP to the 

same sample, as well as Figure 2.8 and Figure 2.18 (MD simulations) that were performed once. 

Also, all molecular docking simulations were performed ten times. 

 

6.2 List of reagents 

6.2.1 Enzymes and proteins 

Alkaline phosphatase (AP) was from calf intestinal mucosa of Bos taurus. Unconjugated AP 

(19.83 mg/ml, in 0.05 M Tris Chloride, 0.005 M MgCl2, 0.0001 M ZnCl2, 50% (v/v) Glycerol,  

pH 7.0; >6,000 units/mg, where unit = hydrolysis of ~6 mM p-nitrophenol phosphate/minute at  

37 °C at pH 9.8), biotin-conjugated AP (bAP; 1 mg/ml, in 0.05 M Tris Chloride, 0.15 M NaCl,  

0.001 M MgCl2, 0.0001 M ZnCl2, 50% (v/v) Glycerol; pH 8.0, 0.05% (w/v) Sodium Azide as a 

preservative, 10 mg/mL Bovine Serum Albumin (BSA) as a stabiliser), streptavidin-conjugated AP 

(SA-AP; 1 mg/ml, in the same buffer from the manufacturer), biotin-conjugated glucose oxidase 

(bGOX; 0.01 M Sodium Phosphate, 0.15 M Sodium Chloride, pH 7.2), Protein G Biotin Conjugated 

(bPG; lyophilised, 1.0 mg/ml, 0.02 M Potassium Phosphate, 0.15 M Sodium Chloride, pH 7.2, 

0.01% (w/v) Sodium Azide as a preservative, 10 mg/mL Bovine Serum Albumin (BSA) as a 

stabiliser), Protein A Biotin Conjugated (bPA; lyophilised, 1.0 mg/mL, 0.02 M Potassium 

Phosphate, 0.15 M Sodium Chloride, pH 7.2, 0.01% (w/v) Sodium Azide as a preservative,  

10 mg/mL Bovine Serum Albumin (BSA) as a stabiliser), and Goat IgG whole molecule (lyophilised, 
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11.0 mg/ml, 0.02 M Potassium Phosphate, 0.15 M Sodium Chloride, pH 7.2, 0.01% (w/v) Sodium 

Azide as a preservative, lot # 32090) were from Rockland Immunochemicals (Limerick, PA, USA). 

Streptavidin from Streptomyces avidinii (SA; 1 mg/ml, in 140 mM NaCl, 8 mM Sodium Phosphate, 

2 mM Potassium Phosphate, 10 mM Potassium Chloride, pH 7.4) was from New England Biolabs 

(Ipswich, MA, USA). VIROTROL SARS-CoV-2 (Reactive for SARS-CoV-2 total IgG/IgM and IgG 

antibodies; human plasma based; lot # 390300) and VIROCLEAR SARS-CoV-2 (Non-reactive for 

SARS-CoV-2 total IgG/IgM and IgG antibodies; human plasma based; lot # 390600) were from  

Bio-Rad Laboratories (Hercules, CA, USA). Bovine Serum Albumin (BSA; cold ethanol fraction,  

pH 5.2, ≥96%) was from Sigma-Aldrich (St. Louis, MO, USA). 

6.2.2 Substrates and inhibitors 

p-nitrophenylphosphate (pNPP, 500 mM solution) was from New England Biolabs. 

Adenosine 5′-triphosphate (ATP; 100 mM solution, pH 7.0) was from Bio Basic (Markham, ON, 

Canada). Pyridoxal-5'-phosphate monohydrate (PLP; ≥95%) and creatine phosphate disodium 

tetrahydrate (PCr; ≥98%) were from BioShop (Burlington, ON, Canada). Amifostine (≥98%) was 

from BioVision (Milpitas, CA, USA). 4-Methylumbelliferyl phosphate (4MUP; ≥98%), sodium 

pyrophosphate tetrabasic decahydrate (PPi; ≥99%), β-glycerophosphate disodium salt hydrate 

(BGP; “cell culture tested”), phospho(enol)pyruvic acid monopotassium salt (PEP; 99%),  

O-phospho-L-serine (PSer; ≥98%), D-glucose 6-phosphate sodium salt (G6P; ≥98%), D-fructose  

6-phosphate disodium salt (F6P; ≥98%), adenosine 5′-monophosphate monohydrate (AMP; 

≥95%), adenosine 5′-diphosphate sodium salt (ADP; ≥95%), guanosine 5′-triphosphate sodium salt 

hydrate (GTP; ≥95%), 4-nitrophenol (PNP; “spectroscopic grade”), sodium orthovanadate  

(99.98%), sodium molybdate dihydrate (≥99%), potassium arsenate monobasic (≥99.9%), and  

α-D-glucose (anhydrous, 96%) were from Sigma-Aldrich. Lipopolysaccharide (LPS) solution from 

Escherichia coli O26:B6 (eBioscience, “sterile aqueous buffer, no sodium azide”) was from Thermo 

Fisher Scientific (Waltham, MA, USA). Sodium tungstate dihydrate was from MCB (Norwood, OH, 

USA). Glycerol (99.5%) was from American Chemicals. 
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6.2.3 Oligonucleotide synthesis reagents 

3′-Modifications were from controlled pore glass (CPG) columns and 5′-modifications were 

from phosphoramidites. Biotin (B), Quasar 570 (Q570), Quasar 670 (Q670), fluorescein  

(5-FAM), rhodamine-X (ROX), CAL Fluor Orange 560 (CAL), phosphate (P), C16 spacer (C16), thiol C6 

(S-S; S-H after treatment with dithiothreitol) CPG columns, as well as Fluorescein T Amidite  

(T 6-FAM or TFAM), 6-FAM Amidite (6-FAM), 5-FAM Amidite (5-FAM), Biotin T C6 Amidite (T biotin 

or TB), Spacer 18 Amidite (DMT-Hexa(ethylene glycol)) (S18), and Methylene Blue Succinimidyl 

Ester (MB) were from Biosearch Technologies (Petaluma, CA, USA). Tetramethylrhodamine 

(TAMRA) and Cyanine 3 (Cy3) CPG columns were from Glen Research (Stirling, VA, USA). Standard 

A, G, C, and T CPG columns were from Biosearch. Acetonitrile (wash grade), DMT removal  

(3% trichloroacetic acid/dichloromethane), CAP A (Acetic Anhydride/Pyridine/THF), CAP B  

(16% N-Methylimidazole in THF), Oxidation Solution (0.1M Iodine/Pyridine/H2O/THF), Activation 

Reagent (0.25 M 5-ethylthio Tetrazole in ACN), deoxycytadine (n-acetyl) CED phosphoramidite, 

deoxyguanosine (n-ibu) CED phosphoramidite, deoxyadenosine (n-bz) CED phosphoramidite, and 

thymidine CED phosphoramidite were from ChemGenes (Wilmington, MA, USA). For purification, 

glacial acetic acid (99.7%) and triethylamine (99%) were from Thermo Fisher Scientific, 

acetonitrile (≥99.9%) was from Sigma-Aldrich, and trifluoroacetic acid (99%) was from Alfa Aesar 

(Ward Hill, MA, USA). MicroPure II columns for DNA purification were from Biosearch. 

6.2.4 Miscellaneous reagents 

Biotin (5-fluorecein) conjugate (≥90%) used as the L0 nanoantenna was from Sigma-

Aldrich, 8-Anilino-1-naphthalenesulfonic acid ammonium salt hydrate (ANS probe; 97%), CAPS 

(≥99%), MOPS sodium salt (≥99.5%), Bis-Tris (≥98.0%) and hydrochloric acid (37%) were from 

Sigma-Aldrich. D-Biotin (99.0%), Tris (99.9%), sodium chloride (≥99.5%), sodium hydroxide (98%), 

PIPES (99%) and sodium phosphate dibasic were from BioShop. Magnesium chloride anhydrous 

(99%) was from Alfa Aesar. Sodium phosphate monobasic anhydrous (≥99.5%) and ammonium 

hydroxide (28-30%) were from VWR (Radnor, PA, USA). HEPES was from MP Biomedicals (Solon, 

OH, USA). All reagents were stored at -20°C, -4 °C, or at room temperature, as appropriate. All 

solutions were prepared in ultrapure water from a Milli-Q Biocel filtration device from EMD 

Millipore (Burlington, MA, USA). 
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6.3 List of oligonucleotides sequences 

All sequences listed here are in the direction of 5′ to 3′. 

PEG nanoantennas:  

~L21: TFAM-S18-S18-S18-Biotin (S18 = Spacer 18) 
~L41: TFAM-S18-S18-S18-S18-S18-S18-Biotin 

ssDNA nanoantennas with T6-FAM: 

L06: T6-FAM-TATTG-Biotin 
L12: T6-FAM-TATTGATCGGC-Biotin 
L24: T6-FAM-TATTGATCGGCGTTTTAAAGTG T-Biotin 
L48: T6-FAM-TATTGATCGGCGTTTTAAAGTGTCCAGGGTGTTTGTGTATTACTCGA-Biotin 
PolyT12: T6-FAM-TTTTTTTTTTT-Biotin 

ssDNA nanoantennas with other FAMs: 

L12 (6-FAM version): 6-FAM-TTATTGATCGGC-Biotin 
L12 (5-FAM version): 5-FAM-TTATTGATCGGC-Biotin 

Note that 5-FAM and 6-FAM are isomers (see Figure 2.11). Therefore, the nanoantennas L12, 
L12 (6-FAM version), and L12 (5-FAM version) differ in their connectivity of FAM at the 5′-end. In 
addition, we also used rL12 (5-FAM), see below, which had the dye at the 3′-end. 

cDNA to form dsDNA nanoantennas: 

cL12: GCCGATCAATAA 
cL24: ACACTTTAAAACGCCGATCAATAA 
cL48: TCGAGTAATACACAAACACCCTGGACACTTTAAAACGCCGATCAATAA 

L12 with other dyes: 

To test various dyes, we used a “reverse” version of the L12 nanoantenna (rL12). 
rL12 (Dye): TBiotin-TATTGATCGGC-Dye; where dye = 5-FAM, TAMRA, Cy3, Q570, or Q670 

Some dyes were directly attached to a nucleobase, so the sequence was modified accordingly. 
rL12 (Dye): TBiotin-TATTGATCGG-CDye; Dye = ROX or P650 
rL12 (Dye): TBiotin-TATTGATCGG-TDye; Dye = CAL 
Thus, for dsDNA with CAL, the cL12’s G at 5′ was replaced by A. 

The MB strand was from another project in our lab and was kindly donated by Dr. Guichi Zhu. 
MB-CCAGAGACCACGGACT-Biotin 

Modifiers: 

To test chemical modifications near FAM, we used cL12 strand with the Modifier at the 3′-end. 
Here, Modifier = phosphate, C16, S-S or S-H. 
GCCGATCAATAA-Modifier 
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Dye competition: 

For dual-dye studies, we used the standard L12 FAM nanoantenna with versions of the cL12 
nanoantenna containing CAL, Cy3 or Q670 at the 3′-end. We also used a capture strand 
analogous to L12 but without the T6-FAM. 

Controls: 

Molecular beacon: T6-FAMCCGCGATCGGCGTTTTAGCGGATCCTGGGTGTTAG-Biotin 
Global: T6-FAM-TTTTTTTTTTT  
Dummy: TTTTTTTTTTTT-Biotin  

Covalent attachment: 

For nanoantenna-AP covalent attachment, the strand had a thiol moiety. Also, it did not have 
guanine to avoid side reactions. 

T6-FAM-CCATACATCCC-SH 
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6.4 Phosphoramidite synthesis of DNA 

This section begins by briefly discussing biological synthesis of DNA; not to review the 

fundamentals of biology,589 but instead to emphasise the differences from the phosphoramidite 

synthesis method. DNA synthesis starts with the precursor molecules, deoxynucleoside 

triphosphates (dNTP). DNA polymerase attaches a phosphate of one dNTP to the sugar of the 

second dNTP. Two phosphates are released from the first dNTP to provide energy for the reaction. 

This process is repeated until the DNA strand is complete. The DNA polymerase also requires a 

template strand to mediate the process. The enzyme moves along the template strand in the  

3′-to-5′ direction, and due to the antiparallel orientation of double-stranded DNA (dsDNA), it 

synthesises the new strand in the 5′-to-3′ direction. Other enzymes are also involved, such as 

nucleases that can break strands, DNA ligases that can join two strands to form a longer strand, 

primases that make RNA primers to start the synthesis of DNA, and various other proteins. 

Sometimes DNA replication results in errors, which includes having the wrong base pair in a 

mismatch (e.g., G and T). To avoid mutations and potential harm to the organism, DNA 

polymerase stops the process until an editing protein can fix the error, or if at the 3′-end, by 

removal with a 3′ exonuclease. The strands generated by this process are very long. For example, 

each E. coli DNA strand contains about 4.7 million nucleotides.589 However, DNA synthesis by the 

phosphoramidite method differs markedly from this biosynthetic process. As will be explained 

below, the precursor and waste molecules differ, the process does not employ enzymes, synthesis 

occurs in the 3′-to-5′ direction to yield single-stranded DNA (ssDNA), errors are prevented by a 

chemical approach, and oftentimes, strands cannot be longer than ~200 nucleotides. 

DNA synthesis employing phosphoramidite chemistry occurs on a solid-phase support. 

Unlike the early days of DNA synthesis by hand,590 the process is now automated once the 

reagents are added to the instrument and the desired sequence has been entered into the 

computer. The synthesis occurs within the tubing of the oligonucleotide synthesiser through 

which the reagents are pumped. Also, the processes remain similar regardless of whether one is 

synthesising DNA that is unlabelled, DNA with 3′ or 5′ terminal modifications (e.g., fluorescent 

dyes, biotin), or DNA with internal modifications (e.g., polyethylene glycol). These differences do 

affect some of the final steps, which are addressed below. 



173 
 

 DNA synthesis begins on a solid support, such as controlled pore glass (CPG) (Figure 6.1). 

The CPG is designed to not influence the synthesis, whereby it has pores large enough to contain 

the oligonucleotides and it should not allow any side reactions.591 There is also a covalent linker 

between the support itself and the first nucleoside (the 3′-end nucleoside), which will later be 

cleaved.591 With this in place, the first step of the synthesis is called “detritylation” or 

“deblocking”. The 3′-end nucleoside on the solid support has an acid-labile 4,4'-dimethoxytrityl 

(DMT) protecting group at its 5′-end hydroxyl group (5'-OH). The DMT is removed by 2% 

trichloroacetic acid (TCA) in inert dichloromethane (DCM). It is then rinsed away by acetonitrile, 

as are all subsequent waste products. With the DMT gone, the starting nucleoside now has a 

reactive 5'-end hydroxyl group (5'-OH).592, 593 The released orange DMT carbocation absorbs light 

at ~498 nm and is used to quantify the reaction.592 

 

 

Figure 6.1. –  Solid support and detritylation step. Starting with 3′-end nucleoside attached to 

the controlled pore glass (CPG) solid support, the 4,4'-dimethoxytrityl (DMT) is 

removed by trichloroacetic acid (TCA). The 5′-end hydroxyl group (5'-OH) is now 

available for the next step. The DMT is detected by UV-Vis to quantify the reaction. 

 

Before describing the next steps of the reaction, it is prudent to first review the 

composition of a phosphoramidite (Figure 6.2).592 It contains the following components: the 

desired nucleotide, its 5'-OH protected by a DMT (similar to what is on the solid support), a 

protecting group on the amino functionality,594-596 as well as β-cyanoethyl and diisopropylamine 

protecting groups on the phosphite.592, 593, 597 To prevent unwanted side reactions, the amino 
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group of the 2'-deoxyadenosine  and 2'-deoxycytidine is protected by a benzoyl (dABz) or an acetyl 

group (dCAc), respectively.594, 595 Conversely, while the amino group of 2'-deoxyguanosine is less 

reactive, the isobutyryl protecting group also makes it more soluble (dGiBu).596 Thymidine does 

not have an amino group, so there is no protecting group (T; equivalent to deoxythymidine, dT). 

 

 

Figure 6.2. –  Composition of a phosphoramidite. The phosphoramidite contains the desired 

nucleotide and amino protecting groups, its 5'-OH protected by a DMT, and  

β-cyanoethyl and diisopropylamine protecting groups on the phosphite. The amino 

protecting groups are shown below. 

 

The second step is called “coupling” or “activation” (Figure 6.3). The purpose of this step 

is to add the next nucleotide (or modification) in the sequence, which comes from the 

phosphoramidite. In acetonitrile, the diisopropylamino group of the phosphoramidite is 

protonated (“activated”) by a weakly acidic catalyst. In our typical methodology, the catalyst is  

5-ethylthiotetrazole,598-600 although others are also available.601 The activated phosphoramidite 

undergoes nucleophilic attack by the 5'-OH, which releases the diisopropylamino group and forms 

a phosphite triester.592, 593 
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Figure 6.3. –  Coupling step. The phosphoramidite is attached to the 3′-end nucleoside on the 

CPG solid support (...) via its 5'-OH with the aid of 5-ethylthiotetrazole as a catalyst. 

 

The third step is called “oxidation” (Figure 6.4). Its purpose is to covert the unstable 

phosphite triester linkage to a stable phosphotriester. The phosphotriester is oxidised by reaction 

with iodine dissolved in water, pyridine, and tetrahydrofuran (THF).592, 593 This involves the 

formation of an iodine-pyridine adduct on the phosphite triester, which is displaced by water to 

form the oxidised phosphate. Pyridine also neutralises the hydrogen iodide by-product.592, 593 

 

 

Figure 6.4. –  Oxidation step. The unstable phosphite triester linkage is converted to the more 

stable phosphotriester via reaction with iodine in the presence of water, pyridine, and 

THF. 

 

The fourth step is called “capping” (Figure 6.5). This purpose of this step is to prevent the 

formation of strands with a missing base since the efficiency of the coupling step is not 100% (i.e., 

there could be some unreacted 5'-OH remaining). In THF and pyridine, N-methylimidazole reacts 

with acetic anhydride to form an intermediate, which then reacts with the unreacted (5'-OH) to 
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form an acetylated ester 5'-OH.592, 593 This is unaffected by subsequent cycles of reaction, and it 

will later be removed. The preceding steps are repeated until the sequence is complete.592, 593 

 

 

Figure 6.5. –  Capping step. Capping unreacted 5'-OH groups as an acetylated ester via reaction 

of N-methylimidazole with acetic anhydride in the presence of THF and pyridine to 

prevent the formation of strands with a missing base. 

 

After the synthesis, the oligonucleotide must be cleaved from the CPG (Figure 6.6). This is 

typically done via concentrated ammonium hydroxide in water. The succinyl linker to the CPG is 

cleaved, which leaves the oligonucleotide with a 3'-OH.592, 593 Another step, which typically 

happens concurrently, is deprotection. This involves heating the solution overnight to remove the 

protecting groups from dA, dC, and dG (Figure 6.7).592, 593 The β-cyanoethyl group is also removed 

from the phosphate in this step (Figure 6.8).592, 593 Note that this is the general procedure, which 

will differ if using faster deprotecting groups and/or dyes that are sensitive to degradation. 

After cleavage and deprotection, the next step is to purify the DNA. The reader might have 

noticed that the final nucleotide added at the 5'-end will still have a DMT. This 5′-DMT enables 

purification by reversed-phase chromatography (RPC). In this technique, the stationary phase is 

hydrophobic polymeric resin, which has a high affinity for the hydrophobic DMT, but not for 

truncated sequences (from the capping step) and other impurities that do not have a 5′-DMT 

moiety.592, 593 After purification, treatment with acid removes the DMT, followed by elution of the 

purified strand with 20% acetonitrile. Strands without a 5′-DMT can be purified by high-

performance liquid chromatography (HPLC).592, 593 In most cases, these are sequences with 5′-end 
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fluorescent dyes. The dye makes it convenient for separation by HPLC, since one can monitor the 

oligonucleotide by UV-Vis at 260 nm, as well as the dye itself by UV-Vis and fluorescence. 

 

 

Figure 6.6. –  Cleavage step. The 3'-end nucleotide’s succinyl linker to the CPG is cleaved by 

ammonium hydroxide. 

 

 

Figure 6.7. –  Deprotection step (#1). Concurrent with the cleavage step, the protecting groups 

are removed from A, G, and C. There is no protecting group on T. 
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Figure 6.8. –  Deprotection step (#2). During deprotection, the β-cyanoethyl group is also 

removed from the phosphate. 
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6.5 Script for fitting kinetic data in MATLAB 

1) Model function. This function contains the differential equations of the Michaelis-Menten 

enzymatic kinetics.  

function [Tim,ES2] = Model(Eo,Csub,tdil,kcat,Km,Fmax,Fprod) 

%Open the Data. Here the data was named Conc100uM1. 

load('Conc100uM1') 

tdata=Conc100uM1(:,1); 

ydata=Conc100uM1(:,2); 

%Initial values and time definition  

dt = 0.1; %Intervals of 0.1 sec 

time = 0:dt:300; %300sec = time of the reaction. Need to be adjusted to the data. 

Etot(1,1) = Eo; 

S(1,1) = 0; 

P(1,1) = 0; 

T(1,1) = 0; 

ES(1,1) = 0; 

%Calculate the Baseline, average of the fluorescence for the first 60 sec (< 63 sec). 

ooo = 1:(length(tdata)); 

logic = tdata(ooo) < 63; 

L=length(nonzeros(logic)); 

Baseline = mean(ydata(1:L)); 

%We found that it takes about 2 s (tdil) for the substrate to dilute evenly inside the cuvette.  

Ratedil=1./tdil; 

%Loop calculation of the Michaelis-Menten differential equation. 

for o = 1:(length(time)-1)    

    if o*dt <= tdil 

        RI = Ratedil; 

    else 

        RI = 0;   

    end 

    %Rate  

    dSdt(o,1) = -Eo.*((kcat.*S(o,1)))./(Km*(1+P(o,1)./48.38) + S(o,1)) + RI.*Csub; 

    S(o+1,1) = dSdt(o,1).*dt + S(o,1); 

    dPdt(o,1) = Eo.*((kcat.*S(o,1)))./(Km*(1+P(o,1)./48.38) + S(o,1)); 

    P(o+1,1) = dPdt(o,1).*dt + P(o,1); 

    ES(o,1) = Eo.*S(o,1)./(Km*(1+P(o,1)./48.38) + S(o,1)); 

    Tim(o,1) = time(1,o); 

    Prod = P(2:end); 

end 

% Transforming the ES curve from the Michaelis-Menten into a fluorescence signal. 

% From 0 to 60 sec Fluo = Baseline 

% From 60 sec to the end Fluo = Baseline + Fmax * [ES] + [P]*Fprod where Fmax is the maximal fluorescent 

of the nanoantenna when bound to the ES complex, and Fprod is the fluorescence impact of the product on 

the nanoantenna  

for oo = 1:(length(Tim)) 

logic2 = Tim <= 63; 

L2=length(nonzeros(logic2)); 

    if Tim(oo) <= 63 

        ES2(oo) = Baseline; 

    else 

        ES2(oo) = Baseline+Fmax.*ES(oo-L2)+Prod(oo-L2).*Fprod; 

    end 
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end 

 

2) tofit function. This function calculates the Michaelis-Menten curves for specific values of kcat, KM, 

Fmax and Fprod defined by the vector k. 

function ypred = tofit(k,tdata) 

Eo=0.1;% The concentration of enzyme in μM. 

tdil=2;% The dilution time of the substrate in s. 

Csub=100;% Concentration of substrate in μM. 

kcat=k(1); % kcat.  

Km=k(2); % KM. 

Fmax=k(3); % Maximal fluorescence of the spike.  

Fprod=k(4);% Fluorescence impact of the product in a.u./μM.  

[t,y] = Model(Eo,Csub,tdil,kcat,Km,Fmax,Fprod); 

%% find predicted values y(tdata) 

ypred = interp1(t,y,tdata); 

end 

 

3) Workplace. Using the tofit function, this script performs a nonlinear curve-fitting to find the best 

values for kcat, KM, Fmax and Fprod.  

 

%% Loading Data 

load('Conc100uM1') 

tdata=Conc100uM1(:,1); % x-axis data 

ydata=Conc100uM1(:,2); % y-axis data 

%% Solve nonlinear curve-fitting (data-fitting) problems in least-squares sense 

lb = [1;0.1;200;-1];  %lower boundaries 

ub = [100;100;500;1]; %upper boundaries 

x0=0.5*[ub-lb]+lb;    %initial point (mid-point of boundaries) 

% Nonlinear curve-fitting using the function lsqcurvefit 

[x,resnorm,residual,exitflag,output,lambda,jacobian]=lsqcurvefit(@tofit,x0,tdata,ydata,lb,ub,optimset('Displ

ay','off')); 

% Calculate the 95% confidence interval using the function nlparci 

conf=nlparci(x,residual,'jacobian',jacobian,'alpha',0.05);  

CI_low=conf(:,1); % Extract the CI lower limit 

CI_upp=conf(:,2); % Extract the CI upper limit 

Value=x; % Fittted value 

CI=(CI_upp-CI_low)/2; % 95% confidence interval 

%Create a vector containing all values and CIs.  

Results=[Value(1),CI(1),Value(2),CI(2),Value(3),CI(3),Value(4),CI(4)] 
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