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Résumé de thèse 

Chez les cellules humaines, environ 2 mètres d'ADN est compacté dans le noyau 

cellulaire par la formation d'une structure nucléoprotéique appelée chromatine. La 

chromatine est composée d'ADN enroulé à la surface d'un octamère de core histones pour 

former une structure appelée nucléosome. La structure de la chromatine doit être altérée 

afin d'accéder à l'information génétique pour sa réplication, sa réparation et sa 

transcription. La duplication de la chromatine lors de la phase S est cruciale pour la 

prolifération et la survie des cellules. Cette duplication de la chromatine requière une 

ségrégation des histones parentales, mais aussi une déposition d'histones néo-synthétisées 

sur l'ADN. Ces deux réactions résultent en formation de chromatine dès qu'une quantité 

suffisante d'ADNest générée par la machinerie de réplication. De plus, en raison de 

conditions intrinsèques et extrinsèques, la machinerie de réplication est souvent 

confrontée à de nombreux obstacles, sous la forme de lésions à l'ADN qui interfèrent 

avec la réplication de l'ADN. Sous ces conditions, l'assemblage de nucléosomes et la 

synthèse d'histones sont étroitement régulées afin d'éviter la production d'un excès 

d'histones et leurs nombreuses conséquences nuisibles à la cellule. 

"Chromatin Assembly Factor 1" (CAF-1) est responsable de la déposition initiale des 

molécules d'H3 et H4 derrière les fourches de réplication. Pour permettre sa fonction 

d'assemblage de chromatine, CAF-1 est localisée aux fourches de réplication en vertue de 

sa liaison à une protéine appelée Proliferating Cell Nuclear Antigen (PCNA). Cependant, 

le mécanisme moléculaire par lequel CAF-1 exerce sa function demeure mal compris.  

Dans le deuxième chapitre de ma thèse, j'ai exploré comment CAF-1 se lie à PCNA d'une 

manière distincte des nombreux autres partenaires de PCNA. Grâce à nos collaborateurs, 

des études de crystallographie ont démontré que CAF-1 se lie à PCNA grâce à une 

interaction non-canonique entre le "PCNA Interaction Peptide" (PIP) de CAF-1 et une 

interaction de type cation-pi ( ).  Nous avons aussi montré qu'une substitution d'un seul 

acide aminé, unique au PIP de CAF-1, abolit son interaction avec PCNA et sa capacité 

d'assemblage de nuclésomes. Nous avons aussi montré que le PIP de CAF-1 est situé à 

l'extrémité C-terminale d'une très longue hélice alpha qui est conservée à travers 

l'évolution parmi de nombreux homologues de CAF-1. Nos études biophysiques ont 
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montré que cette longue hélice alpha forme des structures oligomériques de type "coiled-

coil", ce qui suggère certains mécanismes pour dédier un anneau de PCNA à l'assemblage 

de chromatine et ce, en dépit des nombreux intéracteurs de PCNA présents aux fourches 

de réplication.  

Dans le troisième chapitre de ma thèse, nos collaborateurs et moi-même avons étudié les 

mécanismes moléculaires par lesquels les cellules parviennent à maintenir un équilibre 

délicat entre la synthèse d'ADN et la synthèse d'histones et ce, même en présence de 

lésions à l'ADN qui interfèrent avec la réplication. Chez Saccharomyces cerevisiae, nous 

avons montré que les kinases de réponse au dommage à l'ADN, Mec1/Tel1 et Rad53, 

inhibent la transcription des gènes d'histones en réponse aux liaisons à l'ADN qui 

interfèrent avec la réplication. Nous avons montré que la répression des gènes d'histones 

induite par le dommage à l'ADN est médiée par une phosphorylation extensive de Hpc2, 

l'une des sous-unités du complexe "Histone Gene Repressor" (HIR). Hpc2 contient un 

domaine qui se lie à l'histone H3. À partir de la structure d'Hpc2, nous avons généré des 

mutants qui, d'après la structure, sont incapables de se lier à l'histone H3. Nos résultats 

montrent que l'accumulation d'histones en excès provoquée par le dommage à l'ADN 

entraîne la phosphorylation d'Hpc2 and la liaison de l'excès d'histone H3 à Hpc2.  Ces 

résultats suggèrent que la répression transcriptionnelle des gènes d'histones induite par le 

dommage à l'ADN est médiée, du moins en partie, par une simple rétroaction négative 

impliquant la liaison des histones en excès à la sous-unité Hpc2 du complexe HIR.  

 

Mots clés : réplication de l'ADN, dommages à l'ADN, nucléosome, histone, assemblage 

de la chromatine, facteur d'assemblage de la chromatine 1 (CAF-1), antigène nucléaire 

cellulaire proliférant (PCNA), histones, dommages à l'ADN, complexe HIR, Hpc2, 

répression du gène des histones 
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Thesis summary 

In human cells, roughly 2 meters of DNA is compacted into the cell nucleus by the 

formation of a nucleoprotein complex called chromatin. Chromatin is composed of DNA 

wrapped around an octamer of core histones to form so-called nucleosomes. Chromatin 

structure needs to be altered to access genetic information for processes like replication, 

repair and transcription. Duplication of chromatin during S phase is vital for cell 

proliferation and viability. Chromatin duplication requires segregation of parental 

histones, but also deposition of newly synthesized histones onto DNA. This process 

results in packaging all of the synthesized DNA with histones to form nucleosomes as 

soon as enough nascent DNA has emerged from the replication machinery. Moreover, as 

a result of intrinsic and extrinsic conditions, the replication machinery often encounters 

DNA lesions that impede the continuous synthesis of DNA. Under these conditions, 

nucleosome assembly and histone synthesis are tightly regulated to prevent the 

production of an excess of histone proteins and their deleterious consequences. 

Chromatin Assembly Factor-1 (CAF-1) performs the initial step in chromatin assembly 

by depositing newly synthesized histone H3-H4 molecules behind replication forks. In 

order to perform its chromatin assembly function, CAF-1 localizes to DNA replication 

forks by binding directly to a protein known as the Proliferating Cell Nuclear Antigen 

(PCNA). However, the exact molecular mechanism by which this is achieved remains 

poorly understood.  

Through the second chapter of my thesis, I have explored how CAF-1 binds PCNA in a 

manner that is distinct from the numerous other binding partners of PCNA. With the help 

of our collaborators, crystallographic studies demonstrated that CAF-1 binds to PCNA by 

virtue of a non-canonical PCNA interaction peptide (PIP) and a cation-

We have also shown that a single amino acid substitution, unique to the PIP of CAF-1, 

disrupts its binding to PCNA and chromatin assembly activity. We found that the CAF-1 

p150 PIP resides at the extreme C-terminus of a long alpha helix that is evolutionarily 

conserved among numerous homologues of CAF-1. Our biophysical studies showed that 

this long alpha-helix is capable of forming higher-order coiled coils, which suggests 
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mechanisms to dedicate one PCNA ring for chromatin assembly despite the presence of 

multiple PCNA interactors at replication forks.  

 

In the third chapter of this thesis, our collaborators and I have addressed the crucial 

molecular mechanisms by which cells maintain a delicate balance between DNA and 

histone synthesis despite the presence of DNA lesions that interfere with replication. In 

Saccharomyces cerevisiae, we showed that the DNA damage response kinases 

Mec1/Tel1 and Rad53 inhibit histone gene transcription when DNA lesions block DNA 

replication. We also showed that this repression is mediated by phosphorylation of the 

Hpc2 subunit of the Histone Gene Repressor complex (HIR). Hpc2 contains a domain 

that directly binds to histone H3. Interestingly, structure-based mutants of Hpc2 predicted 

to be incapable of binding H3 are defective in DNA damage-induced transcriptional 

repression of histone genes in response to DNA damage during replication. Our results 

indicate that the accumulation of excess histones caused by DNA damage during S phase 

triggers extensive phosphorylation of Hpc2 and binding of excess H3 to Hpc2. This 

suggests that DNA damage-induced repression of histone genes is mediated, at least in 

part, by a simple negative feedback triggered by binding of excess histones to the Hpc2 

subunit of the HIR complex.  

 

Keywords: DNA replication, DNA damage, nucleosome, histone, chromatin assembly, 

Chromatin Assembly Factor 1 (CAF-1), Proliferating Cell Nuclear Antigen (PCNA), 

histones, DNA damage, HIR complex, Hpc2, histone gene repression 
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Chapter 1: General Introduction 

1. Cell proliferation and DNA replication 

 “Omnis cellula e cellula” - this famous dictum in cell theory introduced by Rudolf 

Virchow in 1855 is translated as "All cells arise only from pre-existing cells." Though historians 

dispute and attribute the original observation of "cells originate by the division of pre-existing 

cells" to Robert Remak, it is now clear that one of the easiest and sustainable ways to produce a 

living cell is by dividing a pre-existing mother cell into two daughters (Bagot and Arya, 2008).  

 For a mitotic mother cell to produce two daughter cells, the mother cell's entire genome 

must be duplicated with high fidelity during S phase. During prophase, the duplicated 

chromosomes condense with the help of DNA binding proteins known as condensins. During 

prometaphase, the pairs of sister chromatids that constitute each duplicated chromosome are 

attached, via their centromeres, to microtubules that are part of the mitotic spindle. At the start of 

metaphase, the chromosomes align at the equatorial plate that separates the two daughter cells. 

During the metaphase to anaphase transition, sister chromatids separate by enzymatic breakdown 

of cohesin and then move in opposite directions to reach the two daughter cells. Telophase 

entails disassembly of the mitotic spindle, chromosome decondensation and, in organisms with 

open mitoses (e.g. human cells), reassembly of the nuclear envelope around the chromosomes. 

This is not the case in S. cerevisiae where mitosis is closed. In other words, the nuclear 

membrane is not disassembled at the onset of mitosis. Telophase also includes a process known 

as cytokinesis, which physically separates the mother cell into two daughter cells by forming a 

cleavage furrow. Cytokinesis, results in the completion of cell division.   
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 In short, duplication of genomic material through DNA replication is essential for cell 

proliferation and viability. Hence, it is imperative that the genome copying mechanism be fast, 

efficient, and error-free. This is achieved in part by the concerted action of multiple enzymes, 

which form an elaborate DNA replication machinery that will be introduced in section 1.2.1 and 

section 1.2.2. Defects in DNA replication can either result in daughter cells that are not viable or 

cells that are viable but carry detrimental mutations. In this thesis, I will be introducing the well-

known players of the finely tuned orchestral machinery that promotes eukaryotic DNA 

replication. 

1.1 The DNA replication machinery: Nature's own accurate photocopier of genetic 

information 

 As mentioned above, DNA replication is a fundamental biological process where 

eukaryotic cells in S phase duplicate their entire genome and recreate the pre-existing chromatin 

structures present in G1 onto nascent sister chromatids [Figure I.1].  To achieve this, cells must 

perform DNA replication and chromatin assembly onto nascent DNA with high fidelity. Multiple 

cellular machineries exist to ensure that the entire genome is replicated only once per cell cycle, 

and there is no incomplete replication of any genomic region. DNA replication also creates an 

opportunity to assemble the newly replicated DNA into chromatin and transfer the epigenetic 

information on pre-existing histones faithfully from parental cells to daughter cells. 
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Figure I.1 Schematic representation of chromatin changes that occur during DNA replication

(Figure reused with permission from Dr. Michael Buratovich - beyondthedish.wordpress.com). 

Newly synthesized histones (light green in picture) are deposited rapidly behind replication forks 

as soon as enough DNA has emerged from the replisome to allow the formation of nucleosome 

core particles. CAF-1- the only known replication coupled chromatin assembly factor consisting 

of p150, p60 and RbAp48 subunits are also depicted in the schematic. 

 The concerted firing of multiple replication origins ensures rapid and efficient duplication 

of the eukaryotic genome. Cells have also evolved multiple mechanisms to prevent re-

replication. 

The process of DNA replication occurs in a stepwise fashion. 



 
4 

1) Assembly of pre-replication (pre-RCs) and pre-initiation complexes (pre-ICs) at 

replication origins. 

2) Origin firing (unwinding of DNA duplex), synthesis of RNA-DNA primers and 

elongation of DNA synthesis.  

3) Replication termination which is poorly understood and not relevant to this thesis. 

Termination of DNA replication will not be discussed in this introduction.  

1.2 Protein complexes that assemble onto origins of DNA replication  

 Eukaryotic cells initiate DNA replication at multiple chromosomal locations known as 

origins of DNA replication. S. cerevisiae origins consist of consensus cis-acting elements known 

as Autonomously Replicating Sequences (ARS). ARS are recognized in a sequence-specific 

manner by the Origin Recognition Complex (ORC), which consists of 6 polypeptide subunits 

known as Orc1 to Orc6 [Figure I.2A, step 1] (Bell and Stillman, 1992). ORC bound to ARS in 

turn recruits Cdc6, Cdt1 to generate pre-replication complexes (pre-RCs). This is followed by 

recruitment of  the MCM DNA helicase [Figure I.2A, steps 1 and 2]. The MCM DNA helicase is 

a complex that contains six polypeptide subunits known as Mcm2 to Mcm7. These 6 subunits 

assemble into hexamers and a double hexamer is symmetrically formed around double-stranded 

DNA. The DNA unwinding activity of the MCM complex is however not active at this stage. 

Further events are necessary to initiate DNA unwinding at ARS elements (origins).  

 

 First, the action of two types of protein kinases is required. These two kinases are 

responsible known as the Dbf4-Dependent Kinase (DDK) and a Cyclin-Dependent Kinase 

(CDK). CDK and DDK phosphorylate a number of proteins that are incorporated into pre-

initiation complexes (pre-ICs) at this stage, namely Cdc45, Sld3-Sld7, Dpb11 and Sld2 [Figure 
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I.2A, step 2]. Another essential replication factor incorporated into pre-ICs at this stage is known 

as GINS (Go-Ichi-Ni-San; Japanese for the numbers 5, 1, 2 and 3 respectively). The numbers 

refer to the fact that GINS is composed of four polypeptide subunits known as Sld5, Psf1, Psf2 

and Psf3 (Homesley et al., 2000; Looke et al., 2017; Sawyer et al., 2004); (Gambus et al., 2006; 

Li and O'Donnell, 2018); (Moyer et al., 2006; Muramatsu et al., 2010; Pacek et al., 2006). 

  

Importantly, phosphorylation of the MCM helicase by DDK activates its DNA unwinding 

activity shortly after Cdc45 and GINS are incorporated into the replisome [Figure I.2A, steps 2 

to 3] (Nougarede et al., 2000). Incorporation of Mcm10 into the replisome ultimately leads to 

bidirectional unwinding of double-stranded DNA in the vicinity of origins. This generates two 

strands of single-stranded DNA with 5' to 3' polarity that are coated by replication protein A 

(RPA) [Figure I.2A, step 4] (Wold, 1997). This creates an opportunity for DNA polymerase  - 

primase to synthesize short hybrid RNA-DNA primers [Figure I.2A, step 5]. In turn, these 

origin-proximal primers attract Pol , the enzyme that processively synthesizes the leading 

strands that extend in opposite directions from the origin [Figure I.2A, step 5). The discontinuous 

synthesis of lagging strands will be described in section 1.2.2. 
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Figure I.2A Schematic showing various stages of replication initiation and formation of a 

replication fork. (Burgers and Kunkel, 2017 figure reused with permission) Figure I.2B and C 

shows a simplified version of leading and lagging strand synthesis. 

1.2.1 Replicative DNA polymerases and leading strand synthesis  

 Replicative DNA polymerase delta all belong to the B 

family of DNA polymerases and can only synthesize new DNA in the 5' to 3' direction. The 

strand that is synthesized continuously in the direction of replication fork progression is known 

as the leading strand [Figure I.2B]. The primase subunit that associates with  synthesizes a 

short R nds by a short oligonucleotide [Figure I.2B].  The 
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sequential action of primas -DNA hybrid single strand that, 

followi  leads to the synthesis of a 

long and continuous leading strand (Lark, 1972b); (Lark, 1972a). The RNA-DNA hybrid is 

eventually removed by ribonuclease H and other enzymes.  

1.2.2 Lagging strand synthesis 

 The synthesis of the lagging strand is more complicated than that of the leading strand. 

Although the nascent strand is also synthesized in the 5' to 3' direction, the lagging strand has to 

be generated as short Okazaki fragments [Figure I.2C] that are synthesized in the direction 

opposite to that of replication fork progression. These small Okazaki fragments (roughly 150 - 

250bp) are then processed by multiple enzymes and finally ligated together to form a continuous 

lagging strand. As with the initiation of leading strand synthesis, short RNA primers synthesized 

- primase are required to start synthesis of each Okazaki fragment

fidelity and processivity (O'Donnell et al., 2013) compared 

ence the RNA-DNA hybrid primers - primase need to replaced by 

DNA synthesized from the main polymerases responsible for 

strand synthesis [ ] (Leonhardt et al., 2000). 

In order to enhance their processivity, both leading and lagging strand polymerases 

associate with a hollow clamp that encircles DNA. The eukaryotic DNA clamp that increases 

DNA polymerase processivity is a homotrimeric ring known as the Proliferating Cell Nuclear 

Antigen [PCNA] (Lujan et al., 2016). PCNA is loaded onto and unloaded from the DNA in an 

ATP - dependent manner by a clamp loader called replication factor C (RFC). In addition to 

DNA polymerases, PCNA binds to numerous proteins through short motifs known as PCNA 

Interaction Peptides (PIPs) [Figure I.7; section 1.6]. Among many others, PCNA acts as a 
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landing platform for enzymes involved in DNA replication, quality control and repair of nascent 

DNA (mismatch repair), methylation of nascent DNA strands, and chromatin assembly [see 

section 1.6]. 

 The discontinuous synthesis of the lagging strand requires the concerted action of 

additional replication enzymes to join Okazaki fragments into a continuous nascent strand 

[Figure I.2C]. Ribonuclease H removes the RNA primer (Cerritelli and Crouch, 2009) and the 

error-prone DNA synthesized by Pol  is removed by a DNA exonuclease. Following a switch 

from Pol  to Pol , synthesis proceeds to the 5'-end of the previous Okazaki fragment [Figure 

I.2C]. Pol  displaces a short segment of DNA at the 5'-end of that Okazaki fragment to generate 

a structure known as a flap [Figure I.2C]. This flap is cleaved by a structure-specific 

endonuclease known as FEN1 (Flap Endonuclease 1). The product of this cleavage is a nick 

between two Okazaki fragments that is sealed by a DNA ligase [Figure I.2C] (Balakrishnan and 

Bambara, 2013; Bambara et al., 1997). 

1.3 Challenges to propagate chromatin structures during DNA replication  

 The process of DNA replication poses several challenges for cells to restore chromatin 

structures behind the replication machinery. During replication fork progression, the 

nucleosomes in front of the moving fork must be disassembled. However, the pre-existing 

histones that carry epigenetic marks must be retained near the DNA sequences on which they 

were present before the fork reaches them  (McKnight and Miller, 1977; Sogo et al., 1986). 

1) During the passage of replication forks, pre-existing histones located ahead of forks must be 

recycled and incorporated back onto the nascent sister chromatids  
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2) The gaps in nucleosome arrays created by DNA duplication need to be filled in by deposition 

of newly synthesized histones onto the nascent sister chromatids (Bannister and Kouzarides, 

2011; Burgess and Zhang, 2013).  

1.3.1 Propagation of epigenetic marks carried by pre-existing histones 

 Pre-existing histones (often referred to as old or parental histones) present in G1 carry 

epigenetic information (e.g. histone H3 K9 or K27 methylation) that is crucial for stable 

propagation of epigenetic states in proliferating cells (e.g. stable gene silencing, X-chromosome 

inactivation, and many others). Cells employ efficient mechanisms to faithfully transfer this 

epigenetic information to nascent sister chromatids behind replication forks. Each histone 

octamer comprises two H3-H4 dimers that assemble into an (H3-H4)2 tetramer which is flanked 

by two H2A-H2B dimers. Current evidence strongly suggests that epigenetic marks are confined 

to H3 and H4, and absent from H2A and H2B.  

 The epigenetic marks carried by pre-existing histones must be copied onto the newly 

synthesized histones in order to faithfully propagate epigenetic information from parental cells to 

daughters.  

1.3.2 Hypothetical models for segregation of pre-existing histones during DNA replication 

 The molecular mechanisms involved in the transfer of epigenetic information from pre-

existing to newly synthesized histones are poorly understood but, ultimately, those mechanisms 

depend upon the mode of segregation of pre-existing histones onto the two nascent sister 

chromatids. The three segregation models that have been proposed are shown in Figure I.3. 

Although a single model may be preponderant, those three models are not mutually exclusive 

provided that they occur during replication of different segments of chromosomes.  
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Figure I.3 The three proposed models for segregation of pre-existing histones at replication 

forks. Namely A) dispersive, B) conservative and C) semi- conservative models of histone 

segregation is depicted. Parental histones are coloured green and newly synthesized histones

shown in red. 
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 The "dispersive" model of histone segregation [Figure I.3A] proposes that pre-existing 

(H3-H4)2 tetramers remain intact, and are transferred behind the fork onto either the leading 

strand chromatid or the lagging strand chromatin [Figure I.3A]  (Hammond et al., 2017);(Jackson 

and Chalkley, 1985); (Alabert et al., 2015); (Alabert and Groth, 2012); Hammond et al. 2017). 

The gaps created by DNA duplication are filled in by (H3-H4)2 tetramers composed of two 

newly synthesized H3-H4 dimers to restore a normal nucleosomal density [Figure I.3A]. 

 The "conservative" model of pre-existing histone segregation [Figure I.3B] posits that  

(H3-H4)2 tetramers remain intact [Figure I.3B] but, in contrast to the "dispersive" model, all the 

parental (H3-H4)2 tetramers are transferred behind the fork onto only one of the two nascent 

chromatids, either the lagging strand chromatid [as depicted in Figure I.3B) or the leading strand 

chromatid [not depicted in Figure I.3B] (Roufa and Marchionni, 1982). In this case, the second 

chromatid (lagging strand chromatid as depicted in Figure I.3B) is only comprised of (H3-H4)2 

tetramers formed from newly synthesized H3-H4 dimers [Figure I.3B]. 

 The "semi-conservative" model for pre-existing histone segregation [Figure I.3C] 

requires the separation of parental (H3-H4)2 tetramers into two H3-H4 dimers, a reaction 

commonly referred to as "parental histone tetramer splitting" (Tagami et al., 2004). Although 

there is compelling evidence that the majority of pre-existing (H3-H4)2 tetramers do not split 

during replication (Leffak, 1984; Prior et al., 1980) this does not rule out the possibility that 

semi-conservative segregation may occur during replication of specific chromosome segments. 

In the "semi-conservative" model, the (H3-H4)2 tetramers that form onto the two nascent 

chromatids consist of a parental H3-H4 dimer and an H3-H4 dimer that contains only newly 

synthesized molecules [Figure I.3C]. 
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1.4 Chaperones that promote de novo nucleosome assembly of newly synthesized histones  

During the S phase, parental DNA is duplicated, and pre-existing histones present in G1 are 

segregated among the two nascent chromatids. The gaps created by DNA duplication are filled in 

by deposition of newly synthesized histones onto the two nascent sister chromatids. Histone 

chaperones play an important role in tightly binding and shielding the large positive charge of 

core histones to minimize their non-productive (i.e. interactions that cannot result in proper 

nucleosome assembly) and potentially harmful non-specific interactions of free histones with 

nucleic acids (RNA and DNA).  

Although this is not often emphasized, the term "histone chaperones" does not have the same 

meaning as in the context of molecular chaperones that assist protein refolding in an ATP-

dependent manner (e.g. Escherichia coli GroEL-GroES). For instance, core histones acquire 

their three-dimensional structure in an ATP-independent manner even when they are refolded in 

the absence of other proteins. The term "histone chaperones" was instead coined to reflect the 

fact that they assist in the formation of nucleosomes in an ATP-independent manner, but the 

histone chaperones do not remain part of the final product, namely nucleosomes or chromatin. 

1.4.1 Anti-Silencing Factor 1 (ASF1) 

ASF1 is a histone chaperone that is evolutionarily conserved from yeast to humans. Current 

evidence suggests that ASF1 binds  to newly synthesized H3-H4 dimers in the nucleoplasm, 

possibly as soon as the new H3-H4 dimers dissociate from the karyopherins that import new H3-

H4 molecules into the nucleus (Blackwell et al., 2007). 

A high-resolution structure has revealed why ASF1 can only bind to H3-H4 dimers, rather than 

(H3-H4)2 tetramers (English et al., 2006). The interactions that hold the two H3-H4 dimers 

within the (H3-H4)2 tetramer reside within a surface of interaction that resides within the C-
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terminal domains of the two H3 molecules (Luger et al., 1997). Because ASF1 also binds to the 

C-terminal domain of H3 (English et al., 2006). ASF1 binding to H3 sterically hinders the H3-

H4 surface of interaction that is the foundation stone of the (H3-H4)2 tetramer (Luger et al., 

1997). In principle, two ASF1-H3-H4 complexes could assemble an (H3-H4)2 tetramer onto 

nascent DNA but, because ASF1 lacks a known domain for interaction with the replication 

machinery, it is generally felt that the role of ASF1 in de novo nucleosome assembly is to 

handover its H3-H4 dimers to CAF-1 (Han et al., 2013) (Liu et al., 2012; Tyler et al., 2001), 

which directly binds to PCNA at replication forks. Consistent with this, ASF1 binds to the p60 

subunit (S. cerevisiae Cac2) of CAF-1, and further conformational rearrangements allow the 

transfer of H3-H4 dimers from ASF1 to CAF-1  (Krawitz et al., 2002; Mello et al., 2002), (Liu et 

al., 2012; Tyler et al., 2001).  

1.4.2 Chromatin Assembly Factor 1 (CAF-1)  

 CAF-1 is a 3-subunit protein complex that is evolutionarily conserved from yeast to 

humans. CAF-1 was initially purified from nuclear extracts of human cells by virtue of its ability 

to promote replication-dependent nucleosome assembly in an in vitro system for replication of 

plasmids containing the Simian Virus 40 (SV40) origin of DNA replication (Smith and Stillman, 

1989). Despite the fact that CAF-1 was discovered 32 years ago, it thus far remains the only 

histone chaperone that promotes nucleosome assembly in a replication-dependent manner. CAF-

1 mediates the first step in nucleosome assembly behind replication forks, namely the deposition 

of newly synthesized H3-H4 onto either the leading strand chromatid or the lagging strand 

chromatid [Figure I.1]. It remains somewhat controversial whether a single 3-polypeptide CAF-1 

complex can deposit an intact (H3-H4)2 tetramer onto DNA or whether two CAF-1 complexes 

act in concert to deposit two H3-H4 dimers, ultimately resulting in the formation of an  (H3-H4)2 
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tetramer onto DNA. However, recent biophysical studies showed that a CAF-1 heterotrimer 

binds to a single H3-H4 (Sauer et al., 2017). Based on their results, the authors favour the view 

that two CAF-1-H3-H4 complexes need to dimerize in order to deposit onto DNA an (H3-H4)2, 

solely composed of new H3 and H4 molecules (Mattiroli et al., 2017b; Sauer et al., 2017). In 

striking contrast to this model, other authors reported that a single CAF-1 heterotrimer binds to 

two newly synthesized H3-H4 dimers, but is able to promote  (H3-H4)2 tetramer formation 

before the histones are deposited onto nascent DNA (Liu et al., 2012; Liu et al., 2016). 

 

 De novo nucleosome assembly occurs in a stepwise manner: H3-H4 are deposited first 

onto nascent DNA, and subsequently joined by two H2A-H2B dimers (Smith and Stillman, 

1991). CAF-1 mediates the first step in nucleosome assembly, namely the deposition of newly 

synthesized H3-H4 onto DNA. There is currently no evidence that CAF-1 plays any role in the 

deposition of H2A-H2B onto DNA (Smith and Stillman, 1991; Tagami et al., 2004). The histone 

chaperone NAP1 has been implicated in the deposition of H2A-H2B (Aguilar-Gurrieri et al., 

2016; Andrews et al., 2010), but because Nap1 is not essential for viability in S. cerevisiae, it is 

widely assumed that additional H2A-H2B chaperones remain to be discovered.  

 

In yeast and vertebrate cells, CAF-1 is a three-subunit protein complex. The subunits of 

vertebrate CAF-1 are known as p150 (CHAF1A), p60 (CHAF1B), and RbAp48 (RBBP6) 

(Kamakaka et al., 1996). The homologous subunits of Saccharomyces cerevisiae CAF-1 are 

called Cac1 (Rlf2), Cac2, and Cac3 [Msi1] (Kaufman et al., 1997). 



15 

Figure I.4  Multiple sequence alignment of the PIPs of CAF-1 from a wide range of species. The 

conservation of non-canonical PIP box residue lysine is shown inside a red box. The three 

residues for which we observed electron density in the crystal structure (RFF) is highlighted in 

pink. 

 

 Throughout S phase, CAF-1 localizes to patterns of nuclear foci that are stereotypical of 

early-, mid- and late S-phase (O'Keefe et al., 1992). The foci that contain CAF-1 are sites of 

DNA synthesis based on two criteria. First, these foci contain a locally high density of PCNA 

and, most importantly, the patterns of PCNA foci coincide with foci of DNA synthesis detected 

following a short pulse of bromodeoxyuridine (Krude, 1995), (Murzina et al., 1999). 
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 In addition to its prominent role at replication forks, CAF-1 also promotes nucleosome 

assembly during processes that require PCNA-dependent DNA synthesis. These include DNA 

strand break repair (Nabatiyan et al., 2006), long-patch base excision repair (Nabatiyan et al., 

2006) and nucleotide excision repair (Gaillard et al., 1997), (Martini et al., 1998; Moggs et al., 

2000; Polo et al., 2006). CAF-1 - mediated nucleosome assembly during all these processes 

depends upon the ability of CAF-1 to bind directly to PCNA [section 1.6.2] (Krawitz et al., 2002; 

Moggs et al., 2000; Shibahara and Stillman, 1999; Zhang et al., 2000). 

 

 Because of this PCNA dependency, it is important to emphasize that CAF-1 - mediated 

histone deposition onto nascent DNA occurs very rapidly behind the sites of DNA synthesis. 

Strong evidence argues that nucleosomes are formed almost as soon as enough double-stranded 

DNA has emerged from the replisome to enable the formation of nucleosomes [150 - 250bp]. In 

addition, there is evidence that CAF-1 - mediated histone deposition on the lagging strand 

chromatid takes place before ligation of Okazaki fragments has taken place (Smith and 

Whitehouse, 2012). Thus, CAF-1 likely has access to a PCNA ring localized in close proximity 

to the enzymes involved in DNA synthesis.  

1.4.2.1 CAF-1 domains and subunits 

 As stated earlier, the three subunits of vertebrate CAF-1 are known as p150, p60, and 

RbAp48, and are conserved in eukaryotes. The p150 subunit contains domains and motifs that 

mediate multiple interactions with PCNA and other proteins [Figure I.5]. Previous results 

demonstrated that the first 296 amino acids of human CAF-1 p150 are not needed for chromatin 

assembly either in vitro or in vivo (Kaufman et al., 1995). Instead, this N-terminal domain of 

p150 plays a role in the spatial organization of nucleolar-associated chromosomal domains such 
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as repetitive -satellite DNA elements (Smith et al., 2014) a function that does not depend on the 

ability of CAF-1 to assemble nucleosomes at sites of DNA synthesis (Smith et al., 2014). The

same N-terminal domain of CAF-1 also contains an internal PxVxL motif for interaction with 

Heterochromatin binding Protein 1 (HP1) [Figure I.5](Murzina et al., 1999). This motif plays a 

role in the duplication of pericentric heterochromatin in proliferating cells, but it is not required 

for replication-coupled deposition of new H3-H4 molecules onto nascent DNA (Quivy et al., 

2008). In S.cerevisiae, HP1 does not exist, but Cac1 nonetheless  plays an important role in 

heterochromatin-mediated silencing of reporter genes (Enomoto et al., 1997; Kaufman et al., 

1997); (Huang et al., 2007; Quivy et al., 2008). 

 

CAF-1 p150 also harbors a so-called KER domain that is enriched in the charged amino acids 

lysine (K), glutamic acid (E), and arginine (R) and devoid of aromatic residues [Figure I.5]. It 

has been reported that the KER domain directly binds to DNA with high affinity (Sauer et al., 

2017). 
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Figure I.5  Domain architecture of the CAF-1 p150 subunit from Homo sapiens. Residues (1-296 

amino acids) at the N-terminus which is dispensable for chromatin assembly is shown along with 

residues 297-956 at the C-terminus which is indispensable for chromatin assembly. The PIP 

region present within the KER domain is highlighted in red. 

 

 A short PCNA Interaction Peptide (PIP) resides immediately after the KER domain 

[Figure I.5]. This PIP  is crucial for chromatin assembly (Kaufman et al., 1995; Rolef Ben-

Shahar et al., 2009). In fact, previous results from our laboratory have shown that the p150 

subunits of human and mouse CAF-1 contain two functionally distinct surfaces for PCNA 

binding, namely the PCNA binding domain (PBD) and the aforementioned PCNA Interaction 

Peptide (PIP) (Rolef Ben-Shahar et al., 2009). The PBD is located between residues 12-34 near 

the extreme N-terminus of p150 [Figure I.5]. The PBD binds strongly to PCNA, but it lacks 

sequence similarity with canonical PIPs (Rolef Ben-Shahar et al., 2009). Therefore, the PBD 

likely represents a novel class of surfaces for PCNA binding. However, in spite of its relatively 

strong binding to PCNA, the PBD was found dispensable for in vitro chromatin assembly during 

SV40 DNA replication (Rolef Ben-Shahar et al., 2009). The function of the PBD has thus far 

remained unknown. 

 

 In contrast to the N-terminal PBD, the PIP that resides internally, and immediately 

follows the KER domain, binds with relatively weak affinity to PCNA (Figure I.5]. It is 

nonetheless essential for replication-coupled chromatin assembly (Rolef Ben-Shahar et al., 

2009). This internal CAF-1 p150 PIP is a non-canonical motif in which the highly conserved 

glutamine (Q) of canonical PIPs is substituted by a lysine (K) in CAF-1 p150 homologues from a 
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wide range of species [Figure I.4]. Two types of argument suggest that this single amino acid 

substitution contributes to the weak affinity of the CAF-1 p150 PIP for PCNA. In canonical 

PIPs, the carbonyl and amino groups of the side chain of the highly conserved glutamine make 

multiple contacts with PCNA and mutating this glutamine into a lysine (the residue conserved in 

this position of CAF-1 p150 PIPs) nearly abolishes binding of canonical PIPs to PCNA (Rolef 

Ben-Shahar et al., 2009). Conversely, mutating the lysine of CAF-1 p150 PIPs into a glutamine 

considerably enhances their affinity for PCNA (Rolef Ben-Shahar et al., 2009). Another 

intriguing feature of the CAF-1 p150 PIP is that, for most of the proteins that contain canonical 

PIPs (e.g. DNA replication enzymes), the motif is present at either the extreme N-terminus or C-

terminus of the protein. In contrast, the non-canonical PIP is always located internally within the 

primary amino acid sequences of CAF-1- p150 homologues from widely divergent species that 

range from yeast to humans. This is unlikely a coincidence which, in turn, suggests that an 

internal location of CAF-1 p150 PIPs may be of physiological importance.  

 

 The so-called ED domain of CAF-1 p150 [Figure I.5] is rich in acidic residues (aspartic 

and glutamic acid) and binds to H3-H4 with high affinity (Liu et al., 2016; Mattiroli et al., 

2017a; Mattiroli et al., 2017b; Sauer et al., 2017). CAF-1 p150 also contains a p60 binding 

domain and a poorly defined homo-dimerization domain that are located C-terminal to the ED 

domain [Figure I.5].  

 For technical reasons, the precise range of amino acids that are needed for homo-

dimerization of p150 is not known. This is because this domain was identified by a single 

deletion of 36 amino acids (Quivy et al., 2001), and site-directed mutagenesis was not employed 

to further refine the residues necessary for homo-dimerization. Although the results of this study 
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are controversial (Gerard et al., 2006), p150 homo-dimerization has been proposed to be 

regulated by phosphorylation of p150 mediated by Cdc7-Dbf4 (Dbf4-Dependent Kinase or 

DDK), the protein kinase that participates in the initiation of DNA replication. The cyclic model 

that emerged from this study is the following. The non-phosphorylated form of p150 forms a 

homo-dimer that is incapable of binding PCNA. Upon phosphorylation by DDK, CAF-1 p150 is 

converted into monomers that bind PCNA and promote deposition of H3-H4 onto nascent DNA. 

To complete the cycle, p150 is dephosphorylated by an unknown phosphatase, which returns 

p150 to the homo-dimeric state. Many aspects of this model remain nebulous, such as the 

rationale for the existence and function of the homo-dimeric form that cannot bind PCNA or 

promote nucleosome assembly.       

 Structural studies uncovered the presence of a Winged Helix Domain (WHD) in S. 

cerevisiae Cac1 and vertebrate p150 [Figure I.5](Zhang et al., 2016). The WHD domain of the 

large subunit of CAF-1 homologues binds DNA in a sequence-independent manner (Zhang et al., 

2016). Mutations that cripple DNA binding by the WHD confer partial loss-of-function 

phenotypes compared with the phenotypes of cells that completely lack CAF-1 (Zhang et al., 

2016). This is likely because the KER domain also binds DNA regardless of DNA sequence  

(Sauer et al., 2017). It seems possible that the KER domain may partially compensate for the 

lack of DNA binding conferred by mutation of the WHD.  The fact that the KER domain binds 

DNA with much greater affinity  

 The p60 subunit of CAF-1 (S. cerevisiae Cac2) is composed of multiple WD40 repeats. 

As described in section 1.4.2.1, current evidence suggests a mechanism by which ASF1-

associated H3-H4 dimers are handed over to CAF-1. This suggests that ASF1 might somehow 

interact with CAF-1. Consistent with this, biophysical studies performed with S. cerevisiae CAF-
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1 revealed that the interaction between CAF-1 and ASF1 is mediated through ASF1 binding to a 

domain of the Cac2 subunit (Liu et al., 2012; Malay et al., 2008). This domain, known as the B 

domain, is conserved from yeast to humans and located C-terminal to the WD repeats of the 

Cac2 subunit (Liu et al., 2012; Malay et al., 2008).  

 The so-called HIR complex, which is involved in replication-independent nucleosome 

assembly in organisms that range from yeast to humans [Section 1.8], contains subunits  known 

as Hir1 and Hir2 in S. cerevisiae (homologous to human HIRA, which is a fusion of both yeast 

Hir1 and Hir2). Even though they are subunits of replication-independent chromatin assembly 

complexes, Hir1, Hir2 and HIRA contain a B domain that is structurally related to that of the 

Cac2 subunit of CAF-1, a replication-dependent chromatin assembly factor  (Malay et al., 2008; 

Tang et al., 2006; Tyler et al., 2001). Some degree of structural similarity between replication-

independent and replication-dependent chromatin assembly complexes is to be expected given 

that they both act on identical or very similar histone substrates, namely H3-H4 in S. cerevisiae 

[H3.1-H4 and H3.3-H4 in humans] (Section 1.8). It turns out that the B-domains are necessary 

for ASF1 to handover H3-H4 to either CAF-1 or the HIR complex (Tang et al., 2006).  

 

 Human RbAp48 (p48 or RBBP7 ; S. cerevisiae Cac3/Msi1) is, like the p60 subunit, 

composed of WD40 repeats that collectively fold into a 6-bladed  propeller structure. RbAp48 

and the nearly identical RbAp46 are core histone-binding subunits (Murzina et al., 2008; 

Verreault et al., 1998). In fact, at least in part because of their ability to bind H3-H4, 

RbAp46/RbAp48 are integral subunits of several functionally distinct histone-modifying 

enzymes. In addition to CAF-1, these include HAT1, an enzyme that acetylates newly 

synthesized H4 molecules, HDAC1/HDAC2-dependent histone deacetylases such as the 
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nucleosome remodeling and deacetylase complex (NuRD), and several others. Intriguingly 

RbAp46/RbAp48 bind to a structurally distorted form of histone H4 in which the -helix 1 of the 

histone-fold is peeled off and rotated away from the histone-fold;(Murzina et al., 2008); (Zhang 

et al., 2013). The functional significance of this partially unfolded histone-fold is not known, but 

the highly irregular conformation of histone H4 when bound to RbAp46/RbAp48 suggests that 

this may represent an important intermediate along the path leading to the formation of mature 

(H3-H4)2 tetramers onto DNA. Although RbAp48 is clearly an histone H4-binding subunit, a 

paradox has recently emerged. However, within the 3-subunit CAF-1 complex from S. 

cerevisiae, the Cac3 subunit only makes a minor contribution to H3-H4 binding (Mattiroli et al., 

2017a). The main contribution to histone binding is provided by the Cac1 and Cac2 subunits and, 

in particular, the aforementioned ED domain of Cac1 [Figure I.5] (Liu et al., 2016; Mattiroli et 

al., 2017a). This is paradoxical because, in  vivo, the CAC3 gene is as essential for CAF-1 

function as the CAC1 and CAC2 genes (Kaufman et al., 1997). A possible resolution of this 

paradox may be that the essential role of Cac3 for CAF-1 function in vivo is unrelated to its 

ability to bind histone H4 in vitro. For instance, Cac3 may need to bind an as yet unidentified 

non-histone protein to confer activity to CAF-1.   

1.5 Histone chaperones involved in transient nucleosome disruption and recycling of pre-

existing histones  

1.5.1 FACT (FAcilitates Chromatin Transcription) 

The histone-binding complex FACT (FAcilitates Chromatin Transcription) plays 

important roles in the disruption of pre-existing nucleosomes ahead of replication forks and/or 

the recycling of pre-existing histones onto nascent DNA. FACT consists of three polypeptides 

known as Spt16, Pob3 and Nhp6 in S. cerevisiae. The latter two are replaced by a single 
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polypeptide known as SSRP1 in humans. The Spt16 subunit, also known as Cdc68, was 

identified through genetic screens designed to uncover transcriptional regulators in S. cerevisiae 

(Prendergast et al., 1990; Rowley et al., 1991; Winston et al., 1984) 

The human FACT complex, which consists of SPT16 and SSRP1, was later purified by 

virtue of its ability to disassemble and reassemble nucleosomes during transcriptional elongation 

through chromatin in vitro (Belotserkovskaya et al., 2003). However, there are three lines of 

evidence indicating that, independently of its role in transcription, FACT also plays a role in 

DNA replication through chromatin. First, the Spt16 and Pob3 subunits of FACT interact with 

the catalytic subunit of DNA polymerase (Wittmeyer and Formosa, 1997). Second, 

hypomorphic mutations in genes that encode FACT subunits greatly exacerbate the phenotypes 

of mild loss-of-function mutations off genes encoding DNA replication enzymes (Formosa, 

2003). Third, mildly hypomorphic alleles of SPT16 and POB3 confer sensitivity to conditions 

that impede DNA replication, such as the depletion of dNTPs caused by hydroxyurea (Formosa, 

2003). In addition to DNA polymerase (Wittmeyer and Formosa, 1997)  FACT interacts with 

Replication Protein A [RPA] (VanDemark et al., 2006) and the CMG complex [Cdc45, Mcm, 

Gins] (Gambus et al., 2006), the active form of the helicase that unwinds double-stranded DNA 

during the elongation phase of DNA replication. This suggests that FACT may be continuously 

present at DNA replication forks throughout the entire genome and S-phase. FACT is therefore 

present at the heart of the replisome and current evidence suggests that Spt16 binding to H2A-

H2B and H3-H4 promotes nucleosome disassembly and reassembly at replication forks 

(Belotserkovskaya et al., 2003; Hondele et al., 2013; Kemble et al., 2015). FACT engages in 

extensive contacts with DNA while maintaining multiple components of a partially disassembled 
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nucleosome in close proximity (Formosa and Winston, 2020; Liu et al., 2020; Wang et al., 

2018). 

Based on biochemical and structural studies, it is not far-fetched to propose that FACT may be 

capable of two seemingly opposite activities: disassembly of pre-existing nucleosomes located 

ahead of replication forks and their reassembly onto the nascent sister chromatids (Formosa and 

Winston, 2020). This transient disruption of histone-DNA interactions facilitates MCM activity 

in vitro as well as replication fork progression in vivo (Kurat et al., 2017; Tan et al., 2006) 

Since evidence from both yeast and mammalian cells indicates that FACT and Pol  interact 

with H2A-H2B (Belotserkovskaya et al., 2003; Evrin et al., 2018; Hondele et al., 2013; Kemble 

et al., 2015), it also seems plausible that FACT and Pol  might contribute to recycling H2A-

H2B during replication.  Intriguingly, FACT activity is dispensable for viability in fission yeast 

(Lejeune et al., 2007) and in certain types of vertebrate cells (Shen et al., 2018), implying that 

this complex is not absolutely essential for either replication or transcription. Since other proteins 

have been shown to promote replication through nucleosomal substrates [e.g. T antigen, the 

simian virus 40 DNA helicase] (Ramsperger and Stahl, 1995) it seems plausible that other 

replisome components might allow nucleosome disruption and replication fork progression 

through chromatin in the absence of FACT.  

1.5.2 MCM2 

 The primary barrier to replication fork progression through chromatin is the separation of 

DNA strands when the DNA is wrapped around the surface of histone octamers. The wrapping 

of DNA around histone octamers likely represents a general barrier to DNA strand separation 

because both viral [e.g. SV40 T antigen]  (Ramsperger and Stahl, 1995) and cellular DNA 
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helicases [e.g. the Cdc45-MCM-GINS helicase] have evolved mechanisms to contend with the 

nucleosomal DNA barrier. In the case of the MCMs, one of the subunits of the hexameric 

complex, known as MCM2, contains an evolutionarily conserved N-terminal acidic surface 

(approximately 200 residues of which 30% are acidic residues) that binds histones (Foltman et 

al., 2013; Huang et al., 2015; Ishimi et al., 1996; Richet et al., 2015). It has been reported that 

FACT and MCM2 bind pre-existing histones in a cooperative manner (Foltman et al., 2013). S. 

cerevisiae mutant cells where the only source of Mcm2 contains a truncation of the acidic N-

terminal tail are viable (Foltman et al., 2013). Therefore, this domain is not absolutely essential 

for DNA replication. This may be because the two subunits of FACT, Spt16 and Pob3, contain 

histone-binding C-terminal acidic domains that may act in a partially redundant manner with the 

acidic domain in the N-terminal tail of Mcm2 (Foltman et al., 2013). Nonetheless, cells that lack 

the acidic N-terminal tail of Mcm2 have a defect in the maintenance of the 2-micron 

minichromosome (Foltman et al., 2013), which is known to be packaged into nucleosomes.  

1.6 PCNA  

 PCNA belongs to a family of DNA sliding clamps that are structurally and functionally 

conserved [Figure I.6].  In eukaryotes, PCNA is a homotrimeric ring (87kDa) with a central 

cavity, which allows the PCNA ring to close around DNA. As a result, PCNA is topologically 

linked to DNA. The PCNA ring slides along the DNA without dissociating and, thereby, 

increases the processivity of replicative DNA polymerases.  

 

 Structural studies of PCNA homologues from multiple species have shown that the 

PCNA homotrimer has in fact 6-fold symmetry [Figure I.6A] (Krishna et al., 1994). Each PCNA 

monomer contains two structurally related globular domains that are connected by a long flexible 
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loop called the interdomain connecting loop [IDCL, Figure I.6A]. The inner surface of PCNA 

comprises twelve -helices, whereas the outer ring surface comprises  [Figure I.6A]. 

The presence of many lysine and arginine residues on the inner surface -helices results in an 

inner surface with a high positive charge. The rationale behind the high positive charge density 

within the inner surface of the PCNA ring is far from obvious and counterintuitive. One might be 

tempted to reason that the high density of positive charges within the inner might result in non-

specific interactions with the phosphate groups of DNA, which might be expected to interfere 

with PCNA sliding and processivity. Thus, the molecular function of the high positive charge 

density remains unknown.  

 

 DNA polymerases and other PCNA-binding proteins bind to the so-called front face of 

the PCNA ring [Figure I.6B]. This is the face of the PCNA ring that points in the direction of 

DNA synthesis. The other face of the PCNA ring, known as the rear face or the back face of 

PCNA [Figure I.6B] points in the direction opposite to that of DNA synthesis. The back face of 

the PCNA ring is the site of attachment of SUMO and ubiquitin which are important to control 

DNA synthesis when the DNA template strands are damaged [section 1.6] (Kelch, 2016). 
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Figure I.6  Front and side views of the structure of PCNA from Saccharomyces cerevisiae.

(Mailand et al., 2013 figure reused with permisssion). The individual PCNA monomers are 

represented in three different colours (red, blue, and green).  Two domains in each monomers are 

connected by the inter domain connecting loop (IDCL). Side view shows binding sites for 

bulkier Ubiquitin and SUMO motifs through the back face of PCNA. 

 

  Numerous PCNA binding proteins, such as the cyclin-dependent kinase inhibitor p21, 

DNA polymerase pol ligase 1 (Lig1), Flap Endonuclease 1 (FEN1), and many others, 

bind to a hydrophobic surface that is formed by the IDCL and the underlying -sheet [Figure 

I.6A] (Freudenthal et al., 2009). Among PCNA binding proteins, the most common motif that 

binds to the hydrophobic surface of PCNA is the so-called PCNA Interaction Peptide [PIP] (De 
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Biasio and Blanco, 2013; Hingorani and O'Donnell, 2000; Jonsson et al., 1998; Maga and 

Hubscher, 2003; Mailand et al., 2013; Moldovan et al., 2007; Naryzhny, 2008). Although many 

variations exist among individual proteins, the most common PIPs (canonical PIPs) have the 

consensus sequence Q-X-X-h-X-X-a-a, where ‘h’ represents an aliphatic hydrophobic amino 

acid (isoleucine, leucine, valine or methionine) and ‘a’ represents amino acids with an aromatic 

side chain (phenylalanine, tyrosine, or tryptophan). X can be any amino acid (Moldovan et al., 

2007). Some PCNA binding proteins contain PIPs whose sequences significantly depart from the 

consensus (De Biasio and Blanco, 2013); (Pedley et al., 2014).  

 

1.6.1 PCNA and DNA replication 

 During DNA replication, the CMG hel - primase 

subsequently synthesizes an RNA primer, and Pol  the primer for 

leading and lagging strand synthesis (Figure I.2B and Figure I.2C. On the leading strand only 

one PCNA ring needs to encircle DNA for processive DNA synthesis. In contrast, even though 

the segments of DNA synthesized by  tively short (approximatively 100 - 200 

nthesize each Okazaki fragment (Stodola and 

Burgers, 2016). 

 The 3'-end of so-called primer-template junctions, which are junctions where the 3'-end 

of the RNA-DNA primer is base-paired to the template strand, are the sites of PCNA loading. 

The junctions are recognized in a structure-specific manner by Replication Factor C [RFC], 

which is often referred to as a clamp loader because RFC opens the hollow PCNA clamp and 

closes it around the primer-template DNA junction (Bowman et al., 2004) 
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 PCNA also plays other prominent roles 

during Okazaki fragment maturation in concert the enzymes Flap ENdonuclease 1 (FEN1) and 

DNA ligase 1. imited strand displacement, which enables 

synthesis of short DNA segments without the need for strand separation by a helicase [Figure 

I.2C] (Stodola and Burgers, 2016). -end of the previous Okazaki 

fragment, it displaces its 5'-end, which creates a DNA structure known as a 5'-flap [Figure I.2C].  

FEN1 is involved in cleaving off the flap structure formed by the displacement of the RNA-DNA 

primer [Figure I.2C]. DNA ligase then catalyzes the sealing off of the nick between adjacent 

Okazaki fragments. For efficient and rapid synthesis of the lagging strand, , 

FEN1 and Lig1 must be tightly coordinated, and the enzymes must act on DNA according to a 

, FEN1 second and Lig1 last). Three classes of models have 

been proposed to account for at least part of these requirements. 

 The first class of models, which one might term distributive models, entails dynamic 

binding and dissociation of each of the three enzymes (

homo-trimeric PCNA ring. This model emerged from an in vitro inability, likely because of 

 the three monomers of 

the same PCNA ring. Distributive models, however, are not without their own shortcomings. For 

instance, it is not clear how processive lagging strand synthesis could occur when the three 

enzymes responsible for Okazaki fragment maturation continuously dissociate from a single 

PCNA ring and rebind to the very same PCNA ring in a mutually exclusive manner and 

 

 The second class of models to achieve rapid and accurate maturation of Okazaki 

fragments are known as tool belt models. Tool belt models have also been invoked to account for 
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the ability of different error-prone DNA polymerases to bypass specific DNA lesions in the 

template strands (section 1.6.3). A tool belt consists of a PCNA ring in which each of the three 

monomers binds a functionally distinct enzyme. Interestingly, PCNA from the archaeal S. 

solfataricus is a heterotrimer in which each subunit binds to a specific partner, namely PolB1, 

Fen1 or Lig1 (Beattie and Bell, 2012). However, the three monomers of eukaryotic PCNA have 

the same amino acid sequence and, therefore, it is far from clear how the eukaryotic PCNA ring 

could simultaneously accommodate one molecule each of , as opposed to 

three molecules of any one enzyme or other permutations that would not be compatible with 

efficient Okazaki fragment maturation or processive DNA synthesis.   

 The third class of models to achieve rapid and accurate maturation of Okazaki fragments 

invokes  the presence of "multiple" PCNA rings on the lagging strand. In this model, at least 

three PCNA rings need to encircle DNA at each Okazaki fragment: the front ring is proposed to 

bind dle ring FEN1 and the third ring DNA ligase 1. One problem with this model 

is that it requires functionally distinct 

rings according to a specific  sequence. In other words, identical PCNA rings need to acquire 

distinct functions. There is very little information on how this could be achieved, except in one 

case. The structure of the Lig1 holoenzyme bound to PCNA shows that, through steric 

hindrance, Lig1 precludes functionally unrelated enzymes from accessing the PCNA ring to 

which Lig1 is bound [Figure I.8] (Pascal et al., 2004). This obviously does not solve the 

numerous problems raised by the "multiple PCNA ring" hypothesis, but the mode of Lig1 

binding to PCNA nicely illustrates one of the mechanisms by which a PCNA ring may become 

"dedicated" to a specific enzyme activity.  Nevertheless, this model is highly speculative, 
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unsubstantiated by compelling evidence and, as far as we know, has never been rigorously 

tested.  

1.6.2 PCNA and replication-coupled chromatin assembly 

 Although the CAF-1 protein complex was first described 31 years ago, it has thus far 

remained the only chromatin assembly factor (histone chaperone) that preferentially deposits H3-

H4 onto nascent DNA to promote replication-coupled nucleosome assembly even in the presence 

an excess of unreplicated DNA (Smith and Stillman, 1989). This has prompted interest in 

uncovering the molecular mechanism by which CAF-1 had this unique property to promote 

nucleosome assembly preferentially onto replicating DNA. Several lines of genetic and 

biochemical evidence eventually converged to provide a compelling case that PCNA was the 

linchpin that enabled CAF-1 to preferentially assemble histones onto replicating DNA 

(Shibahara and Stillman, 1999 ; Zhang et al., 2000 ; Sharp et al., 2001 ; Krawitz et al., 2002 ; 

Rolef Ben-Shahar et al., 2009). The genetic evidence emerged from two experimental 

approaches in the budding yeast Saccharomyces cerevisiae. First, S. cerevisiae cells that lack 

CAF-1 exhibit a defect in transcriptional silencing of reporter genes integrated into sub-telomeric 

heterochromatin. Screens of separation-of-function alleles of PCNA resulted in the identification 

of a subset of PCNA hypomorphic alleles that were not defective in DNA replication, but whose 

silencing defect was epistatic with the sub-telomeric heterochromatin silencing defect of cells 

lacking CAF-1 (Zhang et al., 2000 ; Sharp et al., 2001). Second, an elegant genetic screen for 

loss-of-function alleles in the S. cerevisiae CAC1 gene uncovered a point mutation in the Cac1 

subunit that resided in a PIP-like motif (Krawitz et al., 2002). Further biochemical studies with 

purified proteins confirmed that the mutation indeed crippled the binding of S. cerevisiae CAF-1 

to PCNA (Krawitz et al., 2002). Visual inspection of the mouse and human p150 sequences 
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revealed the presence of a PIP-like sequence which, when mutated, abolished the targeting of 

p150 to PCNA-containing DNA replication foci in vivo, and crippled the ability of CAF-1 p150 

to promote replication-coupled nucleosome assembly in vitro (Rolef Ben-Shahar et al., 2009). 

Collectively, these studies firmly established PCNA as a partner of CAF-1 that is essential for 

replication-dependent nucleosome assembly in organisms ranging from yeast to vertebrates.     

 

1.6.3 PCNA and translesion synthesis 

 

 In addition to playing roles in DNA replication, PCNA also promotes DNA damage 

tolerance mediated by error-prone DNA polymerases. DNA is continuously subjected to DNA 

lesions. These include numerous spontaneous lesions created by reactive metabolites and lesions 

caused by exposure to DNA damaging agents present in the environment. When present in the 

template strands, a subset of DNA base lesions blocks the progression of replicative polymerases 

(e.g. 3-methyl adenine). In this case, the replicative polymerase is transiently replaced by an 

"emergency" polymerase that is capable of synthesizing DNA despite the lesion in the template 

strand. This process is therefore known as either translesion synthesis or DNA lesion bypass. 

Because the DNA lesion is not removed, this is a form of DNA damage tolerance, rather than 

DNA repair (Cipolla et al., 2016; Jansen et al., 2015).  

 

 A  number of "emergency

zeta (Pol ), Pol iota (Pol ) and Rev1 specialize in bypassing different types of adducts in the 

DNA template strands (Boehm et al., 2016). However, the synthesis of DNA across a damaged 

template strand comes at the price of a considerably higher frequency of mutations compared  
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the mutation rate of replicative polymerases (Pol  or Pol ). Because of this, "emergency" 

polymerases are referred to as error-prone polymerases. One might be inclined to believe that, in 

contrast to replicative polymerases (Pol  and Pol ), error-prone polymerases should not be 

processive and, therefore, should not associate with PCNA. Counterintuitively, this is not the 

case. Error-prone polymerases require PCNA binding to execute their roles in translesion 

synthesis but their association with PCNA is transient. There are mechanisms to dissociate error-

prone polymerases from PCNA shortly following DNA lesion bypass.   

 

Furthermore, the binding of error-prone polymerases to PCNA is tightly regulated in order to 

prevent these enzymes from interfering with Pol  and Pol when there is no lesion in the 

template strand. This tight regulation is achieved through two mechanisms. The first is that the 

PIPs of error-prone polymerases are quite divergent from canonical PIPs. Consistent with this, 

the PIPs of error-prone polymerases bind to PCNA very weakly and adopt PCNA-bound 

conformations that are very different than those adopted by canonical PIPs (Hishiki et al., 2009).   

 

The second determinant of specificity is that, due to the low affinity of their unusual PIPs for 

PCNA, error-prone polymerases require a second surface for stable and productive interaction 

with PCNA. The second determinant of specificity is a ubiquitin binding domain of error-prone 

polymerases that engages a PCNA ring that has acquired a DNA damage inducible ubiquitin 

moiety (Bienko et al., 2005; Guo et al., 2006; Hoege et al., 2002; Kannouche et al., 2004; Plosky 

et al., 2006; Watanabe et al., 2004). In this case, the DNA damage-inducible ubiquitylation of 

PCNA is clearly part of the mechanism that "dedicates" a PCNA ring to error-prone polymerases 

and DNA lesion bypass. In addition, even though the non-canonical PIPs of error-prone 
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polymerases exhibit very low affinity for PCNA on their own, they are nonetheless essential for 

DNA lesion bypass (Boehm et al., 2016). Therefore, the high selectivity and affinity necessary 

for productive engagement of ubiquitylated PCNA, which is necessary for translesion synthesis, 

depends upon a bipartite interaction surface of error-prone polymerases that implicates both their 

non-canonical PIPs and their ubiquitin-binding domains.  

 

1.6.4 PCNA and DNA excision repair mechanisms 

 

There exist three major and evolutionarily conserved DNA excision repair mechanisms. They are 

known as Nucleotide Excision Repair (NER), Base Excision Repair (BER), and Mismatch repair 

(MMR). NER removes lesions that grossly distort the DNA double helix structure. These include 

intra-strand crosslinks [e.g. the cyclobutane pyrimidine dimers caused by ultraviolet radiation]. 

(Marteijn et al., 2014). In order to remove the lesion, endonucleases cleave the phosphodiester 

backbone of DNA both 5' and 3' of the lesion and the 24-34 nucleotide long oligonucleotide 

containing the lesion is excised by PCNA- and Pol -dependent synthesis of lesion-free DNA.   

 BER removes adducts to DNA bases caused by, for example, oxidation, alkylation, or 

spontaneous deamination of cytosine into uracil (Krokan and Bjoras, 2013). The first step is 

catalyzed by DNA glycosylases that have specificity for different types of DNA base adducts. 

The site where the base lesion was initially present is now lacking a base, a structure often 

referred to as an abasic site. In the so-called long patch BER pathway, an endonuclease (AP 

endonuclease) cleaves the phosphodiester backbone 5' of the abasic site, which generates a 3'-

hydroxyl from which PCNA- and Pol -dependent synthesis can synthesize a pristine new strand. 

The oligonucleotide containing the abasic site(s) is excised by the flap endonuclease FEN1. 
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 MMR acts on the nascent strands, either the leading or the lagging strand that emerge 

from replicative polymerases. When the inappropriate base is incorporated into the nascent 

strands, it can be removed by the MMR excision repair pathway. The MMR machinery scans the 

nascent strands for misincorporated bases. Misincorporated bases are excised through a 

mechanism analogous to the one that operates during NER. Endonucleases cleave the 

phosphodiester backbone of DNA both 5' and 3' of the misincorporated base and a short 

oligonucleotide containing the inappropriate is excised by PCNA- and Pol -dependent synthesis.  

 

 The three major excision repair pathways attract CAF-1, which is not in itself surprising 

given that PCNA-dependent DNA synthesis by Pol  is involved in each pathway (Martini et al., 

1998; Moggs et al., 2000; Nabatiyan et al., 2006; Rodriges Blanko et al., 2016) 

 

However, the length of DNA synthesized in each repair pathway is much shorter than the length 

of DNA in the nucleosome core particle (147 bp). This may suggest that nucleosome 

remodelling and/or histone dissociation may precede PCNA-dependent DNA synthesis, which in 

turn would create a demand for CAF-1-mediated deposition of new H3-H4 molecules onto the 

nascent DNA. At least for NER, this scenario is supported by experimental evidence showing 

that, in a CAF-1-dependent manner, histones tagged with fluorescent epitopes localized to foci of 

UV-induced DNA lesions in (Polo et al., 2006). Among many remaining puzzles is the recurring 

issue of how CAF-1 and Pol  can both exert their functions through PCNA, without mutually 

interfering with each other, at sites of NER, BER and MMR.      
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From the multitude of functions PCNA participates in, researchers have an unarguable notion 

that PCNA is a global interaction hub for many proteins involved in DNA replication processes 

and repair processes. This is depicted in the following picture. 

 

Figure I.7 PCNA interaction partners (Prestel et al., 2019, figure reused with permisssion).

Figure depicts proteins involved in various cellular processes with distinct PCNA interaction 

peptides from multiple species. The residues of the conserved canonical PIP box region are 
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highlighted in red. In the case of most of these proteins, the exact molecular binding mechanism 

is not known. But in the following example, researchers have shown how functional interference 

is prevented between PIP-box-containing proteins.  

 

 

Figure I.8 Schematic showing DNA ligase I monomer in complex with PCNA (Pascal et al., 

2004 figure reused with permission). One monomer of DNA ligase I monomer (shown in red) 

occludes the other two PIP binding sites on the surface of PCNA (shown in blue).  
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Figure I.9  Overlay of published crystal structures with human PCNA (Prestel et al., 2019, figure 

reused with permission). Most of the replication enzymes bind to the surface of PCNA in a 

similar conformation. 

A recent report from Prestel et al. 2019 has collated the published PIP-box and PIP-degron-

containing peptides. The overlay depicts that most of them adopt a similar conformation when 

bound to PCNA. The above picture also shows an extended N-terminal region and hydrophobic 

residues that form a 310 helix. p21 also has additional C-terminal residues that interact with the 

hydrophobic pocket and IDCL of PCNA (Gulbis et al., 1996). Since different proteins with PIPs 

bind PCNA differently, we were curious to find out how CAF-1 was mediating its interaction 

with PCNA. Our results are further described in subsequent chapters. 

 

1.6.5 PCNA post translational modifications  

 

PCNA had been reported to be ubiquitylated on the back face (i.e. the face opposite to the 

direction of DNA synthesis) and these modifications help the cells cope with DNA lesions that 

interfere with DNA synthesis. Sumoylation of lysines at 164 and 127 by UBC9 (E2) and SIZ1 

(E3) prevents ubiquitylation of the same residues (Hoege et al., 2002)  and attracts an enzyme 

known as Srs2, which dismantles Rad51 filaments (Veaute et al., 2003) and, thereby, prevents 

illegitimate recombination between sister chromatids. Mono-ubiquitylation of lysine 164 by 

UBC2 (E2) and RAD18 (E3) attracts enzymes that promote error-prone DNA lesion bypass 

(Hoege et al., 2002); (Daigaku et al., 2010), which is a form of DNA damage tolerance that is not 

accompanied by immediate repair of the lesion (Daigaku et al., 2010). Attachment of a ubiquitin 
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chain held by lysine 63-linked isopeptide bonds leads to DNA damage tolerance mediated by 

template switching (Daigaku et al., 2010). 

In S. cerevisiae, Eco1 acetylates several lysine residues located within the -helices that line the 

inner cavity of the PCNA ring (Billon et al., 2017). The exact molecular function of this 

acetylation is not known but, because the inner cavity is lined by numerous positively charged 

that might interact non-specifically with DNA, it has been suggested that charge neutralization 

by acetylation may serve to enhance PCNA sliding and polymerase processivity. 

 

1.6.6 Role of PCNA and CAF-1 in cancer therapy 

PCNA is widely known as a cell proliferation marker, mainly because of its association with 

replicative DNA polymerases, however in addition to this PCNA plays a much bigger role in 

coordinating various cellular processes. Because of this same reason, though PCNA looks like a 

lucrative target for various cancers they are not been widely employed yet as a therapeutic 

option. But more and more researchers are exploiting the potential of targeting the regions of 

inter domain connecting loop (IDCL) together with the DNA replication and repair function of 

PCNA in combination with existing chemotherapeutic drugs. 

Currently, approaches to treat cells with agents targeting PCNA rely on the use of small 

molecules or on peptides that either bind to PCNA, or act as a binding competitor for its 

interacting partners. Since PCNA is subjected to several post translational modifications (PTMs) 

which help regulate its function by various binding partners; researchers have identified PCNA 

post translational modifications as a viable therapeutic target for controlling over proliferation in 

cancer cells. This concept is further strengthened by the fact that PCNA tyrosine (Y) 211 

phosphorylation has been shown to be stimulated by the concerted action of growth factors: for 
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instance, epidermal growth factors (EGF) and protein kinases (c-Abl). Hence, in addition to EGF 

and EGFR inhibitors already being used in treatment, researchers have successfully used small 

molecular inhibitors and peptides that specifically inhibit Y211 phosphorylation (Wang et al., 

2006; Zhao et al., 2012; Zhao et al., 2011). These PCNA targeting peptides are designed to either 

prevent downstream protein-protein interactions or block the phosphorylation on tyrosine 211 

site.  

In addition to this, several studies have tried using the possibility of blocking the inter domain 

connecting loop (IDCL) binding sites to prevent its interaction with multiple PIP containing 

proteins. T2AA is a small molecule derivative of the thyroid hormone 3,3,5- triiodothyronine 

(T3) that targets PCNA-PIP interaction and is experimentally shown to inhibit interaction of 

PCNA with DNA polymerase delta. Treatment with T2AA is shown to cause replication stress, 

fork stalling and inhibition of DNA synthesis which eventually promote S phase arrest and 

apoptosis (Actis et al., 2013; Punchihewa et al., 2012).  

Recent research also identified the presence of an isoform of PCNA which is acidic and 

expressed exclusively in breast, prostrate and esophageal adenocarcinoma cancer cells with an 

elevated rate of metastasis, but this isoform is absent in normal cells (Bechtel et al., 1998; 

Hammoud et al., 2007; Malkas et al., 2006; Wang et al., 2011). It is still unclear how their 

regulation is maintained selectively in cancer cells versus normal cells. Also, general targeting of 

PCNA could lead to cytotoxic effects in normal cells as highlighted by mouse studies that show 

early embryonic lethality in the absence of PCNA (Peled et al., 2008; Roa et al., 2008). 

Specifically targeting the cancer associated isoform of PCNA and targeting specific signaling 

pathways and post translational modifications that are more prominent in cancer cells could be a 

beneficial future approach. In addition, more targeted studies using animal models are necessary 
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to assess the safety and specificity of PCNA inhibitors. Another avenue that needs further 

research is in the targeted delivery of these small molecular inhibitors or peptides specifically to 

the cancer cells. A thorough understanding and combinatorial use of novel inhibitors with current 

chemotherapeutic agents will enhance their benefits. 

Researchers have recently reported success in treating higher grade pancreatic ductal 

adenocarcinomas which are notorious to treat solely using traditional chemotherapeutic drugs 

(Smith et al., 2020). Studies have shown that pancreatic ductal adenocarcinomas show a higher 

level of PCNA expression and in addition show somatic mutations in major DNA damage 

response pathways and DNA repair genes. Authors created a synthetic peptide that mimic a 

specific region within the IDCL of PCNA that is important for protein-protein interaction 

specifically in cancer cells. They report that the synthetic R9-caPeptide they created is capable of 

causing DNA damage, replication fork progression and promoting apoptosis specifically in 

pancreatic cancer cells (Smith et al., 2020). 

Chromatin assembly factor on the other hand, in addition to facilitating nucleosome assembly 

soon after DNA replication, plays major roles in all major DNA repair pathways (Martini et al., 

1998; Nabatiyan and Krude, 2004; Zhu et al., 2009). Dysregulation or overexpression of CAF-1 

namely the large two subunits are also observed in genome wide screens of multiple cancer types 

(Gevaert and Plevritis, 2013; Shah et al., 2014) and in several hematologic malignancies. 

Increased CAF-1 expression positively correlates with the tumor proliferation marker Ki-67 and 

is marked with late stage cancers that have poor clinical outcome. Thus, researchers are 

exploring the possibility of using CAF-1 as a prognostic and predictive tool for advanced stage 

cancers. 
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 Over expression of CHAF1B is observed in several solid tumors like in cervical cancers, 

gliomas (de Tayrac et al., 2011), melanomas (Mascolo et al., 2010), prostrate cancers (Staibano 

et al., 2009) and in human acute myeloid leukemias (AML) (Volk et al., 2018) and acute 

megakaryocytic leukemia with down syndrome (AMKL-DS). Researchers have shown that the 

second large subunit of CAF-1 known as CHAF1B or p60 is implicated in progression of normal 

hematopoiesis, while its over expression causes leukemia (Volk et al., 2018). 

Increased expression of CHAF1A and CHAF1B in cervical and lung cancers are associated with 

advanced clinical stage of the disease, increased metastasis, and higher recurrence (Liu et al., 

2017; Yang et al., 2020). Overexpression of CHAF1A mRNA and protein along with CHAF1B 

and RBBP4 is also observed in high grade colon cancers (Wu et al., 2014). 

Recent in vitro experiments also suggest that higher expression of CAF-1 promotes 

tumorigenesis and increased apoptosis (Sykaras et al., 2021). Even though higher expression of 

CAF-1 subunits in most of solid tumors makes it a promising potential target for prognostic 

purposes, more studies are needed to understand the complex molecular mechanism of CAF-1 

that promotes tumorigenesis. Hence for the successful development of novel chemotherapeutic 

agents, it is important to understand and differentiate the mechanistic details of both PCNA and 

CAF-1 in promoting normal cellular DNA replication and its role in promoting tumorigenesis.  

1.7 Histone gene organization and regulation in Saccharomyces cerevisiae 

Eukaryotic cells contain numerous copies of core histone genes. In contrast, our favorite model 

organism to study histone gene expression, Saccharomyces cerevisiae, has only two copies of 

each gene encoding the canonical replication-dependent histones (H2A, H2B, H3, H4). The 

genes encoding the core histone variants (e.g. H2A.Z or CENP-A) are not regulated in the same 
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manner as the genes expressing canonical histones and, therefore, will not be discussed further. 

Canonical histone mRNAs are produced from four divergent histone gene pairs in S. cerevisiae 

[Figure I.10]. The two divergent gene pairs encoding H3-H4 are HHT1-HHF1 and HHT2-HHF2

[HHT = Histone H Three; HHF = Histone H Four] (Smith and Murray, 1983) [Figure I.10]. The 

two divergent gene pairs encoding H2A-H2B are known as HTA1-HTB1 and HTA2-HTB2 [HTA 

= Histone Two A; H2B = Histone Two B (Hereford et al., 1979) [Figure I.10].  

1.7.1 Transcriptional activation of S. cerevisiae histone genes 

The four canonical core histone gene pairs are tightly regulated during the cell cycle. They are 

maximally transcribed during S phase and repressed at other stages of the cell cycle. The core 

histone gene promoters contain specialized cis-acting DNA elements that either activate or 

repress histone gene transcription [Figure I.10]. The Upstream Activating Sequences (UAS), the 

negative regulatory element (NEG) and the proteins that bind to those sequences will be 

discussed separately in the following sections. 
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Figure I.10. S. cerevisiae histone mRNAs expressed from divergent promoters. The promoters of 

three divergent histone gene pairs shown above except HTA2-HTB2, contains specialized NEG 

region required for histone gene repression. 

 

1.7.2 Upstream activating sequence (UAS)  

The divergent promoters of the four core histone gene pairs each contain at least four 16-base 

pair UAS elements (Eriksson et al., 2005a; Osley, 1991) [Figure I.10]. They are required for 

activation of histone gene transcription during the G1-S transition and the S phase of the cell 

cycle. As described below, the UAS elements activate transcription by binding to transcription 

factors such as Spt10 and the SBF and MBF complexes.  

1.7.3 Spt10 

Unlike histone proteins, Spt10 is not absolutely essential for viability, but deletion of the SPT10 

gene results in a severe proliferation defect and alters, positively or negatively, the expression of 

a very large number of non-histone genes (Dollard et al., 1994; Eriksson et al., 2012; Eriksson et 

al., 2005a). Spt10 is an unusual transcription factor that possesses an acetyltransferase domain 

that is essential for its role in promoting histone gene transcription. However, despite numerous 

studies from several laboratories, the direct substrate(s) of the acetyltransferase domain of Spt10 

has remained elusive. Spt10 is an activator of transcription dedicated to the canonical replication-

dependent histone genes. For instance, the presence of Spt10 at histone gene promoters, but no 

other yeast promoters, was demonstrated by chromatin immunoprecipitation combined with 

microarrays [ChIP - chip] (Eriksson et al., 2005b; Mendiratta et al., 2006). This striking 

specificity of Spt10 has been attributed to the following. Spt10 is a homodimer that contains a 

highly site-specific zinc finger DNA binding domain that recognizes UAS elements that are 
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uniquely found in the promoters of canonical histone genes, and nowhere else in the yeast 

genome (Mendiratta et al., 2006). The abundance of all the canonical histone mRNAs is greatly 

reduced in cells lacking Spt10 (Eriksson et al., 2005b); (Xu et al., 2005). On the other hand, the 

abundance changes of a multitude of non-histone mRNAs in cells lacking Spt10 has been 

attributed to reduced histone protein abundance. Consistent with this interpretation, the 

phenotypes of cells lacking Spt10 are suppressed, and the abundance of most mRNAs restored, 

by co-overexpression of H2A, H2B, H3 and H4 (Eriksson et al., 2005a). These results suggest 

that Spt10 is a very important, but not an essential activator dedicated to transcription of 

canonical replication-dependent histone genes.   

1.7.4 The SCF binding factor (SBF) and the MluI binding factor (MBF)  

 The SCF Binding Factor (SBF)  is composed of a heterodimer of the Swi4 and Swi6 

proteins, whereas the MluI Binding Factor (MBF) is composed of a heterodimer of Mbp1 and 

Swi6. The Swi4 and Mbp1 subunits are, respectively, the site-specific DNA binding subunits of 

SBF and MBF (Iyer et al., 2001). Individually deleting the SWI4 or the MBP1 gene, showed 

reduced expression of canonical histone mRNAs and many other histone RNAs. Unlike Spt10, 

which is dedicated to histone gene transcription, SBF and MBF promote transcription of many 

cell cycle-regulated genes in addition to histone genes. In spite of this, two lines of evidence 

indicate that SBF and MBF directly activate histone gene transcription. First, the specific DNA 

binding sequences recognized by SCF and MBF are present within the UAS elements of all the 

promoters of canonical histone genes (Eriksson et al., 2012). Second, based on chromatin 

immunoprecipitation (ChIP), SBF and MBF are located at those UAS elements in vivo. Single 

mutants lacking either Swi4 (SCF) or Mbp1 (MBF) are viable and show reduced abundance of 

histone RNAs (Eriksson et al., 2012). However, because cells lacking both Swi4 and Mbp1 are 
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inviable, it is not possible to determine whether SCF and MBF are collectively essential for 

transcription of canonical histone genes. The mechanism through which SBF and MBF activate 

histone gene transcription is not known.  

 

1.7.5 cis-acting DNA sequences required for histone gene repression in S. cerevisiae 

 

The cis-acting DNA sequence that is crucial for transcriptional repression of all canonical 

histone gene promoters is known as the negative regulatory (NEG) region [Figure I.10]. NEG 

was defined as a 54 bp cis-acting DNA sequence that, when deleted from the HTA1-HTB1 

promoter, prevented transcriptional repression of the HTA1 and HTB1 gene during the cell cycle 

and in response to DNA damage (Osley et al., 1986). Three out of the four core histone gene 

pairs: HTA1-HTB1, HHT1-HHF1, and HHT2-HHF2 contain a NEG cis-acting element (Figure 

I.10) that is required for histone gene repression. In contrast, the NEG element is absent from the 

promoter of the HTA2-HTB2 gene pair [Figure I.10] (Marino-Ramirez et al., 2006; Osley, 1991). 

Nonetheless, the HTA2 and HTB2 genes are also transcriptionally repressed during early G1, 

G2/M and in response to DNA damage during S-phase (Eriksson et al., 2012).  

 

1.7.6 trans-acting factors that repress histone gene transcription 

 

The S. cerevisiae histone regulatory (HIR) complex is composed of four polypeptide subunits 

known as Hir1, Hir2, Hir3, and Hpc2 (histone periodic control). This complex is evolutionarily 

conserved from yeast to humans. The subunits of the human complex are known as HIRA (a 

protein that includes both S. cerevisiae Hir1 and Hir2), CABIN (a homologue of S. cerevisiae 



 
47 

Hir3), and UBINUCLEIN (UBN1 and UBN2, two homologues of S. cerevisiae Hpc2). The 

genes encoding the four subunits of the S. cerevisiae HIR complex were identified in genetic 

screens designed to uncover mutants that cannot repress histone gene transcription in early G1 or 

in response to DNA damage during S-phase (Lycan et al., 1987; Xu et al., 1992a). The HIR 

complex represses three of the four histone gene pairs, namely HTA1-HTB1, HHT1-HHF1, and 

HHT2-HHF2, but not HTA2-HTB2 which lacks the NEG element (Kurat et al., 2014). 

Nonetheless, the HTA2 and HTB2 genes are repressed during early G1 or in response to DNA 

damage (Lycan et al., 1987; Xu et al., 1992b), but the mechanism of NEG- and HIR-independent 

repression of HTA2-HTB2 is not known.   

 

Interestingly, the NEG element and HIR proteins are necessary for transcriptional repression of 

histone gene promoters fused to non-histone reporter genes [e.g. the genes that encode -

galactosidase and neomycin resistance](Osley, 1991). Because those reporter genes lack the 3'-

untranslated histone mRNA sequences that post-translationally regulate mRNA abundance, the 

reporter gene experiments demonstrate that the action of the NEG element and the HIR complex 

are exerted through transcriptional repression of histone gene promoters. In vitro studies with 

partially purified HIR complexes have suggested that the HIR proteins do not directly bind to 

canonical histone gene promoters in vitro (Osley, 1991), but this remains to be firmly 

established. It is formally possible that non-HIR proteins that were not present in vitro may 

facilitate direct binding of the HIR complex to the NEG element in vivo. However, this 

hypothesis has not yet been confirmed since no protein that facilitates recruitment of HIR to 

NEG elements has thus far been identified (DeSilva et al., 1998; Prochasson et al., 2005); 

(Mendiratta et al., 2007). Nonetheless, chromatin immunoprecipitation (ChIP) studies revealed 
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that the four subunits of the HIR complex localize to histone gene promoters (Eriksson et al., 

2012). 

 

Although the four HIR subunits (Hir1, Hir2, Hir3 and Hpc2) are essential for transcriptional 

repression of histone genes in S. cerevisiae, the subunit that is best studied and most tightly 

regulated is Hpc2. We will therefore confine this introduction to the properties of Hpc2 (the 

homologue of human UBN1 and UBN2), an important focal point in this thesis. Human UBN1 

and UBN2 contain a 50-amino acid domain that, based on its homology with yeast Hpc2 was 

termed the Hpc2-Related Domain (HRD) of UBN1 and UBN2. Interestingly, the HRD of human 

UBN1/UBN2, and the HRD of their S. cerevisiae homologue Hpc2, directly bind to histone H3. 

Human UBN1/UBN2 bind to the replication-independent variant H3.3 (Ricketts et al., 2015) 

which contains a few residues that distinguish H3.3 from the replication-dependent H3.1/H3.2. 

Structures of UBN1 bound to H3.3 have identified only a few residues that enable UBN1 to 

discriminate between H3.3 and H3.1/H3.2 (Ricketts et al., 2015; Ricketts and Marmorstein, 

2017). Importantly, the residues of UBN1 that directly contact H3.3 are identical in S. cerevisiae 

Hpc2. This raises the exciting possibility of creating structure-based mutants of Hpc2 that may 

prove to be unable to bind yeast H3. This is exciting because it may open the possibility to 

address whether cell cycle and/or DNA damage-induced repression of histone genes depends 

upon a negative feedback by which excess histones are sensed through their direct binding to the 

Hpc2 subunit of the HIR complex. If this proves to be the case, Hpc2 might serve a sensor of the 

presence of excess histones.  
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1.8 The HIR complex and its role in replication-independent nucleosome assembly 

All the canonical H3 molecules derived from the HHT1 and HHT2 genes have exactly the same 

amino acid sequence. Unexpectedly, the sequence of S. cerevisiae H3 is identical to that of the 

replication-independent H3.3 variant in human cells (Baxevanis and Landsman, 1998). 

Intriguingly, this suggests that S. cerevisiae H3 can serve as substrate for both replication-

dependent and replication-independent nucleosome assembly, unlike in human cells. For 

replication-dependent nucleosome assembly, S. cerevisiae H3, which is identical to human H3.3, 

binds to CAF-1. In contrast, S. cerevisiae H3 promotes replication-independent nucleosome 

assembly by binding to the Hpc2 subunit of the HIR complex. Consistent with this, the 4-subunit 

HIR complex has been purified from S. cerevisiae in association with H3 (equivalent to human 

H3.3) - H4 (Green et al., 2005); (Prochasson et al., 2005). Importantly, in a system that consists 

only of purified proteins, the HIR-H3-H4 complex was capable of depositing H3-H4 onto a non-

replicating plasmid DNA, thus providing strong evidence for its replication-independent 

nucleosome activity (Prochasson et al., 2005); (Green et al., 2005) 

1.9 DNA damage response and prevention of excess histone synthesis 

1.9.1 Methyl Methane Sulphonate (MMS)  

 MMS is an alkylating agent whose main cytotoxic lesion is the alkylation of the N3 

position of adenine, a lesion often referred to as 3-methyl adenine (3-MeA). The primary 

reason why 3-MeA is cytotoxic is that it blocks the synthesis of DNA by replicative 

polymerases (Pol  and Pol ). Thus, the main consequence of the presence of 3-MeA ahead of 

replication forks is to slow down the rates of DNA replication fork elongation. This occurs 

when replicative DNA polymerases encounter 3-MeA in the template strands for DNA 

synthesis.   
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1.9.2 Hydroxyurea (HU)  

 Unlike MMS, HU does not completely block replicative DNA polymerases, but 

nonetheless dramatically slows down all the polymerases involved in DNA synthesis 

throughout the genome. This is because HU is an inhibitor of ribonucleotide reductase (RNR), 

the enzyme that catalyzes the reduction of ribonucleoside triphosphates (NTPs) into 

deoxyribonucleoside triphosphates (dNTPs). As a result, HU decreases the pools of dNTPs 

below the threshold concentration required for optimal DNA synthesis by replicative 

polymerases.  

1.9.3 The response to genotoxic agents that interfere with replication fork progression 

 The genetic material is constantly bombarded by extrinsic (genotoxic agents from the 

environment) and intrinsic (metabolites that react with DNA) sources of DNA damage. Cells 

have evolved numerous surveillance and protective mechanisms that promote DNA repair and 

preserve genome integrity. Some of those mechanisms are collectively known as DNA damage 

checkpoints. For instance, once persistent DNA lesions have been detected, the so-called 

G2/M DNA damage checkpoint of yeast cells blocks the transition from metaphase to 

anaphase until DNA lesions have been repaired. This ensures that cytotoxic or mutagenic 

DNA lesions are not transferred to daughter cells. In contrast to the G2/M DNA damage 

checkpoint,  the intra S-phase DNA damage response operates in a fundamentally distinct 

manner. Rather than completely blocking a cell cycle transition, the intra S-phase DNA 

damage response merely extends the duration of S-phase to facilitate the repair of DNA lesions 

ahead of incoming replicative polymerases. The biological rationale is that, by prolonging S-

phase duration, several repair machineries can remove DNA lesions ahead of incoming DNA 

polymerases. In turn, this minimizes the probability that replicative polymerases will 
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encounter cytotoxic or mutagenic DNA lesions. Based on this fundamental difference with, for 

instance the G2/M checkpoint that completely arrests cell cycle progression, we prefer the 

term intra S-phase DNA damage response, rather the more commonly used term intra S-phase 

checkpoint.      

1.9.4 The intra S-phase DNA damage response as a source of excess histones 

 In response to conditions that interfere with DNA replication, the intra S-phase DNA 

damage response is activated by two protein kinases known as Mec1 and Rad53 in S. 

cerevisiae. In response to many forms of DNA damage, Mec1 phosphorylates and activates the 

kinase activity of Rad53. Mec1 and Rad53 also phosphorylate many proteins that act in 

concert to delay S-phase progression and promote DNA repair. The key role of the intra S-

phase DNA damage response in delaying S-phase progression is to suddenly block the firing 

of new DNA replication origins upon detection of DNA lesions. In order to block the firing of 

new DNA replication origins, Mec1 and Rad53 phosphorylate replication proteins that were 

present at origins that had not yet fired at the time when DNA damage was detected. 

Activation of the intra S-phase DNA damage response therefore results in a sudden and abrupt 

decline in the total rate of DNA synthesis because the total number of active replication forks 

is much lower than in the absence of DNA damage. In turn, this abrupt decline in the total rate 

of DNA synthesis provokes the accumulation of excess histones.     

Previous studies from our laboratory have reported the importance of maintaining a delicate 

balance between histone synthesis and DNA synthesis using S. cerevisiae as a model organism 

(Gunjan and Verreault, 2003). Excess histones are toxic because they bind tightly and non-

specifically to nucleic acids (DNA and RNA), and even properly assembled chromatin. S. 

cerevisiae cells that contain excess histones exhibit defects in DNA repair, gene expression, 
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mitotic chromosome segregation, and likely other processes that were not investigated. Yeast 

cells have evolved the use of at least three partially redundant strategies to attenuate the 

deleterious effects of excess histones, including transcriptional repression of histone genes, 

degradation of excess histone mRNAs in the nucleus, and degradation of excess histone 

proteins. The focus of this thesis (Chapter 3) is to study the transcriptional repression of 

histone genes under conditions that produce excess histones, namely DNA lesions that activate 

the intra S-phase DNA damage response.  

 

1.10 Thesis objectives and main results 

 My Ph.D. research work was focused on understanding the molecular mechanisms of 

two distinct processes related chromatin assembly. First, I studied the mode of PCNA binding 

by CAF-1 (see rationale below). Second, I studied the repression of histone gene transcription 

in response to DNA lesions that delay S-phase progression, and the role of this mechanism in 

preventing the accumulation of excess histone proteins (chapter 3).  

 

 The long-term goal related to the work that I initiated in chapter 2 is to understand the 

following conundrum. Figure I.11 shows a simplified diagram of some, but not all the PCNA-

binding enzymes that continuously exert their activities at or very close behind all replication 

forks. The fact that most of these functionally distinct PCNA-binding enzymes contain 

"seemingly" similar PIPs raises the fascinating question of how all these enzymes perform their 

functions without mutually interfering with each other. This is a multifaceted question because 

one is led to hypothesize that there are several potential types of functional interference. For 

instance, the different replication enzymes (Pol , Pol , FEN1 and DNA ligase) should not 
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compete for binding to any given PCNA ring. In other words, the different PCNA rings must 

"somehow" acquire specificity for different aspects of DNA replication and post-replicative 

functions (see below). Furthermore, the PCNA-binding proteins that need to act on nascent 

double-stranded DNA behind the sites of synthesis (e.g. the DNA methyltransferase DNMT1, 

the mismatch repair enzymes and CAF-1) should obviously not compete with the DNA 

replication enzymes that also bind PCNA. Last, but not least, some PCNA-binding enzymes 

obviously have to act sequentially. For instance, DNMT1 cannot methylate many CpG 

dinucleotides when the nascent hemi-methylated DNA is wrapped around histone octamers 

(Felle et al., 2011; Okuwaki and Verreault, 2004). This suggests that DNMT1 must bind PCNA 

and methylate the nascent strand before CAF-1 binding to PCNA enables the deposition of 

histones onto nascent DNA. How the sequential action of functionally distinct PCNA-binding 

enzymes is orchestrated is not known at all.    

 

 As a first step to elucidate this intricate jigsaw puzzle, my first objective (chapter 2) was 

to determine how CAF-1 binds to PCNA by comparison to the mode of PCNA binding 

determined for DNA replication enzymes.  

 

 Based on structural and biophysical evidence, we found that CAF-1 binding to PCNA is 

unorthodox, and thus far unique among PCNA-binding enzymes. Tentatively, our results 

suggest hypothetical mechanisms to dedicate one PCNA ring for CAF1-mediated chromatin 

assembly, despite the presence of multiple other PCNA-binding proteins at replication forks. 
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For my second objective (chapter 3), I investigated the crucial molecular mechanism by 

which cells maintain a delicate balance between DNA and histone synthesis despite the presence 

of DNA lesions that interfere with replication. Our results suggest that DNA damage-induced 

repression of histone genes is mediated, at least in part, by a simple negative feedback triggered 

by binding of excess histones to the Hpc2 subunit of the HIR complex. 

 

Figure I.11. Simplified representation of PCNA-binding enzymes at replication forks. Pol  -

primase is not processive and, therefore, does not need to bind PCNA. For clarity, this is not 

shown here but some proteins (e.g. DNMT1, Mismatch Repair enzymes and CAF-1) must act on 

both the leading strand chromatid and the lagging strand chromatid. 
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Abstract 

The eukaryotic DNA replication fork is a hub of enzymes that continuously act to synthesize 

DNA, propagate DNA methylation and other epigenetic marks, perform quality control, repair 

nascent DNA, and package this DNA into chromatin. Many of the enzymes involved in these 

spatiotemporally correlated processes perform their functions by binding to the proliferating cell 

nuclear antigen (PCNA). A long-standing question has been how the plethora of PCNA-binding 

enzymes can exert their activities without mutually impeding each other. As a first step towards 

deciphering this complex regulation, we studied how Chromatin Assembly Factor 1 (CAF-1) 

binds to PCNA. We demonstrate that CAF-1 binds to PCNA in an unprecedented manner that 

depends upon a cation- ction. An arginine residue, conserved among CAF-1 

homologs but absent from other PCNA-binding proteins, invades the hydrophobic pocket 

normally occupied by proteins that contain canonical PCNA interaction peptide (PIPs). We show 

that point mutation of this arginine disrupts PCNA binding and chromatin assembly by CAF-1. 

The PIP of the p150 subunit of CAF-1 likely resides at the extreme C-terminus of a long -helix 

(119 amino acids) that has been reported to bind DNA. Remarkably, the length of that helix, and 

the presence of the PIP at its C-terminus are evolutionarily conserved among numerous species 

ranging from yeast to humans. Our results suggest that the long helix forms a three-helix coiled-

coil that may bind to the three monomers of a PCNA ring. This arrangement of a very long DNA 

binding coiled-coil that terminates in PIPs may serve to coordinate DNA and PCNA binding by 

CAF-1. 
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Introduction 

 Ahead of the replication fork, pre-existing nucleosomes are dismantled and temporarily 

dissociated into (H3-H4)2 tetramers and H2A-H2B dimers (Jackson, 1988; Sogo et al., 1986). 

The tetramers are segregated to the two nascent sister chromatids in a quasi-stochastic manner 

(Jackson, 1988; Sogo et al., 1986). The gaps generated by duplication of DNA are almost 

immediately filled in by newly synthesized H3-H4 deposited onto DNA by a sophisticated 

histone chaperone known as Chromatin Assembly Factor 1 (CAF-1). Despite the existence of 

several histone chaperones, CAF-1 is thus far unique in its ability to mediate chromatin assembly 

in a manner that is tightly coupled to DNA synthesis (Krude, 1995b; Shibahara and Stillman, 

1999; Verreault et al., 1996). This unique property of CAF-1 depends upon its ability to bind the 

proliferating cell nuclear antigen (PCNA), a hollow homo-trimeric ring that encircles DNA and 

serves as a processivity factor for DNA polymerases (Moggs et al., 2000; Quivy et al., 2001; 

Shibahara and Stillman, 1999; Zhang et al., 2016; Zhang et al., 2000). In addition, at each DNA 

replication fork, the same surface of PCNA also engages in numerous interactions with 

replication enzymes, CAF-1, as well as enzymes that methylate DNA [DNMT1] (Iida et al., 

2002), perform mismatch repair [Msh3 and Msh6] (Clark et al., 2000), and many others (Boehm 

et al., 2016; Maga and Hubscher, 2003; Moldovan et al., 2007; Tsurimoto, 1999). 

 CAF-1 is composed of three subunits in species that range from yeast to human. In 

humans, mouse, and Xenopus, the three subunits of CAF-1 are p150 (CHAF1A), p60 

(CHAF1B), and RbAp48 (RBBP4) (Kaufman et al., 1995; Kim et al., 2016; Quivy et al., 2001). 

p150 contains two regions that bind PCNA. The first is a motif located within the N-terminal 

domain of p150 that we previously referred to as PCNA binding domain (PBD) (Figure 1A) 
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(Rolef Ben-Shahar et al., 2009). Although PBD binds strongly to PCNA in vitro, it does not bear 

obvious similarity to the large family of PCNA interaction peptides (PIPs), and it is dispensable 

for replication-coupled chromatin assembly (Rolef Ben-Shahar et al., 2009). In contrast, the PIP 

located internally within the amino acid sequence of p150 [Figure 1A] is unusual because 

canonical PIPs are generally located at the extreme N- or C-terminus of the polypeptides they are 

found within. The PIP of p150 only has a modest affinity for PCNA, but is nonetheless essential 

for chromatin assembly (Rolef Ben-Shahar et al., 2009). In general, PCNA binding proteins that 

contain canonical PIPs interact with the front face of PCNA [i.e., the face of the PCNA ring 

oriented in the direction of DNA synthesis] (De March et al., 2017; Dieckman et al., 2012; 

Gonzalez-Magana and Blanco, 2020; Kelch, 2016).  

 The consensus sequence for canonical PIPs is composed of eight residues, Q x x h x x a 

a, wherein a conserved glutamine is present at position 1, an aliphatic residue at position 4 

(leucine, isoleucine, valine or methionine), and two aromatic residues at positions 7 and 8 

(phenylalanine, tyrosine or tryptophan) [Figure 1B] (Moldovan et al., 2007). Several structures 

have revealed recurring features of the interaction between canonical PIPs and PCNA (Bruning 

and Shamoo, 2004; Dieckman et al., 2012; Gulbis et al., 1996; Sakurai et al., 2003; Tsutakawa et 

al., 2011; Vijayakumar et al., 2007). The carbonyl and amino groups of the glutamine side chain 

of canonical PIP-containing proteins contribute to binding by making several hydrogen bonds 

with residues in a small surface cavity of PCNA termed the “Q-pocket” (Bruning and Shamoo, 

2004; Dieckman et al., 2012; Gulbis et al., 1996; Jimenji et al., 2019; Sakurai et al., 2003; 

Tsutakawa et al., 2011; Vijayakumar et al., 2007). This is illustrated by the binding of PCNA to 

the canonical PIP of human p21 (Figure 1C). The side chain of Q144 is anchored in the so-called 

Q pocket of PCNA, whereas M147, F150 and Y151 form the three prongs of a hydrophobic plug 
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that binds to PCNA (Figure 1C). The aliphatic and the aromatic residues of canonical PIPs form 

a short 310 helix, and generally interact with PCNA in a manner analogous to that of a plug 

fitting into a three-pin electrical socket (Gulbis et al., 1996; Krishna et al., 1994).  

 We previously reported that the PIP of CAF-1 p150 possesses non-canonical properties. 

For instance, the CAF-1 PIP has an intrinsic ability to preferentially inhibit nucleosome assembly 

preferentially over DNA synthesis in a replication coupled nucleosome assembly assay. In order 

to probe this further, we determined the structure of the CAF-1 p150 PIP bound to PCNA. We 

found that the CAF-1 PIP binds to PCNA in an unprecedented manner. Our structure revealed 

that a cation-  interaction formed between PCNA and a conserved arginine of the CAF-1 p150 

PIP that is absent from the PIPs of other PCNA-binding proteins. We show that point mutation 

of this arginine disrupts PCNA binding and chromatin assembly by CAF-1. The CAF-1 PIP is 

located at the extreme C-terminus of the KER domain, which an unusually long -helix that 

binds DNA. The length of that helix, and the location of the PIP at its C-terminus are 

evolutionarily conserved from yeast to humans. Our results suggest that the long helix is part of a 

three-helix coiled-coil that may bind to the three monomers of a PCNA ring. We speculate that 

the very long DNA binding coiled-coil ending in PIPs may serve to coordinate DNA and PCNA 

binding by CAF-1. 

Materials and Methods 

Constructs for expression of mouse CAF-1 p150 in the rabbit reticulocyte lysate 

 A cDNA fragment for expression of wild-type mouse CAF-1 p150 was present between 

the NotI and BamHI/BglII sites of the pCITE-4a+ vector (Novagen) (Murzina et al., 1999). The 



 
70 

PIP sequences in human and mouse are identical: 421 - K A E I T R F F - 428 (mouse 

numbering). Using site-directed mutagenesis, the following PIP mutants were generated within 

the context of the full-length mouse p150 (CHAF1A) protein: pCITE4a p150 R426D (D is 

present at that position in several canonical PIPs), pCITE4a p150 R426S (S is present at that 

position in several canonical PIPs) and pCITE4a p150 R426L (a long aliphatic side chain that 

cannot form the cation-  interaction, but may nonetheless shelter within the hydrophobic surface 

of PCNA with which canonical PIPs interact). Wild-type CAF-1 p150 and PIP mutants were 

expressed, following the manufacturer’s instructions, in the rabbit reticulocyte lysate using the 

TNT quick system for coupled transcription and translation (L1170-Promega). The expressed 

proteins were labeled with [35S]-methionine and subsequently used for nucleosome assembly 

assays. 

Generation of lentiviral vectors for doxycycline-inducible expression of GFP CAF-1 p150 

 To study the localization of GFP CAF-1 p150 wild-type and mutants relative to that of 

PCNA, cDNAs encoding mouse p150 were cloned into a doxycycline-inducible lentiviral vector, 

the pCW-Cas9 plasmid encoding a TetON (minimal CMV) promoter (pCW-Cas9 Addgene 

plasmid 50661). The Cas9 insert was replaced by wild-type or mutant mouse CAF-1 p150 using 

the restriction enzymes NheI and BamHI. GFP-p150 wild-type and mutant fusion proteins were 

excised from EGFP-C1 vector (Clonetech) using Nhe1 and BamH1 restriction enzymes as 

previously reported (Rolef Ben-Shahar et al., 2009). Nhe1 and BamH1 digested fragments were 

run on 0.8% agarose gel and corresponding DNA bands: vector - pCW-Cas9 (7036 bp) and 

inserts - wild-type mp150, R426D (3983 bp) were gel purified using Qiagen DNA extraction 

spin prep columns. Purified DNAs were ligated using the Takara DNA ligase enzyme, following 

manufacturer's recommended protocol. Positive clones were selected on Luria-Bertani medium 
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containing 100 μg/ml ampicillin and after DNA isolation, the clones were verified by DNA 

sequencing.  

 

Cell culture and transfection 

 

 HEK-293T and NIH3T3 cells were cultured in Dulbecco’s modified Eagle medium 

(DMEM) with 10% foetal bovine serum without antibiotics. HEK-293T cells were used for co-

transfection of the lentiviral packaging plasmids and gene of interest plasmids for viral 

packaging whereas NIH3T3 cells were used for transduction of the individual viruses and 

subsequent immunofluorescence analysis. HEK-293T cells, seeded in 100 mm dishes at 80% 

confluency were transfected with psPAX2 and pMD2G along with plasmids expressing wild-

type and mutant mp150 using TransIT – Lenti transfection reagent (Mirus) as per the 

manufacturer’s recommendations. Lentiviral supernatants were harvested at 48 h and 72 h after 

transfection, filtered using a 0.45-micron filter to remove the cell debris, and used to transduce 

target NIH3T3 cells seeded on glass bottom 35 mm dishes coated with poly-l-lysine. Polybrene 

was added at a final concentration of 8 μg/ml to the viral supernatant to aid viral transduction. 

After 24 h of transduction, viral supernatant containing media was removed from NIH3T3 cells 

and fresh media containing doxycycline at a final concentration of 2 μg/ml was added to the 

cells. Turbo GFP was used as a positive control for monitoring transduction efficiency and the 

cells were verified mycoplasma free using Mycoalert mycoplasma detection kit (Lonza). 

 

 

 



 
72 

Immunofluorescence detection of DNA replication foci in S-phase cells 

 

NIH3T3 cells seeded on glass bottom 35 mm dishes were fixed with 2% 

paraformaldehyde in PBS at room temperature for 15 min. The cells were then treated with -

20ºC methanol to expose the PC10 epitope. The cells after fixation, were washed three times 

with 1X PBS containing 1% BSA. PC10 primary monoclonal antibody was added to the cells at 

1:80 dilution and incubated for 2 h at room temperature. Cells were again washed three times 

with 1X PBS containing 1% BSA to remove unbound primary antibody and incubated with 

secondary goat anti-mouse IgG antibody at 1:400 dilution for 2 h at room temperature. After 

three washes in 1X PBS containing -diamidino-2-phenylindole (DAPI) stain was 

added at 0.1 μg/ml to the cells and the images were acquired as a Z stack on Zeiss LSM 880, 

inverted confocal microscope using a plan apochromat 40x/1.4 NA oil immersion objective 

(scale bars=10 μm). The single images of the Z stacks were analysed and merged using the 

proprietary ZEN software from Zeiss. 

 

Expression and purification of GST-PIP fusion proteins in Escherichia coli                              

Wild- type p150 PIP WT and R426D peptides were constructed as GST-fusion proteins 

with a tyrosine at the C-terminus of the peptide. The C-terminal tyrosine was added to aid in 

peptide detection during the purification by measuring the absorbance at 280 nm. The DNA 

fragments encoding the GST fusion proteins were inserted into a pGEX-TEV vector, which is 

essentially a modified pGEX-2T vector where the thrombin cleavage site was replaced with a 

TEV cleavage site. The pGEX-TEV plasmid was digested with BamHI and EcoRI and ligated to 

DNA fragments encoding either the p150 PIP wild-type and R426D. The final plasmid sequence 
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is pGEX-TEV-GS-PIP-Y-STOP. The plasmids, pGEX-TEV-PIP wild type and pGEX-TEV-PIP 

R426D were confirmed by DNA sequencing and then expressed in Escherichia coli host strain 

TOPP2 (Stratagene) with 100 μg/ml ampicillin to saturation at 37°C. The next day, the saturated 

cells were diluted to 0.05 OD measured at A600 nm and the cells were grown at 37°C until the 

cells reach the mid-exponential phase of 0.6-0.8 at OD A600 nm. The cells were then induced 

with 1 mM isopropyl-D-thiogalactopyranoside (IPTG) for 4 h. 8 litres of cell culture were grown 

each for the wild-type and R426D mutant. The cells were then harvested by centrifugation in an 

Avanti J-26XP high-performance centrifuge from Beckman Coulter with a fixed angle rotor 

(JLA-8.1000) at 9000 x g for 30 min at 4°C. The pellet from 1 litre cells equivalent was lysed in 

10 ml of lysis buffer containing 20 mM Tris, pH 7.5, 1 M NaCl, 0.2 mM EDTA, 1 mM DTT, 50 

μg/ml lysozyme, 1 mM AEBSF and one tablet of cOmplete™ Mini EDTA-free Protease 

Inhibitor Cocktail Tablets (Roche). The cell pellet was sonicated in the lysis buffer on ice, at 

power output level 4 with 10 seconds pulse on and 30 seconds off at 6 watts using a Misonix 

3000 Ultrasonic cell disruptor and wider probe. The lysate was clarified by centrifugation for 30 

min in an Avanti J-26XP with a fixed angle rotor 25.50 at 30966 x g at 4°C.  The clarified 

supernatant was incubated on a nutator for 6 h at 4°C with 10 ml of glutathione-Sepharose 

(GSH) resin (Amersham) pre-washed and equilibrated with lysis buffer. After incubation the 

GSH resin was pelleted, the unbound supernatant was removed, and the resin was washed thrice 

with lysis buffer and twice with Tobacco Etch Virus (TEV) protease buffer (20 mM sodium 

phosphate, pH 6.5, 50 mM NaCl, 2 mM DTT). The peptide was cleaved from the GSH resin by 

incubating in the presence of TEV protease overnight at 4°C. The next day, the supernatant was 

harvested by centrifugation, and the GSH resin was washed twice with 20 mM sodium 

phosphate, pH 6.5 buffer. The fractions were run on a 15% polyacrylamide gel to track the 
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purification and TEV cleavage efficiency. The gel was stained with Coomassie brilliant blue G-

250 with 50% (v/v) methanol, 10% (v/v) glacial acetic acid and destained with distilled water 

with 0.1% (v/v) acetic acid. The supernatant after GSH purification and TEV cleavage contains 

the purified peptide, and this peptide was further purified to remove the TEV enzyme on an SP-

Sepharose (GE Healthcare) ion-exchange chromatography column. After elution from SP-

Sepharose columns, pure fractions of the peptide were dialyzed against 4 litres of water 

overnight using a 1 kDa MWCO dialysis membrane. The dialyzed pure peptide was further 

quantified, lyophilized, and stored at -80°C until used for ITC experiments. 

The protocol had to be modified to purify the mutant peptide of pGEX-TEV-PIP R426D. 

Even though the mutant protein was expressed at a similar level as the wild-type, the mutant 

peptide pGEX-TEV-PIP R426D after GSH purification did not bind efficiently to the SP-

Sepharose column. This problem was circumvented by modifying the protocol for pGEX-TEV-

PIP R426D by carrying out the TEV cleavage followed by performing an additional gel filtration 

step (gel filtration buffer 20 mM Tris, pH 7.5, 150 mM NaCl, 1 mM DTT) using HiLoad 26 /600 

Superdex™ 75 pg column instead of SP-sepharose ion exchange. The eluted peak fractions 

corresponding to pGEX-TEV-PIP R426D from gel filtration were pooled and lyophilized and 

stored at -80°C until used for ITC experiments. 

Expression and purification of p150L-His6 in Escherichia coli 

 A DNA fragment encoding human p150 residues 342-475 was cloned into the pET28a 

vector (kanamycin resistant) in-frame with a C-terminal 6-histidine tag. For p150L expression, 

this plasmid was transformed into Escherichia coli BL21(DE3) RIL cells (Stratagene). Single 
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colonies were inoculated and grown overnight to saturation at 37°C in 2X YT medium 

containing 50 μg/ml kanamycin. The next day, cells were diluted and grown to mid-exponential 

phase (A600nm = 0.6 - 0.8) at 37°C and protein expression was induced at 20°C with 0.5 mM 

isopropyl- -D-thiogalactopyranoside (IPTG) for 16 h.  

 After 16h, the cells were harvested in an Avanti J-26XP centrifuge from Beckman 

Coulter with a fixed angle rotor (JLA-8.1000) at 9000 x g for 30 min at 4°C. The pellets from 1 

litre of cell culture were resuspended in 50 ml of lysis buffer containing 50 mM sodium 

phosphate, pH 7.2, 2.5 M NaCl, 75 mM imidazole, 100 g/ml lysozyme, 1mM AEBSF, one 

tablet of cOmplete Mini EDTA-free Protease Inhibitor Cocktail (Roche) and 0.1 mM TCEP. The 

cells were lysed in a cold room on a nutator for 30 min, followed by sonication at power output 

level 4 with 10-second pulses on and 30-second off at 6 watts using a Misonix 3000 Ultrasonic 

cell disruptor and their wider probe. The lysate was clarified by centrifugation for 30 min in an 

Avanti J-26XP with a fixed angle rotor 25.50 at 30966 x g at 4°C.  The supernatant was 

incubated overnight at 4°C with nickel-nitrilotriacetic acid agarose beads (Qiagen) that were pre-

equilibrated in the lysis buffer. After incubation with the beads, the supernatant was removed 

after centrifugation and the beads were washed thrice in wash buffer containing 50 mM sodium 

phosphate, pH 7.2, 2.5 M NaCl, 75 mM imidazole, and 0.1 mM TCEP. The p150L-His6 protein 

was eluted with a buffer containing 50 mM sodium phosphate, pH 7.2, 2.5 M NaCl, 500 mM 

imidazole, and 0.1 mM TCEP. After elution, p150L-His6 was concentrated using a 3 kDa 

MWCO amicon concentrator. The presence of 2.5 M NaCl was to prevent the p150L-His6 

protein, which is rich in K/E/R residues, from co-purifying with non-specifically bound nucleic 

acids. After concentration, 500μl to 1ml of p150L-His6 protein was dialysed in a 7 kDa MWCO 
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Snakeskin dialysis membrane (Thermo Fisher Scientific) in 4 litres of dialysis buffer compatible 

with biophysics experiments for 3-4 h, repeated thrice. The protein was harvested the next day 

and the protein stored at -80°C until used. The concentration of p150L-His6 was estimated by 

measuring A205 (p150L is devoid of Trp or Tyr). 

 

 For NMR experiments, CAF-1 p150L-His6 was isotopically labeled by growing 

Escherichia coli in M9 minimal medium containing 15N-ammonium chloride (Sigma) 

and/or 13C-glucose (Sigma) as the sole nitrogen and carbon sources. A 10X 15N minimal medium 

(1L) was prepared by dissolving 130 g KH2PO4, 100 g K2HPO4, 90 g Na2HPO4, and 24 g 

K2SO4. The pH was adjusted to 7.2 with NaOH before adding 10 g of 15N-NH4Cl. The 200X 

trace elements stock solution (1L) was prepared by dissolving 60 g CaCl2.2H20, 60 g 

FeSO4.7H20, 115 g MnCl2.4H20, 0.8 g CoCl2.6H20, 0.7 g MnSO4.7H20, 0.3 g CuCl2.2H20, 0.02 g 

H3BO3, 0.25 g (NH4)6Mo7O24.4H20, 50 g EDTA.2NaCl in 750 ml H2O and once dissolved the 

volume was made up to 1L, which was sterilized through a 0.2micron filter. Regular glucose or 

13C glucose was made as  8% (w/v) 40X stock and filter sterilized. 25ml of this solution was 

used per litre of culture medium. 5g of yeast extract was dissolved in 50ml ddH20 (10% w/v 

final) and was autoclaved. To make the 1X (1L) minimal medium, 10X 15N solution was diluted 

with ddH20 and added with 25 ml 40X glucose, 5 ml 1M MgCl2 , 5 ml 200X trace elements, 100 

μl 10% (w/v) yeast extract, 1 ml of antibiotic (kanamycin ; 1000X stock was 50 mg/ml). The 

cells were grown as an overnight 50 mL primary culture, which was used to inoculate 1L of M9 

medium, and induction with IPTG was performed as mentioned above for the rich media.  
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Crystallography of PIP bound to PCNA 

 A CAF-1 p150 synthetic peptide with the sequence IKAEKAEITRFFQKPKTPQA (PIP 

residues are highlighted in bold italics) was synthesized at the University of Cambridge in-house 

protein and nucleic acid facility (PNAC). For use in crystallization trials, the synthetic peptide was 

dissolved in demineralized water to a concentration of 23 mM. Initial crystallization conditions were 

further refined and optimized with the help of the PACT suite (Qiagen) and Additive Screen 

(Hampton research) that contain multiple reagent libraries that enhance solubility and 

crystallization of biological macromolecules. Crystal yield was greatly improved under these 

conditions and we obtained crystals that exhibited flat surfaces and sharp edges indicating 

regular lattice plane formation. Well conditions were 0.1M MMT buffer pH 5, 22% ( v) PEG 

1,500, 1.0 M Guanidine hydrochloride. These crystals were subsequently used for diffraction 

studies. The diffraction data was collected by Dr Tomasso Moschetti and Dr Andrew Thompson 

at the Proxima 1 beamline of the SOLEIL synchrotron (Saint-Aubin, France). 

Human PCNA expression and purification for crystallography 

 pT7-hsPCNA plasmid (kindly donated by Prof. Malcolm Walkinshaw, University of 

Edinburgh) was introduced into chemically competent Escherichia coli strains, Overexpress C41 

(DE3) and Overexpress C43 (DE3) cells (Lucigen), which were grown overnight on selective 

 ampicillin. Transformed C43 (DE3) cells were grown in 3 ml 2X YT 

-cultures to OD600 > 0.6. These were added to 450 ml 2X YT (100 

, 250 rpm) until an OD at 600 

nm of 0.6-0.8. Cells were induced with 1 mM IPTG and incubated at 37°C for 3 h. Cells were 
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harvested by centrifugation (4000 x g, 30 min, 4°C) and resuspended in 45 ml Sepharose Buffer-

A (15.5 mM 1-methyl-piperazine, 15.5 mM Bis-Tris, 7.8 mM Tris-buffer, pH 8.5 containing 

Complete EDTA-free protease inhibitor cocktail (Roche). Cells were lysed by multiple passes 

through an Emulsiflex C5 instrument (Avestin), at variable pressure. Successful PCNA 

purification was achieved by manual correction of stroke pressure to < 750 kPsi. The lysate was 

clarified by centrifugation (48000 x g, 45 min, 4°C). The supernatant was applied to two 1 ml 

HiTrap Q FF (GE Healthcare) connected in series, pre-equilibrated in Buffer-A (15.5 mM 1-

methyl-piperazine, 15.5 mM Bis-Tris, 7.8 mM Tris-buffer, pH 8.5) on an ÄKTA Explorer 

chromatography system (GE Healthcare). After loading, the column was washed with 30 ml 20% 

Buffer-B (15.5 mM 1-methyl-piperazine, 15.5 mM Bis-Tris, 7.8 mM Tris-buffer, pH 8.5, 1M 

NaCl), followed by a 20 ml gradient 20-57% Buffer-B and a 10 ml gradient of 57-100% Buffer-

B. Relevant fractions (as judged by SDS-PAGE) were concentrated to 2.5 ml using a Vivaspin20 

centrifugal concentrator (GE Healthcare) before loading for buffer exchange on a PD-10 

Desalting Column (GE Life Sciences) pre-equilibrated in Buffer-C (5.1 mM Na2HPO4, 5.1 mM 

Sodium formate, 10.2 mM Sodium acetate, pH 5.5). Fractions were loaded onto a 5 ml HiTrap 

Heparin HP column (GE Healthcare) pre-equilibrated in Buffer-C. The column was washed with 

25 ml 15% Buffer-D (5.1 mM Na2HPO4, 5.1 mM Sodium formate, 10.2 mM Sodium acetate, pH 

5.5, 1M NaCl), followed by a 50 ml gradient of 15-100% Buffer-D. Relevant fractions were 

pooled and concentrated 

Healthcare) pre-equilibrated in Buffer-E (25 mM Tris-buffer, 25 mM NaCl, 0.5 mM EDTA, 10% 

glycerol, pH 7.5) at 1.5 ml/min. Relevant fractions were pooled and concentrated to ~10 mg/ml 

before use in crystallisation trials.  
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Expression and purification of wild-type and mutant PCNA-His6 proteins in Escherichia 

coli 

 PCNA-His6 wild-type and mutants were expressed and purified as previously reported 

(Rolef Ben-Shahar et al., 2009). In short, wild-type or mutant plasmids in pET23-C-His6-PCNA 

vectors were transformed and expressed in Codon Plus BL21(DE3) pLysS Escherichia coli 

(Stratagene) cells. Single colonies were inoculated and grown overnight in the Luria-Bertani 

medium containing 100 μg/ml ampicillin to saturation at 37°C. The next day the cells were 

diluted and grown to mid-exponential phase (0.6-0.8) at OD600 and the expression was induced 

with 1 mM isopropyl-D-thiogalactopyranoside (IPTG) for 4 h. PCNA mutants were transformed 

and expressed in a similar way.  

 Cells were spun in an Avanti J-26XP high performance centrifuge from Beckman Coulter  

with a fixed angle rotor (JLA-8.1000) at 9000  x g for 30 min at 4°C and the pellets from 1 litre 

of cell culture were resuspended in 50 ml of lysis buffer containing 50 mM sodium phosphate, 

pH 8.0, 150 mM NaCl, 10% glycerol, 20 mM imidazole, 0.02% nonidet P-40, 2 mM DTT. The 

cell pellet was sonicated at power output level 4 with 10 seconds pulse on and 30 seconds off at 

6 watts using a Misonix 3000 Ultrasonic cell disruptor and wider probe in the lysis buffer. The 

lysate was clarified by centrifugation for 30 min in an Avanti J-26XP with a fixed angle rotor 

25.50 at 30966 x g at 4°C.  The supernatant was incubated overnight at 4°C with pre-equilibrated 

nickel-nitrilotriacetic acid agarose beads (catalogue number - 30230, Qiagen) in the lysis buffer. 

After incubation, the beads were washed three times with wash buffer and PCNA-His6 wild-type 

or mutants were eluted with an elution buffer containing 500 mM imidazole. 
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 The eluate was subsequently purified with a Superdex™ 200 gel filtration column (GE 

Healthcare) in gel filtration buffer 20 mM Tris, pH 7.5, 150 mM NaCl, 1 mM DTT. The 

fractions corresponding to PCNA homotrimer were pooled, concentrated with an amicon 

concentrator with 3 kDa MWCO, quantified using absorbance at A280 nm, and stored at -80°C 

until used. 

Isothermal titration calorimetry (ITC) 

 Recombinant PCNA-His6, PCNA-Y250I-His6 mutant, and the PIP peptides (wild-type, 

R426D with a C-terminal tyrosine) were expressed and purified as described above. The proteins 

were dialyzed against three 4-litre changes of ITC buffer containing 10 mM sodium phosphate, 

pH 7.0, 10 mM NaCl at 4°C overnight. The concentrations of PCNA-His6 and PIP peptides were 

determined by measuring tyrosine absorption at 280nm. ITC titrations of peptides into PCNA 

were performed at 23°C in the ITC buffer (10 mM sodium phosphate, pH 7.0, 10 mM NaCl) 

using a MicroCal VP-ITC system. The concentrations of injected wild-type and mutant PIP in 

PCNA in the ITC sample cell varied, depending 

on the experiment  PCNA monomer. The protein and peptide samples were 

degassed before the ITC run. Data analysis was performed using the MicroCal Origin software 

and all experiments fit the single binding site model with nearly 1:1 stoichiometry of CAF-1 PIP 

to PCNA monomer.  
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Replication-dependent nucleosome assembly assays 

 Replication reactions were assembled as previously reported (Smith and Stillman, 1989; 

Smith and Stillman, 1991b). The chromatin assembly reactions contained a final concentration of 

40 mM Hepes-KOH, pH 7.5, 8 mM MgCl2, 0.5 mM dithiothreitol, 0.2 mM each of dTTP, dCTP, 

-32 P] dATP 

(3000 Ci/mmol; 10 μCi/μl), 40 mM creatine phosphate, 0.05 units/μl creatine phosphokinase, 

100 ng of pSV011+ origin containing plasmid, 25 ng/μl T-antigen (T antigen was a kind gift 

from Dr. Bruce Stillman at Cold Spring Harbor Laboratory), 0.75 units/μl Topoisomerase I, 0.16 

units/μl Topoisomerase II. 

 Each 12.5 μl reaction had purified full-length recombinant CAF-1 as a positive control 

for nucleosome assembly reaction. The experimental tubes contained in vitro translated [35S]- 

methionine labelled either with wild-type p150 or p150 R426D in increasing amounts. The 

replication reactions were incubated for 45 min at 37°C and further resumed for an additional 45 

min after the addition of 0.25 μl of 1 mg/ml purified H2A.H2B dimers. After incubation, the 

reaction was stopped by the addition of a stop solution containing 10 mM EDTA and 0.5% SDS. 

The reaction mixture was first digested with ribonuclease A (20 μg/ml) for 15 min at 37°C and 

then with 1 mg/ml of pronase for 1 h at 37°C.  

 The replicated DNA was extracted initially using phenol: chloroform: isoamyl alcohol 

(25: 24:1) and subsequently with sodium acetate and ethanol. The pellet was rinsed with 70% 

ethanol and dissolved in 15 μl of 1X TE buffer, pH 8.0 and mixed with 3 μl of 6X bromophenol 

blue sample buffer. The products of replication were analysed using a native 1.25% agarose gel 
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in 1 X TAE buffer with 1 mM Mgcl2, without the addition of ethidium bromide. After gel run, 

the gel was stained with ethidium bromide for 10 min, destained, and imaged. The ethidium 

bromide stained gel was fixed for 30 min in a fixation solution containing 10% acetic acid and 

10% methanol. The gel was rinsed once in water to remove the acid and dried using a gel dryer 

with Whatman filter papers and covered in saran wrap, without heat for 30 min followed by 

heating at 70°C for additional 30 min. After the gel was completely dry, it was transferred to an 

autoradiography cassette with an imaging plate for 1-2 days. The gel was subsequently imaged 

and analysed using a phosphor imager (Typhoon FLA 7000) to visualize the replicated DNA. 

Circular dichroism (CD)  

 Purified CAF-1 p150L protein was dialyzed overnight against 10 mM sodium phosphate 

buffer, pH 7.2, 10 mM NaCl, 0.1 mM TCEP. Due to the absence of tyrosine and tryptophan 

residues in the CAF-1 p150L protein, the protein concentration was measured after dialysis using 

a spectrophotometer at 205 nm (Anthis and Clore, 2013). The protein was used in the CD 

experiment at a final concentration of 4.68 M. Far-UV CD spectra were collected at room 

temperature using a 0.02 cm path length cuvette on a JASCO J810 CD spectropolarimeter. 

Effects of buffer were subtracted out by performing a control spectrum on the dialysis buffer 

alone. CD spectra were acquired with a data pitch of 0.5 nm over a range of 260 nm to 190 nm, 

with a 1-nm bandwidth, a scan speed of 20 nm/min, a response time of 4 seconds and 4 scans per 

spectrum. The cut-off voltage for the photo multiplier tube was 600V; we used the data below 

this range and avoided the region where the noise was too high. Relative ellipticity was 

converted to mean residue molar ellipticity according to published literature (Fasman, 1996).  
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Intrinsic tryptophan fluorescence spectroscopy 

 Fluorescence experiments were performed on an Agilent Cary Eclipse fluorimeter at 

room temperature. Buffer conditions were identical for all protein components (10 mM sodium 

phosphate, pH 7.2, 10 mM NaCl, 0.1 mM TCEP).  Samples were excited at 280 nm with a 5-nm 

bandwidth and the emission spectra between 295 nm and 420 nm were collected. Measurements 

were made for 5 M PCNA monomer (1 tryptophan residue), 20 M CAF-1 p150L (0 

tryptophan residue), and a complex containing 5 M PCNA monomer  and 20 M CAF-1 

p150L.  Both samples were extensively dialyzed against the same buffer and prepared from stock 

samples to ensure identical conditions.  

SEC-MALS 

 Size exclusion chromatography coupled to multi-angle light scattering (SEC-MALS) was 

used to determine the molecular mass and oligomerization status of CAF-1 p150L. Samples were 

injected onto a Superdex 200 Increase 10/300 GL column at 0.35 ml/min using an AKTAmicro 

(GE Healthcare). The running buffer contained 10 mM sodium phosphate, pH 7.2, 150 mM 

NaCl, 0.1 mM TCEP. Samples were passed through a Dawn HELEOS II MALS and OptiLab T-

rEX online refractive index detectors (Wyatt Technology) after calibration with the BSA 

monomer. Data were processed with ASTRA Version 6.1.6.5 (Wyatt Technology).  
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SEC-SAXS 

 SEC-SAXS data were collected using an ÄKTAmicro FPLC and a Superdex 200 

Increase 10/300 column (GE Healthcare), coupled inline to a BioXolver SAXS system (Xenocs) 

equipped with a MetalJet D2+ 70 kV X-ray source (Excillum) and a PILATUS3 R 300K detector 

(Dectris). Five hundred microliters of sample were injected into the SEC-SAXS system and the 

chromatography was developed at a flow rate of 0.05 ml/min. X-ray scattering images 

corresponding to 60 seconds of exposure were collected continuously at 20°C during the elution 

and an average scattering profile of all frames within the elution peak was calculated. Buffer 

scattering was then subtracted from the average scattering profile of the elution peak to yield the 

sample's scattering curve. 

Nuclear magnetic resonance 

 NMR experiments were carried out on a 600 MHz Bruker Avance III spectrometer 

equipped with a 5 mm QCIP cryoprobe with Z gradients. All experiments were carried out at 

293K. 2D 1H-15N BEST HSQC (Lescop et al., 2007) experiments were carried out using the 

sequences downloaded from the NMRlib suite (Favier and Brutscher, 2019) of pulse sequences. 

Selective shaped pulses were used to excite a 1H sweep width of 4.5 ppm, centred at 8.75 ppm, 

with a recycle delay of 0.2 s. 1H and 15N sweep widths were set to 8417.509 Hz (14 ppm) and 

1920.466 Hz (31.6 ppm) respectively, typically 240 t1 increments were acquired.  

NMR samples were prepared in 10 mM sodium phosphate buffer, pH 7.2, 10 mM NaCl, 90% 

H2O/10% D2O. Uniformly 15N labelled CAF-1 p150L and unlabelled PCNA were prepared in 
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identical buffers and added together from stock samples.  Final sample concentrations were at 50 

M for CAF-1 p150L and 400 M PCNA monomer. NMR spectra were processed with 

NMRpipe, a multidimensional spectral system based on UNIX pipes (Delaglio et al., 1995).  

Results 

 In order to better understand the molecular basis of CAF-1 binding to PCNA, we 

determined  the crystal structure of a complex between a synthetic peptide encompassing the 

p150 PIP and PCNA. The crystal structure was solved (Table 1 and Materials and Methods) 

using molecular replacement from a previously published PCNA structure (Kontopidis et al., 

2005). PCNA samples were incubated with a 20-amino acid PCNA interaction peptide (PIP) 

derived from CAF-1 p150. The PIP used for crystallization, IKAEKAEITRFFQKPKTPQA (PIP 

residues in italics), spanned the entire PIP region.  

 The crystal structure revealed that there were two PCNA homotrimers per asymmetric 

unit (Figure 2A). Electron density that could not be accounted for by molecular replacement 

arose from PIPs bound to each monomer in the asymmetric unit. The initial Rwork and Rfree values 

were considerably reduced by modelling in three residues, RFF, of the PIP used for 

crystallization: IKAEKAEITRFFQKPKTPQA (PIP residues for which electron density was 

attributed shown in bold italics). To assess the quality of the model, an Fo - Fc difference density 

map was generated (Figure 2B). The map was calculated by omitting the peptide and showed 

that the modelled RFF was consistent with the electron density unaccounted for by that of PCNA 

alone. The peptide model was therefore sufficiently accurate to account for the diffraction data.  
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Structure of CAF-1 p150 PIP bound to PCNA 

 Our model was consistent with the following general orientation of the PIPs relative to 

PCNA (Figure 2A). As expected from previous structures of PIPs bound to PCNA, there was one 

CAF-1 p150 PIP bound to each PCNA monomer. As is for many other PIPs (canonical and non-

canonical), the CAF-1 p150 PIPs were bound between the interdomain connector loop (IDCL) 

and the underlying -sheet (Figure 2A). An enlarged view of how the p150 PIP is bound to 

PCNA is illustrated in Figure 2B. The side chains of the arginine and phenylalanine residues of 

RFF were oriented towards PCNA and occupied a surface of PCNA that was essentially the 

same as that observed in structures of other PCNA-binding peptides. The arginine and first 

phenylalanine of RFF resided within a hydrophobic pocket on the surface of PCNA, while the 

second phenylalanine is contacting the edge of the hydrophobic pocket and is, therefore, less 

sheltered from solvent (Figure 2C). Given the hydrophilic nature of the arginine side chain, its 

insertion within a hydrophobic pocket was unanticipated. However, an inspection of PCNA 

residues in close proximity to the arginine side chain suggested that the CAF-1 p150 arginine 

participated in a cation- with the electron density on the tyrosine ring of PCNA 

Tyr250 (Figure 3A). Figure 3B shows other residues that contribute to the hydrophobic 

environment in which the arginine side chain is anchored by the cation- eraction.   

Structure-based mutagenesis of CAF-1 p150 

 Given the 20-residue peptide that was used for crystallization, and the 8-residue length of 

most PIPs, the fact that only three residues (RFF) of the CAF-1 PIP were identified in the crystal 

structure was not anticipated. The RFF peptide binds to the same surface of PCNA as canonical 

and non-canonical PIPs.  However, the orientation of RFF in the PCNA-bound form is different 
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from those of the PIPs of p21, FEN1, p66 subunit of Pol , and the error-prone DNA polymerase 

 [non-canonical PIP] (Figure  3C and 3D).  

 These two phenylalanine residues of RFF were previously shown to be essential for 

PCNA binding and the nucleosome assembly activity of intact CAF-1 p150 (Rolef Ben-Shahar et 

al., 2009). The novel feature is the arginine, which is not conserved in the PIPs of other PCNA-

binding proteins, but seemingly plays an important role in the CAF-1 p150 PIP. In fact, the 

structures of other PIPs bound to PCNA show that the residues corresponding to the arginine of 

CAF-1 p150 never contact PCNA. Furthermore, an arginine or a lysine is conserved in that 

position among CAF-1 p150 homologs from numerous species whose common ancestors lived at 

least 736 million years ago (Figure 1B). We therefore focused our attention on the arginine 

residue of CAF-1 p150 involved in a cation- , which is unprecedented 

among PCNA-binding proteins.  

CAF-1 PIP binding to PCNA requires Arg426 of mouse p150 

 We mutated Arg426 of mouse p150 (equivalent to Arg447 in human p150) into either an 

Asp or Ser. The rationale behind selecting those two residues is that proteins with canonical PIPs 

often contain an Asp or a Ser at the position occupied by the Arg in CAF-1 p150 (Figure 1B). In 

addition, neither Ser nor Asp can participate in the cation-   

 The wild-type and R426D peptides were expressed as GST fusions in Escherichia coli, 

purified to homogeneity (see Materials and Methods) and used in binding assays with human 

PCNA purified from Escherichia coli. When calorimetry experiments were performed in 10 mM 

sodium phosphate, pH 7.0, and 10 mM NaCl, we observed binding between the wild-type CAF-1 
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PIP and PCNA with a Kd  
app  

monomer (Figure 4A and Table 2). In contrast, we did not observe any heat exchange when we 

used the CAF-1 PIP R426D mutant (Figure 4A and Table 2). This suggests that the R426D 

mutation severely abrogates binding to PCNA. This interpretation is consistent with several other 

lines of evidence described below. We mutated the tyrosine involved in the cation-  interaction 

with CAF-1 p150 Arg426. The resulting mutant, PCNA-Y250I-His6 was expressed in and 

purified from Escherichia coli. Based on size exclusion chromatography, there was no evidence 

of aggregation that might suggest inappropriate folding of PCNA-Y250I-His6. The wild-type 

PIP was titrated into PCNA-Y250I-His6, but there was no detectable heat exchange. Taken 

together, the results obtained with the PIP R426D mutant and the PCNA-Y250I were consistent 

with the cation-  interaction observed in the crystal structure.   

Arginine 426 is important for CAF-1 p150 targeting to DNA replication foci that contain 

PCNA 

 We determined if the wild-type CAF-1 p150 and the R426D mutant localize to 

replication foci containing PCNA. Previous research from several laboratories has documented 

stereotypical patterns of PCNA foci that are characteristic of the different stages of S-phase 

(Liberti et al., 2011; O'Keefe et al., 1992)  (Casas-Delucchi and Cardoso, 2011). 

 Cells in early S-phase show numerous small PCNA foci distributed throughout the 

nucleus. These foci can be resolved from each other using super-resolution microscopy, but are 

difficult to resolve from each other by confocal microscopy (Casas-Delucchi and Cardoso, 

2011). This makes protein localization to early S-phase PCNA foci difficult to assess using 

conventional tools for microscopy. Mid S-phase is the stage when perinuclear and perinucleolar 
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chromatin are replicated. The corresponding PCNA foci are relatively large and distant from 

each other, which makes co-localization of a protein of interest with PCNA straightforward. Late 

S-phase is the stage when pericentric heterochromatin replicates. In mouse cells, this stage shows 

striking patterns of large and well-resolved PCNA foci but, because CAF-1 contains both a PIP 

and a PXVXL motif for binding to Heterochromatin Protein 1 [HP1] (Murzina et al., 1999; Thiru 

et al., 2004), CAF-1 p150 localization to late S-phase PCNA foci persists even if the PIP is 

mutated because p150 retains the ability to bind to HP1 (Rolef  Ben-Shahar et al., 2009). 

Because of these constraints, we focused our attention on cells with patterns of PCNA foci 

characteristic of mid S-phase. As reported in previous studies (Krude, 1995a; Shibahara and 

Stillman, 1999), we obtained a distinct immunostaining pattern for PCNA with the monoclonal 

antibody PC10. During mid S-phase, staining of PCNA with that antibody occurred within foci 

located around the periphery of the nuclear envelope (Figure 4B, top panel, PC10). However, 

these cells also showed numerous PCNA foci around the periphery of nucleoli as well as many 

small foci within the interior of the nucleus (Figure 4B, top panel, PC10). Asynchronously 

proliferating mouse NIH 3T3 cells were transduced with lentiviral vectors, and expression of 

wild-type and mutant forms GFP-p150 was induced with doxycycline. Cells were fixed and 

permeabilized for PCNA detection with the PC10 monoclonal antibody. Mid-S phase cells were 

identified based upon their stereotypical pattern of PCNA staining at the nuclear periphery.  In 

this subset of S-phase cells, GFP-p150 co-localized with most, and perhaps all the PCNA foci 

located at the nuclear periphery (Figure 4B, upper panel). In mid S-phase cells, wild-type GFP-

p150 was not present in the large foci of heterochromatin that can be detected by DAPI staining 

of mouse cells. In striking contrast, GFP-p150 R426D did not co-localize with PCNA foci at the 

nuclear periphery and was anomalously found in large amounts within the nuclear interior and 
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the large heterochromatic foci  (Figure 4B, lower panel). This is consistent with previous 

observations (Rolef Ben-Shahar et al., 2009) that, when CAF-1 is unable to bind to PCNA, it is 

prematurely associated with pericentric heterochromatin in early and mid S-phase.  

Arginine 426 is important for DNA replication-dependent nucleosome assembly 

 

 We next sought to compare the activities of CAF-1 p150 wild-type, and the R426D 

mutant in a replication coupled chromatin assembly assay (Kaufman et al., 1995; Smith and 

Stillman, 1991a; Smith and Stillman, 1991b). As a first step to perform this assay, we expressed 

CAF-1 p150 wild-type and the R426D mutant in a rabbit reticulocyte lysate coupled 

transcription and translation system and labelled the proteins with [35S]-methionine. The wild-

type and R426D mutant proteins were present at comparable levels (Figure 4C, left panel). In the 

replication coupled chromatin assembly system, an S100 extract from human HEK-293T cells 

provides all the DNA replication enzymes and histones but lacks CAF-1 p150 (Smith and 

Stillman, 1989). To this extract, a plasmid containing an SV40 origin of replication, and the 

SV40 large T antigen, were added to initiate DNA replication. Radiolabelled dATP was also 

added to visualize the replication products by autoradiography. 

 

 In the absence of nucleosome assembly, the plasmid is replicated and radiolabelled, but 

the products of replication are topologically relaxed naked DNA molecules. In contrast, when the 

recombinant CAF1 protein (p150, p60, p48) or the p150 subunit alone is added, they bind to 

histones in the S100 extract and promote nucleosome assembly coupled with DNA replication. 

DNA topoisomerase enzyme I, which is present in the S100 extract and supplemented as well, 

removes the positive supercoiling in the linker DNA that connects nucleosomes, but not the 
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negative supercoiling of DNA wrapped around the surface of histone octamers. Thus, efficient 

nucleosome assembly in the presence of CAF-1 results in the formation of plasmid DNA that is 

replicated (hence radiolabeled) and negatively supercoiled, thus highlighting the interdependency 

of chromatin assembly, plasmid supercoiling and DNA replication. 

 

 Equal amounts of CAF-1 p150 wild-type and R426D mutant were added to the chromatin 

assembly assay system. After the replication and chromatin assembly reactions were completed, 

the DNA was purified and run through an agarose gel. The gel was stained with ethidium 

bromide to visualize the total DNA, and subsequently dried down and subjected to 

autoradiography to specifically look at the replicated DNA. Our results indicate that in the 

absence of recombinant CAF-1, the replicated DNA was not extensively supercoiled (Figure 4C 

rightmost panel, lane 1). However, when recombinant CAF-1 was added, the replicated DNA 

was supercoiled (Figure 4C rightmost panel, lane 2), indicative of nucleosome assembly. 

Similarly, when increasing amounts of the in vitro translated wild-type CAF-1 p150 were added, 

the replication products were supercoiled (Figure 4C, rightmost panel, lanes 3-5). In striking 

contrast, when increasing amounts of the R426D mutant were added, no supercoiling was 

observed (Figure 4C, rightmost panel, lanes 6-8). Therefore, we concluded that this mutant was 

defective in nucleosome assembly. Due to the presence of some residual CAF-1 activity present 

in the S100 extract, we also observed a small amount of supercoiling in the negative control 

(Figure 4C rightmost panel, lane 1) and to a similar degree in the other lanes. 
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A predicted long -helix of CAF-1 p150 abruptly ends with the PIP 

 Earlier studies have shown that the KER domain of p150 was essential for nucleosome 

assembly by CAF-1 (Kaufman et al., 1995).  However, it was not clear how the KER domain, 

named because of its high content in lysine, glutamic acid and arginine residues, exerted its role 

in CAF-1-mediated nucleosome assembly. We were interested in domains adjacent to the CAF-1 

p150 PIP that might modulate its affinity for PCNA. Much to our surprise, several secondary 

structure algorithms predict the presence of a very long -helix  that included the KER domain. 

The prediction for human CAF-1 p150 was for a 119-residue helix (Figure 5, from Thr330 to 

Phe448). At 3.6 residues per turn, this would represent a 33-turn -helix. We applied the 

secondary structure prediction algorithms to p150 homologues from several species ranging from 

yeast to humans. We made two striking observations. First, despite species-specific variations in 

the length of the helix (100 - 120 amino acids; Supplementary Figure 1), a very long -helix was 

predicted in each species.  Second, it was most striking that in every species the long -helix was 

predicted to terminate after the first aromatic residue of the PIP (Phe448 in Figure 5 and Figure 

1B, CAF-1 p150 PIPs). In other words, in each species seven of the eight residues that constitute 

the PIP were predicted to be part of the helix. In many, but not all species, the C-terminal end of 

the predicted helix was dictated by the presence of an helix breaking proline a few residues after 

the PIP (Pro452 in Figure 5).   

 

 We decided to address this surprising prediction. To this end, we expressed CAF-1 p150 

fragments that contained the long -helix and the PIP in Escherichia coli, and studied their 

biochemical and biophysical properties. We performed our experiments with a fragment from 

human p150 (Figure 5, residues 342 - 474, ERL...FEIK) that was highly expressed as a His6-
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tagged fusion protein. This fragment is hereafter referred to as CAF-1 p150L. The p150L-His6 

protein was soluble and showed no sign of forming aggregates based on size exclusion 

chromatography. 

 

CAF-1 p150L is highly helical 

 The first question we sought to answer was whether the purified p150L-His6 protein is in 

fact an -helix, as predicted by secondary structure algorithms. We used circular dichroism (CD) 

to answer this question. When we analyzed p150L by CD, the spectrum clearly showed the 

features typical of a protein that mostly consists of -helices (Figure 6A, upper panel), 

specifically the strong negative ellipticity at 222 nm and 208 nm. 

 

CAF-1 p150L forms oligomers  

 Panne and colleagues (Sauer et al., 2017) showed that the KER domain of S. cerevisiae 

Cac1 (the yeast homologue of human p150) is in fact the most important DNA binding domain 

of the CAF-1 protein. They also observed that the KER domain was predicted to form coiled-

coil, which are bundles of two to seven -helices coiled around each other (Rose and Meier, 

2004) ; (Cohen and Parry, 1990; Lupas et al., 1991). -helices that form short coiled-coils (30-40 

residues) are relatively common in eukaryotic transcription factors that form domains known 

leucine zippers (Newman and Keating, 2003). But proteins that form long coiled-coil domains 

have thus far only been identified in cytoskeletal motor protein families such as myosin, kinesin, 

and dynein (Kato et al., 2018; Taniguchi et al., 2010). Most of these proteins contain a repetitive 

pattern of seven amino acids (heptad) that function to bury their hydrophobic surfaces between 

hydrophilic amino acids. This motif is not present in the CAF-1 p150 KER domain. Nonetheless, 
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we felt it necessary to investigate the possibility that p150L-His6 might form oligomers by size 

exclusion chromatography coupled with multiple angle light scattering (SEC - MALS).  

 

So, we asked if p150L could indeed form higher oligomers such as coiled coils. We decided to 

answer this using another biophysical tool that combined the power of traditional size exclusion 

chromatography (SEC) coupled to a multi-angle light scattering (MALS) detector. SEC-MALS 

is a powerful technique known for absolute characterization of molar mass, size, and 

conformation of biomolecules.  

 

 We observed two peaks of p150L-His6 that were well-resolved by SEC. A very 

prominent first peak that eluted approximately between 12 and 12.5 ml and a much smaller peak 

that eluted between 14 and 14.5 ml (Figure 6B, blue trace, peaks 1 and 2). Based on the MALS 

detector, peaks 1 and 2 had molar masses of 44kDa and 29kDa, respectively, corresponding to 

trimers and dimers of p150L-His6 (Figure 6B, blue trace and Figure 6C). The trimeric form was 

clearly the most prevalent form (Figure 6B, blue trace).  

 

 The elution profile of CAF-1 p150L-His6 was different from that of a typical globular 

protein. For instance, the elution profile of BSA (Figure 6B, red) showed two peaks, peak 1 

eluted between 11.5 and 12.5 ml had a molar mass of 134 kDa, corresponding to a dimer of 

BSA, and peak 2 eluted between 13.5 and 14.25 ml corresponded to a monomeric molar mass of 

67 kDa. In general, during SEC larger proteins elute first from the column, and smaller proteins 

elute later. However, we found out that the trimeric form of CAF-1 p150L-His6 (44 kDa) eluted 
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before monomeric BSA (67 kDa), despite having a smaller size (Figure 6B). This suggests that 

p150L-His6 adopts a non-globular shape.  

 

CAF-1 p150L adopts an elongated rod-like structure  

 Based on the anomalous elution of p150L-His6 during SEC, we were curious to find out 

the overall shape of p150L. For that purpose, we used size exclusion chromatography coupled to 

small-angle X-ray scattering (SEC-SAXS) to determine its approximate shape.  

 

 Small-angle X-ray scattering (SAXS) measures the intensities of X-rays scattered by a 

sample. The scattering angle thus provides low resolution information on the shape, assembly, 

and conformation of the analyzed protein. The raw SAXS data corresponding to the intensity of 

p150L elution peak is shown in Figure 7A and 7B.  An average scattering profile of all frames 

within the SEC elution peak was calculated. Next, the particle distribution function P(r) curve 

was obtained after raw data processing using the pair distribution function GNOM (Figure 7C). 

This P(r) curve gives information about the shape of the sample by comparing the experimental 

curve with different standard shapes (Figure 7D ; adapted from (Mertens and Svergun, 2010). 

Based on this, the P(r) curve of the p150L-His6 protein (Figure 7C) is most similar to that of an 

oblong rod-shaped protein (cyan in Figure 7D). 

 

 Consistent with this, dummy atom modeling of our SAXS results (Figure 7E) suggests 

that the protein adopts an elongated form with a shape related to that of "beads on a string", with 

5 or 6 spherical beads, each with a diameter of 20 - 25 Å. This would roughly amount to 4-5 -

helical turns per "bead" (pitch of an alpha helix is ~5.4 Å), or 13-16 residues (3.6 residues per -
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helical turn), considering that the secondary structure is mostly -helical in nature which is 

consistent with the CD data (Figure 6A). The overall length of the particle (D max) is in the 150-

160 Å range (Rg ~45-50 Å). Based on the beads (dummy atoms) model, the beads-on-a-string 

model of p150L adopts a slightly screw-like twisted shape as shown in the surface representation 

(Figure 7E). The fit of the dummy atom model to the experimental data is shown in (Figure 7F). 

 

CAF-1 p150L may bind directly to PCNA 

 Secondary structure prediction algorithms included the PIP residues observed in the 

crystal structure, except the last aromatic residue of RFF, within the last turn of the predicted 

long helix. Given this, it was far from clear that p150L would bind PCNA when held in an -

helical conformation and/or when part of a three-membered coiled-coil. We attempted to 

determine whether p150L-His6 bound directly to PCNA by performing nuclear magnetic 

resonance (NMR) and fluorescence quenching experiments.  

 

 The appearance of the 1H-15N BEST HSQC for 15N-labelled p150L alone (Figure 8A) 

suggested that p150L-His6 was not a well-folded, globular protein with a distinct three-

dimensional structure. This did not come as a surprise because p150L is devoid of Trp or Tyr 

residue. The visible peaks are heterogenous, poorly dispersed, and reduced in number (we should 

see ~ 139 peaks for a well-folded p150L protein). Overall, the spectrum agrees with SEC and 

SAXS data, with broad and non-visible peaks likely a consequence of multiple conformations on 

the intermediate timescale, although further analysis is required to confirm this. The PCNA-His6 

homo-trimer (88.7 kDa) is a relatively large protein from an NMR standpoint. PCNA-His6 is 

sufficiently large that it tumbles slowly in solution which, in turn, results in very few NMR peaks 
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being detected (Figure 8B ; PCNA-His6 alone). When we mixed CAF-1 p150L-His6 with 

PCNA-His6, some of the well-resolved peaks corresponding to CAF-1 p150L disappeared or 

were significantly shifted, which is observed clearly from the overlay of CAF-1 p150L in the 

presence or absence of PCNA in 2.5-fold molar excess PCNA monomer : p150L (Figure 8C). 

This is consistent with CAF-1 p150L binding to a PCNA, thus generating a complex (minimal 

size of p150L-His6 + PCNA-His6 homotrimer = 107 kDa) with slow tumbling time, which 

results in a loss of signal. The strong visible peaks, many of which undergo chemical shift 

perturbations, are most likely in regions of p150L-His6 that are unfolded.  

 

 To test the hypothesis that there is an interaction between p150L and PCNA more 

rigorously, we performed a complementary experiment, namely fluorescence quenching, which 

exploits the inherent absence of tryptophan residues in CAF-1 p150L-His6 and the presence of 

only one Trp per PCNA-His6 monomer. The intrinsic fluorescence of the PCNA-His6 signal is 

shown in the absence or presence of a 4-fold molar of excess of p150L over PCNA monomer 

(Figure 9A, red and black traces respectively).  As expected, the emission spectrum of CAF-1 

p150L-His6 alone is very small due to the absence of tryptophan residue (blue trace ; Figure 

9A). Clearly, the addition of CAF-1 p150L-His6 to PCNA quenched a small portion of the 

tryptophan signal derived from PCNA-His6, which is consistent with complex formation (Figure 

9A). Using PyMOL and our PIP-PCNA structure, we measured the distance between tryptophan 

28 (W28) in Homo sapiens PCNA and the aromatic residues (the two phenylalanines of the RFF 

sequence of the PIP) was approximately 20-23 Å. The distance between tryptophan 28 (W28) of 

PCNA and tyrosine 250 (Y250, the residue involved in the cation-  interaction with the PIP Arg 

residue) of PCNA was around 18 Å. We also found out that in the 3D protein structure of PCNA,  
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tryptophan 28 lies in the vicinity of the inter-domain connecting loop (IDCL), where the PIP was 

shown to bind to PCNA in the crystal structure with the 3 residues RFF (Figure 9B). All these 

distances are consistent with the possibility that the fluorescence quenching reflects genuine 

binding of p150L-His6 to PCNA-His6. However, the fact that only a small portion of the PCNA-

derived fluorescence emission was quenched upon addition of a four-fold molar excess of 

p150L-His6 may suggest weak binding. Although the NMR and fluorescence quenching 

experiments suggest that p150L directly binds to PCNA, further experiments are needed to 

address this issue and determine the binding affinity.  

 

Discussion  

 In this manuscript, we showed that the PIP of CAF-1 binds to PCNA in a manner that is 

unprecedented among the numerous structures of PIPs bound to PCNA. The non-canonical PIP 

of CAF-1 p150 binds to PCNA in a manner that is unprecedented among other PCNA-binding 

proteins.  Among other features, the positive charge of Arg 426 is involved in forming a cation-

interaction with the electron density on the side chain of PCNA Tyr 250 (Figure 2 and 3). 

Arg426 is not conserved among other PCNA-binding proteins and, consequently, the cation-  

interaction can, thus far, only be formed by CAF-1 homologues from a number of species, but 

not S. cerevisiae or S. pombe (Figure 1B). Consistent with this interaction being physiologically 

relevant, the arginine involved in the cation-  is required for PIP binding to PCNA 

and for DNA replication coupled nucleosome assembly in vitro (Figure 4A and Figure 4C). In 

vivo, Arg426 was needed for targeting CAF-1 p150 to PCNA-containing DNA replication foci 

during mid S-phase (Figure 4B).  



 
99 

  Within the context of the full-length p150 protein, the CAF-1 PIP occurred within the C-

terminal turn of a very long -helix (100 - 120 residues depending on species) that encompasses 

the entire KER domain (Figure 5 and 6A), which is one of two DNA-binding domains within 

CAF-1 p150. In solution, the long -helix that spans the KER domain and PIP forms oligomers, 

mainly trimers (Figure 6B), and adopts an oblong shape (Figure 7), likely a 3-helix bundle that 

forms a structure similar to that of coiled-coils. Despite its presence at the end of a long -helix 

that forms a higher-order oligomeric structure, we provided preliminary evidence suggesting that 

juxtaposition of the KER domain and the PIP is not an irremediable obstacle to PCNA binding 

(Figure 8 and 9). 

Is there a PCNA ring dedicated to nucleosome assembly? 

 One argument that is often invoked to explain how functionally distinct enzymes (e.g. Pol 

, FEN1 and DNA ligase during lagging strand synthesis) might exert their activities by binding 

to the same PCNA ring is the sequential binding and dissociation of each enzyme. This is often 

invoked in cases where the binding of one or more of the enzymes is mutually exclusive because 

of steric hindrance. This is the case, for instance, for Pol  and DNA ligase I whose binding to 

PCNA occludes the entire front face of the homo-trimer (Khandagale et al., 2020; Pascal et al., 

2004). However, we feel that sequential binding and dissociation of each enzyme is not a viable 

model for two reasons. This is best illustrated with the roles of Pol , FEN1 and DNA ligase I in 

lagging strand synthesis. The first argument is that any need for Pol to dissociate from a single 

PCNA ring, in order to allow access to FEN1 and DNA ligase I, simply defeats the role of PCNA 

as a processivity factor for Pol . A distributive (binding and dissociation) model for access to 
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PCNA implies that the affinities of each enzyme for PCNA are sufficiently different to ensure 

that the enzymes act according to a specific sequence (e.g. Pol must gain access to PCNA 

first). This model is flawed for an obvious reason. Assuming that Pol has the highest affinity 

for PCNA, there is no obvious means to prevent it from competing with the enzymes that need to 

act on DNA synthesized by Pol , namely FEN1 and DNA ligase I.  

 

 A more plausible, but unproven solution than the "binding and dissociation" model is the 

"multiple functionally dedicated rings" model. In this case, multiple PCNA rings are loaded 

sequentially by RF-C and, in the simplest of cases, each PCNA ring becomes functionally 

specialized by associating with a unique enzyme according to a specific sequence (e.g. Pol  

first, then FEN1 and DNA ligase I last). Once the appropriate enzyme has bound to the first ring 

(e.g. Pol ), functionally dedicating that PCNA ring to DNA synthesis could involve several 

mechanisms (e.g. ring-specific modifications of PCNA and/or the PCNA-binding enzyme) but, 

in many circumstances, may involve steric occlusion of that PCNA ring from functionally 

unrelated PCNA-binding enzymes. This is clearly the case for both Pol  and DNA ligase I 

because their binding to PCNA completely occludes the front face of PCNA to which 

functionally different PCNA-binding enzymes might otherwise have access to (Khandagale et 

al., 2020; Pascal et al., 2004).  

 

 Our data shows that the long KER -helix is in fact a three-helix bundle. Our SEC-

MALS and SEC-SAXS data are consistent with the possibility that the three-helix bundle adopts 

an oblong coiled-coil arrangement. Further work is needed to validate that the three-helix coiled-
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coil directly binds PCNA and determine its binding affinity and stoichiometry, which can be 

determined by isothermal calorimetry. Assuming that the three-helix coiled-coil binds to the 

PCNA homo-trimer with a 1:1 stoichiometry (1 KER -helix : 1 PCNA monomer), this may 

provide a mechanism to dedicate a PCNA ring to CAF1-mediated deposition of H3-H4 onto 

DNA. We note however that, in order for the three PIPs to simultaneously engage each PCNA 

monomer, one would likely require splaying of the C-terminal end of the coiled-coil over a 

sufficiently long distance to enable the three PIPs to reach the PIP-binding surfaces in the three 

monomers.   

 It is noteworthy that none of the other canonical DNA replication proteins that we looked 

at, including p21, FEN1, DNMT1, and DNA ligase I, exhibit the presence of long alpha helices 

that terminate in their PIPs. (Supplemental Figure 2). Similarly, the error-prone DNA 

polymerases Pol kappa and Pol iota, which contain non-canonical PIPs, also lack a long a-helix 

that terminates in their PIPs (Supplemental Figure 3). Thus far, the structure that we identified in 

CAF-1 p150 is unique, which might have functional significance for regulating CAF-1 binding 

to DNA and PCNA and, ultimately, chromatin assembly. 

Is the long -helix of CAF-1 p150 acting as a DNA binder, a DNA bender, or a DNA ruler?  

 In many species ranging from yeast to humans, the KER domain is predicted to form an 

unusually long -helix of CAF-1 p150 and these secondary structure predictions were borne out 

by our circular dichroism experiments with the human p150L protein. A striking feature of the 

predictions is that, regardless of the species, the long -helix always ends with the first aromatic 

residue of the CAF-1 p150 PIP. Because the KER domain of S. cerevisiae Cac1 (the orthologue 

of human p150) has been firmly established as one of the two DNA binding domains of budding 

yeast CAF-1 (Sauer et al., 2017), the juxtaposition of the KER DNA-binding domain and the PIP 
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within the same -helix suggests that DNA and PCNA binding are coordinated. Why might that 

be the case?   

 The first possibility is that this may be part of a mechanism to ensure that the nascent 

DNA immediately behind PCNA is free of protein impediments that might interfere with the 

formation of (H3-H4)2 tetramers onto nascent DNA. In this scenario, the KER -helix would 

merely serve as a DNA binder that is present immediately behind the PCNA ring to which CAF-

1 is associated, which itself must act close to the point where nascent DNA emerges from the 

replicative polymerases (Smith and Whitehouse, 2012; Yu et al., 2014). Robust DNA binding by 

the KER -helix would occlude the freshly synthesized DNA from irrelevant DNA-binding 

proteins and keep the DNA substrate pristine for deposition of H3-H4 by CAF-1 .     

 The second possibility stems from the fact that 147bp of DNA have to be wrapped into 

1.65 left-handed superhelical turns around histone octamers to form nucleosome core particles 

(Davey et al., 2002). It turns out that B-form DNA is one of the stiffest known polymers and its 

persistence length, the length below which a polymer is essentially a rigid rod, is 150bp in 0.1M 

NaCl. This is a lot longer than the 73bp needed to accommodate the first intermediate in 

nucleosome assembly, namely the deposition of the (H3-H4)2 tetramer onto nascent DNA (Dong 

and van Holde, 1991). The rigidity of DNA against bending stems from electrostatic repulsion 

among the phosphate groups that necessarily have to come in close proximity as a result of DNA 

bending. It therefore stands to reason that charge neutralization of the phosphate groups on side 

of the double helix by a DNA binding protein facilitates deformation (bending) of the DNA 

double helix. Given this, it seems possible that the function of the KER -helix may be to 

prepare the nascent DNA for H3-H4 deposition by bending the DNA substrate. 
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 Several lines of evidence argue that new (H3-H4)2 tetramers are assembled from two 

CAF-1 complexes that each bind to an H3-H4 dimer (Sauer et al., 2017). A sufficient length of 

nascent DNA must be available before CAF-1 deposits two H3-H4 dimers onto DNA to form 

(H3-H4)2 tetramers. One can readily calculate the maximal length of DNA that can be covered 

by the KER -helix, namely 119 residues of a prototypical Corey-Pauling -helix (3.6 

residues/turn;  5.4 Å/turn for the pitch of the helix). This adds up to 178 Å, which is equivalent to 

approximately 52bp of B-form DNA (3.4 Å/bp). Fifty-two base pairs is too short to 

accommodate the 73bp needed to assemble (H3-H4)2 tetramers onto DNA. However, because 

two CAF-1 complexes are needed to assemble (H3-H4)2 tetramers, the maximal amount of DNA 

contacted by two KER -helices would be 104bp (2 x 52bp), which is sufficient to accommodate 

a single (H3-H4)2 tetramer onto nascent DNA. In this scenario the KER -helices of two CAF-1 

complexes would act in a concerted fashion and serve as "DNA rulers" to ensure that H3-H4 are 

not deposited onto DNA before a sufficient length of freshly synthesized DNA has emerged from 

the replisome to accommodate the formation of (H3-H4)2 tetramers. This DNA ruler function of 

the KER -helices is not mutually exclusive with the aforementioned DNA binder and DNA 

bender functions. Lastly, we note that, the fact that the KER DNA-binding domain and the PIP 

are part of the same -helix implies that, once the DNA-binding domain is engaged on the DNA 

substrate, the position of the PCNA ring with respect to DNA is likely fixed, and the PCNA ring 

to which CAF-1 is bound may no longer slide freely along the DNA. This bookend function of 

the KER DNA-binding domain and PCNA would contribute to ensure that (H3-H4)2 tetramers 

are uniformly spaced along the DNA. 
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 In conclusion, the experiments presented in this manuscript have raised many fascinating 

issues for future research. In particular, the juxtaposition of the KER DNA-binding domain and 

the PIP within a single higher order oligomeric structure raises the possibility that DNA binding 

and PCNA binding may be coordinated to bring about efficient H3-H4 deposition onto nascent 

DNA without functional interference from the numerous other enzymes that need to bind PCNA 

at replication forks.  
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Figures 

 Fig. 1 
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FIG. 1 Differences between canonical PIPs and the non-canonical CAF-1 p150 PIP 

(A). Domains of the human Chromatin Assembly Factor 1 p150 subunit. 

(B) Amino acid alignment of canonical PIPs versus evolutionarily conserved CAF-1 p150 

PIPs. The evolutionary divergence is shown in the extreme right column (million years = 

MYA). 

(C) Plug and socket mode of binding in the structure of the canonical p21 PIP bound to 

PCNA (Gulbis et al. 2005). The p21 PIP is shown in pink. PCNA hydrophobic surfaces are 

depicted in white, whereas positively and negatively charged surfaces are respectively in blue 

and red. Residues of canonical PIP of p21 are shown in stick representation: Q144, M147, 

F150, and Y151. Q144 occupies the Q pocket of PCNA and M147, F150 and Y151 form the 

three prongs of the hydrophobic plug that binds to the PCNA socket.  
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Fig. 2 
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FIG. 2: CAF-1 p150 PIP binding to PCNA 

(A) The two PCNA homo-trimers present in the asymmetric unit. Each PCNA monomer 

is bound to a PIP. Only three CAF-1 p150 PIP residues (RFF) are depicted in stick 

representation. PIP binding occurs in a hydrophobic surface located between the 

interdomain connecting loop (IDCL) and the underlying -sheet of PCNA. 

(B) p150 PIP (green) is shown in stick representation, with F
0
- dF

c 
omit electron density 

map contoured at 1.0  covering the p150 residues. Only the RFF residues are shown in 

the model. PCNA is shown in blue. 

(C) The p150 PIP interacts with a hydrophobic surface of PCNA. Three residues of the 

CAF-1 p150 PIP, Arg 426, Phe 427 and Phe 428 of are shown in stick representation 

(green). PCNA is represented with surface electrostatics calculated to a solvent radius of 

1.5Å. Red corresponds to negatively charged residues, blue to positively charged 

residues, and white to an uncharged surface. 
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 Fig. 3 
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FIG. 3: Cation-  interaction and orientation of PIP binding with respect to PCNA  

(A) CAF-1 p150 PIP Arg 426 forms a cation-  interaction with Tyr 250 of PCNA. The side chain of 

PCNA Pro 234, Tyr 250, Ala 252, Met 40, Ala 126, Pro 129 and Leu 47 are shown in stick 

representation (light blue). Side chains of p150 PIP are shown in stick representation (green). Arg 426 

of PIP extends into the hydrophobic pocket on the surface of PCNA and forms a cation-  interaction 

with Tyr 250. Bond length is measured between the terminal nitrogen of R426 and the center of the 

aromatic ring of Tyr 250. 

(B) Hydrophobic interaction between PCNA and p150 PIP. The side chains of the PCNA residues 

listed in (A) are shown in stick representation (light blue). The p150 PIP side chains are shown in stick 

representation (green).  Phe 427 of the p150 PIP nestles into a hydrophobic surface of PCNA 

composed of Pro 129, Tyr 250, Leu 47, and Met 40 residues. Phe 428 of the p150 PIP is less deeply 

buried into the hydrophobic surface of PCNA.

(C) Paths of polypeptide chains when the PIPs of different proteins are bound to PCNA. The drawing 

is derived from the co-crystal structures of PIP peptides bound to PCNA. Pol  p66-PCNA [dark red] 

(Bruning and Shamoo 2004), Pol -PCNA [red] (Hishiki et al. 2009), p21-PCNA [magenta] (Gulbis et 

al. 1998), CAF-1 p150 PIP2- PCNA (green) were aligned to FEN1-PCNA [salmon] (Bruning and 

Shamoo 2004), with root mean square deviation of < 0.6Å for all alignments. For clarity, PCNA is 

hidden. All the PIPs adopt a short 3
10

 helix conformation when bound to PCNA, except the CAF-1 

p150 PIP which assumes a different orientation with respect to PCNA.  
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FIG. 3: Cation-  interaction and orientation of PIP binding with respect to PCNA  

(D) p150 PIP binding to PCNA compared with the canonical PIPs of p21 and FEN1.  

The p21 PIP and p150-PIP were aligned to the FEN1 PIP with root mean square deviation of 

0.55 and 0.50. The table shows key residues of the canonical PIPs and the corresponding 

residues of the CAF-1 p150 PIP in bold. The conserved glutamine replacement by a lysine in 

the p150 PIP is indicated in dark blue. The underlined residues are those shown in the stick 

representation. FEN1 bound to PCNA (salmon) ; p21 bound to PCNA (magenta) and p150 

PIP bound to PCNA (dark grey).  

The glutamines in p21 and FEN1 are interacting with the Q pocket on PCNA (visible in the 

top left-hand corner). Residues M146, F149 and Y150 in p21 and residues L341, F343 and 

F344 in FEN1 form 310 helices and occupy the hydrophobic pocket on the surface of PCNA. 

In contrast, R426 and F427 of CAF-1 p150 both occupy the hydrophobic pocket. Strikingly, 

R426 (p150) overlaps with Y150 (p21) and F344 (FEN1), which is unusual because R is not a 

conserved residue in canonical PIPs. F427 and F428 of p150 are both conserved in canonical 

PIPs, but shown to occupy hydrophobic regions not expected for canonical PIP residues. 

F427 of p150 overlaps with L341 (FEN1) and M146 (p21) but, given their conservation, not 

the expected F344 (FEN1) or Y150 (p21). F428 of the p150 RFF occupies a hydrophobic 

patch with no overlap with conserved residues in canonical PIPs, but instead overlaps with a 

non conserved residue, V348 (FEN1). 
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FIG. 4: Cellular and molecular consequences of PIP-Arg 426 mutation 

(A) In ITC experiments, the CAF-1 PIP wildtype and R426D mutant peptides were 

progressively titrated into a sample cell containing PCNA-His6. The upper half of each panel 

shows the measured heat exchanges during each peptide injection. The lower half of each 

panel shows the enthalpic changes as a function of the molar ratio of peptide to PCNA 

monomer. The black squares correspond to individual injections. Titrations were performed in 

10 mM sodium phosphate, pH 7.0, 10 mM NaCl and at 23 C. 

(B) Arg426 mutation causes mislocalization of mouse p150 in mid S-phase cells. Mouse 

NIH3T3 cells were transduced with constructs for expression of GFP CAF1 p150 WT or 

R426D mutant and stained with the PC10 monoclonal antibody (PC10) against PCNA to 

detect DNA replication foci. The mis-localization of the R426D mutant is most evident in 

mid S-phase cells, where the red PCNA staining is, in part, localized to the periphery of the 

cell nucleus, whereas the green CAF-1 p150 R426D is more localized to the pericentric 

heterochromatin (large foci seen with DAPI staining). 

(C) Arg426 is required for nucleosome assembly during SV40 DNA replication. Left panel: 

CAF1 p150 wild-type and R426D mutant proteins were expressed in the rabbit reticulocyte 

lysate in the presence of [35S]-methionine and detected by SDS-PAGE and autoradiography. 

Middle panel: Total DNA from nucleosome assembly reactions was stained with ethidium 

bromide. Right panel: Nucleosome assembly reactions were performed in the presence of 

increasing amounts of wild type p150 PIP or R426D mutant. Replicated DNA was detected 

by incorporation of [ -32P] dATP and autoradiography. Lane 1 corresponds to a negative 

control reaction lacking p150 where there was very little supercoiling observed. 
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FIG. 5: Secondary structure prediction analyses of human CAF-1 p150.  

An unusually long -helix (119 amino acids) is predicted to end abruptly in the PIP RFF 

residues. The CAF-1 p150 PIP is surrounded by a red rectangle. 
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FIG. 6: Circular dichroism (CD) and SEC-MALS analyses of p150L-His6 

(A) CD spectra indicate that CAF-1 p150L-His6 is composed mainly of -helices. CD 

spectrum was acquire 10 mM sodium phosphate, pH 7.2, 10 mM NaCl, 0.1 mM TCEP buffer 

with a data pitch of 0.5 nm over a range from 260 nm to 190 nm. 

(B) SEC-MALS analysis. The p150L-His6 protein was injected onto a Superdex 200 Increase 

10/300GL column at 0.35 ml/min using an AKTAmicro (GE). Samples were passed through a 

Dawn HELEOS II MALS and OptiLab T-rEX online refractive index detectors (Wyatt 

Technology) after calibration with the BSA monomer. Refractive index changes as a function 

of protein concentration were used to compute the molar mass and oligomerization status of 

the protein. p150L-His6 eluted from the Superdex 200 column in two peaks. Peak 1 

corresponds to a trimer (44 kDa) and peak 2 (29 kDa) corresponds to a dimer of p150L-His6.  

 

(C) The average molecular masses and other parameters of individual peaks are shown. 
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Figure 7. Study of p150L-His6 by SEC-SAXS. 

(A) SEC-SAXS raw data. SAXS frame integrated intensity (buffer subtracted; baseline corrected) was 

plotted against frame number. Each frame was a 60-second exposure to X-rays performed during SEC 

elution at 0.05 ml/min. Red dots correspond to the calculated radius of gyration (R
g
) for the 

corresponding frame. The area between the dotted grey lines was used for averaging and further data 

processing.  

(B) Scattering curve corresponding to the averaged scattering from frames 96 to 108, as described in 

(A). Data beyond q of 0.2 Å
-1

 (grey dotted line) was excluded from the rest of the analysis. The 

Guinier region is shown in the inset.  

(C) The probability distribution function [P(r)] was determined using GNOM and manual adjustments 

to get the probability function to gradually reach zero at maximum dimension. Fit to experimental data 

is shown in the inset.  

(D) P(r) functions for characteristic shapes (image taken from Mertens and Svergun (2010)).  

(E) Dummy atom modeling. Surface representation of CAF-1 p150L as calculated by DAMMIF and 

further refined by DAMMIN.  

(F) Fit of the dummy atom model to the experimental data. 
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FIG. 8: Binding of [15N]-p150L-His6 to PCNA studied by nuclear magnetic resonance

(A) 1H-15N HSQC NMR spectrum of 15N-labelled p150L-His6 shown in black. The signals 

are not properly dispersed, which is not characteristic of a properly folded globular protein 

with a single conformation.  

(B) Upon addition of a molar excess of PCNA-His6 monomer (spectrum shown in blue, most 

of the p150L-His6 spectrum disappears, consistent with p150L-His6 binding to a large 

protein such as PCNA (90 kDa homo-trimer). 

(C) Overlay of NMR spectra from 15N-labelled p150L-His6 and a complex of p150L-His6 

with PCNA-His6. 
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FIG. 9: p150L-His6 binding to PCNA-His6 studied by fluorescence quenching 

(A) Samples were excited at 280 nm and the emission spectra recorded between 295 nm and 

420 nm were collected. The buffer used was 10 mM sodium phosphate, pH 7.2, 10 mM NaCl, 

0.1 mM TCEP. The red curve shows the emission spectrum for 5 μM PCNA-His6 monomer 

on its own. The black curve shows the spectrum for a complex containing 5 μM PCNA-His6 

monomer and 20 μM p150L-His6. The green curve shows the spectrum for 20 μM p150L-

His6 on its own. Due to the absence of tryptophan, the emission spectrum for p150L-His6 is 

near the baseline. 

(B) The figure shows the 3D structure of PCNA. The red circle denotes the location of Trp 28 

whose position is quite close to the IDCL and underlying -sheet, where the PIP was shown 

to bind in our crystal structure. 
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Supplemental Fig 1A, 1B, 1C: Secondary structure prediction analyses of CAF-1 p150  

homologues. 

Even though D. melanogaster, S. cerevisiae and S. pombe are evolutionarily distant from 

humans, the large fragment encoding the KER domain of p150 homologues is predicted to 

form an unusually long -helix (100-120 amino acids depending on species) that ends 

abruptly in the PIP residues. It is important to note that in both species of yeast, CAF-1 PIP 

sequences are canonical.   
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Supplemental Fig 2A, 2B, 2C, 2D: Secondary structure prediction analyses of 

replication enzymes 

Secondary structure prediction analyses of several DNA replication enzymes that contain 

canonical PIPs. None of the proteins (p21, FEN1, DNMT1 and DNA ligase I) are predicted to 

contain a long -helix that ends with a PIP, unlike human CAF-1 p150 and its homologues. 
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Supplemental Fig 3A, 3B:  

Secondary structure prediction analyses of non-canonical error prone polymerases Pol kappa and 

Pol iota. They are not predicted to contain a long -helix that ends with a non-canonical PIP, unlike 

human CAF-1 p150 and its homologues. 
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Abstract 

In eukaryotic cells, DNA damage during S-phase leads to a rapid decrease in the rates of DNA 

synthesis that is accompanied by a dramatic reduction in histone mRNA levels. This response 

helps balance the rates of histone and DNA synthesis, but the underlying molecular 

mechanisms are poorly understood. Here we show that the S. cerevisiae protein kinases 

involved in the DNA damage response (DDR), namely Rad53 and its upstream activators 

Mec1/Tel1, are necessary to trigger transcriptional repression of the four core histone genes 

when S-phase cells are treated with genotoxic agents that interfere with DNA replication. We 

demonstrate that DDR kinases repress histone gene transcription by extensively 

phosphorylating the Hpc2 subunit of the HIR complex. In addition, our results suggest that 

Hpc2 needs to bind histone H3 in order to repress histone gene transcription in G1 and when 

DNA replication is inhibited by hydroxyurea. Collectively, our results suggest that the 

repression of histone genes is mediated, at least in part, by a simple negative feedback 

triggered, at least in part, by binding of excess histones to the Hpc2 subunit of the HIR 

complex. 
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Introduction 

 The bulk of histone synthesis in proliferating cells is restricted to the S-phase of the 

cell cycle (Osley, 1991). During S-phase, newly synthesized histone H3/H4 form 

complexes with proteins, such as Asf1 and CAF-1, which promote their deposition behind 

replication forks almost as soon as enough DNA has emerged from the replisome (Sogo et 

al., 1986). Coordination of histone and DNA synthesis is important to allow both rapid 

nucleosome formation behind replication forks and concomitantly prevent the 

accumulation of excess histones. Because of their highly basic nature, excess histones bind 

non-specifically to chromatin, leading to mitotic chromosome segregation defects (Meeks-

Wagner and Hartwell, 1986; Reis and Campbell, 2007) and sensitivity to a variety of DNA 

damaging agents (Gunjan and Verreault, 2003). In addition, inappropriate expression of 

histone mRNAs results in abnormal oogenesis and an early embryonic developmental 

arrest in Drosophila (Berloco et al., 2001; Sullivan et al., 2001). Consistent with this, 

specialized mechanisms exist to inhibit excessive translation of the large reservoir of 

histone RNAs present in unfertilized Xenopus oocytes (Sánchez and Marzluff, 2004). 

 Cells have evolved at least three partially redundant strategies to prevent the 

harmful effects of excess histones. First, yeast cells monitor the presence of excess histone 

proteins that are not incorporated into chromatin and trigger their degradation (Gunjan and 

Verreault, 2003; Kumar Singh et al., 2007). Second, conditions that interfere with 

replication (DNA lesions or shortage of dNTPs) elicit an evolutionarily conserved response 

that leads to the disappearance of histone mRNAs (Marzluff and Koreski, 2017; Reis and 

Campbell, 2007). Yeast and human cells have mechanisms that block histone gene 
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transcription in response to agents that impede replication (Kaygun and Marzluff, 2005; 

Osley and Lycan, 1987; Sherwood et al., 1993; Xu et al., 1992). In human cells, 

replication-dependent histone mRNAs end in a stem loop structure, and interference with 

DNA replication triggers their degradation (Kaygun and Marzluff, 2005). A dedicated 

exonuclease that recognizes the histone mRNA stem loop has been identified and is likely 

involved in histone RNA degradation in vivo (Dominski et al., 2003; Yang et al., 2006). In 

Saccharomyces cerevisiae, histone mRNAs are polyadenylated and although their stability 

increases during S-phase (Lycan et al., 1987), their half-life remains relatively short even 

during normal S-phase progression (Herrick et al., 1990). In spite of this, a post-

transcriptional mechanism that senses the presence of excess histone RNAs and triggers 

their degradation exists in both budding and fission yeast (Campbell et al., 2002). In S. 

cerevisiae, chemicals that interfere with DNA replication also trigger a concerted 

transcriptional repression of the four gene pairs encoding core histones (Osley, 1991). 

Three of the four divergent histone gene promoters contain a repressive cis-acting element 

(NEG) that is required for histone gene repression outside of S-phase and in response to 

drugs that interfere with replication (Figure 1A). Four functionally related histone gene 

regulatory proteins (Hir1, Hir2, Hir3 and Hpc2) form the HIR protein complex that acts, 

together with the histone H3/H4 chaperone Asf1, to promote histone gene repression 

through the NEG element (Osley, 1991; Sutton et al., 2001). In addition, the four Hir 

proteins and Asf1 form a complex that mediates replication-independent deposition of 

histones H3/H4 onto DNA (Green et al., 2005; Prochasson et al., 2005; Tang et al., 2006). 

The role of Hir proteins in histone gene repression is conserved in fission yeast (Blackwell 

et al., 2004). Interestingly, a human homologue of S. cerevisiae Hir1 and Hir2, known as 
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HIRA, is also capable of triggering repression of replication-dependent histone genes when 

overexpressed (Nelson et al., 2002).  

 Many chemicals that damage DNA, including numerous drugs used in cancer 

chemotherapy, exert their cytotoxic effects by interfering with DNA replication. For 

instance, the presence of lesions that impede replication fork progression [e.g. those caused 

by the alkylating agent methyl methane sulfonate, MMS] (Segurado and Tercero, 2009; 

Tercero et al., 2003).  elicits the multi-faceted and evolutionarily conserved intra S-phase 

DNA damage response [DDR] (Longhese et al., 2003). In S. cerevisiae, several features of 

this response rely on the activation of three protein kinases. In concert with a number of 

other checkpoint proteins (Longhese et al., 2003) the upstream kinases Mec1 and Tel1 

phosphorylate and activate the fork head-associated (FHA) domain protein kinase Rad53 

(Sanchez et al., 1996; Sweeney et al., 2005). Mec1 and Rad53 prevent the formation of 

abnormal DNA structures and irreversible damage to replication forks (Lopes et al., 2001; 

Sogo et al., 1986; Tercero and Diffley, 2001). In addition, Mec1 and Rad53 also block the 

firing of new replication origins (Santocanale and Diffley, 1998; Shirahige et al., 1998). 

Because cells normally deposit new histones very rapidly onto nascent DNA, sudden 

inhibition of new origin firing causes a decline in the global rate of DNA synthesis 

(Paulovich and Hartwell, 1995) that, in turn, leads to an accumulation of newly synthesized 

histones (Gunjan and Verreault, 2003).  

 A number of studies revealed that DNA damaging agents trigger changes in the 

abundance of a large number of RNAs (Aboussekhra et al., 1996; De Sanctis et al., 2001; 

Gasch et al., 2001; Jelinsky et al., 2000). In contrast, little attention has been paid to the 
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roles of DNA damage response kinases in DNA damage-dependent transcriptional 

repression. However, following DNA damage in G1, a role for Rad53 in the repression of 

cyclin genes has been uncovered (Sidorova and Breeden, 1997; Sidorova and Breeden, 

2003). In some cases, the changes in gene expression that follow DNA damage are clearly 

not a mere consequence of the cell cycle delays imposed by checkpoint activation. For 

instance, RNR genes that encode subunits of ribonucleotide reductase, the enzyme that 

catalyzes the rate-limiting step in deoxyribonucleoside triphosphate (dNTP) synthesis, are 

induced following DNA damage (Huang et al., 1998). Induction of RNR genes in response 

to DNA damage likely serves as a source of additional dNTPs to promote DNA repair 

(Huang et al., 1998). Augmenting the abundance of ribonucleoside reductase and dNTP 

pools may be important even when the damage occurs during S-phase. This is likely the 

case for the specialized polymerases involved in DNA lesion bypass whose Kms for 

dNTPs is higher than those of replicative polymerases (Chabes et al., 2003). 

 

 In this study, we explored the role of DDR kinases in the repression of histone mRNAs 

caused by genotoxic agents that interfere with DNA replication. We demonstrate that Mec1 

and Tel1, and the downstream kinase Rad53, are necessary for histone gene repression in 

response to DNA damaging agents that interfere with replication. The kinase activity of 

Rad53, Hpc2 protein stabilization and extensive phosphorylation of Hpc2 are all pre-requisite 

for histone gene repression in response to conditions that delay replication. In addition, we 

show that Hpc2 likely needs to bind histone H3 in order to repress histone gene transcription 

in G1 and when DNA replication is inhibited by hydroxyurea. Collectively, our results suggest 



 

143 

that the repression of histone genes relies upon a negative feedback triggered, at least in part, 

by binding of excess histones to the Hpc2 subunit of the HIR complex. 

 

Experimental Procedures 

Yeast methods 

 All the yeast strains used in this study are congenic to W303-1a and are listed in 

(Supplemental Table S3). Yeast cells were routinely grown at 30°C in either rich (YPD) or 

synthetic minimal medium lacking uracil to select for the pTS39b plasmid. For experiments 

involving the temperature-sensitive (ts) strain cdc7-4, cells were cultivated at 25°C and 

blocked at G1/S transition by switching the temperature to a restrictive temperature of 38°C. 

For experiments involving synchronized yeast cultures, cells were grown to a density of 1  

107 cells/ml and -factor was added at a concentration of 20 g/ml for 2h or until the cells 

were arrested in the G1 phase of the cell cycle. The -factor was removed by washing the 

cells with pre-warmed medium after which the cells were resuspended in pre-warmed medium 

to allow S-phase progression. Hydroxyurea (0.2M) or methyl methane sulfonate (0.1%) were 

added for 20 min following -factor release, which corresponds to early S-phase as judged by 

FACS analysis. Cell aliquots (10ml) were harvested at 10-min intervals by the addition of 

sodium azide to 0.1% and centrifugation. The resulting cell pellets were frozen on dry ice and 

stored at -80 C for subsequent isolation of RNA. For experiments involving exponentially 

growing yeast cultures, cells were grown to a density of 1  107 cells/ml before treating them 

with or without HU for varying lengths of time, following which they were processed exactly 

as described above for synchronized cultures. 
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Generation of HTA1-neomycin and Hpc2 expression plasmids  

 In order to construct a plasmid containing the HTA1 promoter driving the expression of 

the neomycin reporter gene with a LEU2 selectable marker, we excised a BamHI fragment 

from the pTS39b plasmid (Xu et al., 1992). The BamHI fragment comprised the HTA1 

promoter, bacterial neomycin resistance gene from the coding region of transposon Tn5, and 

CYC1 terminator. This fragment was cloned into the single BamHI site of a centromeric 

plasmid, YCpIF1, which contains a LEU2 marker (Foreman and Davis, 1994). Yeast strain 

W303 MATa cdc7-4 hpc2 KanMX was transformed with this plasmid and, following 

selection on plates of synthetic complete (SC) medium lacking leucine, this resulted in yeast 

strain YAGN 20-1. This yeast strain was subsequently transformed with plasmids containing a 

URA3 selectable marker and encoding the wild-type Hpc2-HA3 (YAGN 21-1), the Hpc2-HA3 

FID-AAA mutant (YAGN 22-1) or a YCpIF4 empty vector (YAGN 23-1). Transformants 

were selected on plates containing SC medium lacking uracil and leucine. 

  

Synchronization of cdc7-4 mutant cells and exposure to HU 

 These strains were grown in selective medium for the two plasmids (SC - uracil - 

leucine) and arrested in G1 phase using 2 μg/ml -factor added twice during the course of 90 

minutes. G1 arrest was monitored by microscopy as the accumulation of non-budded shmoo-

shaped cells and the depletion of small- and large-budded cells. The G1-arrested cdc7-4 cells 

were then released towards S phase at 37 C (restrictive temperature for the cdc7-4 mutation) 

for 60 minutes in medium containing 50μg/ml pronase to degrade -factor. Microscopy was 

used to monitor budding as an indication that cells had been released from and reached the 
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cdc7-4 arrest point. Cells were then returned to the permissive temperature of 25°C for 60 

minutes in medium containing 200 mM HU. Cells in G1 ( -factor), at the cdc7-4 arrest point, 

and in HU were harvested and aliquots were processed to monitor DNA content by flow 

cytometry, immunoblotting to detect Hpc2-HA3, and qRT-PCR to determine the abundance of 

ACT1 and histone mRNAs.  

RNA isolation and northern blotting 

 Total yeast RNA was isolated from 10 ml of cells at a density of 1-2  107 cells/ml. 

RNA was extracted using the RNeasy Kit (Qiagen) according to the manufacturer’s 

instructions. Total RNA (20 g/lane) was resolved in a 1% agarose–formaldehyde gel 

(Sambrook et al., 1989). The gel was transferred overnight onto a Hybond-XL nylon 

membrane (Amersham Pharmacia) by upward capillary transfer in 20 SSC (1 SSC is 0.15M 

NaCl, 15mM sodium citrate). RNA was fixed to the membrane by cross-linking with 0.12J of 

UV irradiation using a UV Crosslinker (UVP). Membranes were prehybridized for 1h at 68°C 

in ExpressHyb solution (Clontech). Hybridization was performed in the same buffer at 68°C 

for 1- -32P] UTP labeled antisense RNA probes transcribed in vitro using the 

MAXIscript kit (Ambion) following the manufacturer’s instructions. The DNA fragments 

used to generate the probes were derived from the 3’-untranslated region of histone genes to 

enable specific detection of transcripts derived from each gene. Subsequently, the membrane 

was washed three times with 2 SSC, 0.05% SDS at room temperature, followed by three 

washes in 0.1  SSC, 0.1% SDS at 50 C. Northern blots were quantitated on a phosphorimager 

(Molecular Dynamics). 
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Flow cytometry (FACS) analysis 

 Samples (1ml) of cultures at a density of 1-2 x 107 cells/ml were harvested by 

centrifugation and fixed for 1 h by resuspending the cells in 1ml of 70% ethanol. Samples 

were processed for FACS analysis by washing once with 1ml of 50mM Tris-HCl pH 7.8. The 

cells were resuspended in 500 l of the same buffer containing 10 l of 10mg/ml ribonuclease 

A and incubated for 5-6 hrs at 37 C. The cells were pelleted and resuspended in 500 l FACS 

buffer (200mM Tris-HCl pH7.5, 200mM NaCl, 78mM MgCl2) containing 15 l 2mg/ml 

propidium iodide or Sytox Green. Cell aliquots (100 l) were diluted in 1ml of 50mM Tris-

HCl pH7.8, sonicated and analyzed by flow cytometry (FACScan, Becton-Dickinson or BD 

Biosciences FACS Canto II flow cytometer). 

 

Immunoprecipitation  

 For immunoprecipitation of tagged proteins, cells were harvested from 1 liter cultures 

at ~2x107 cells/ml. Whole-cell extracts (WCEs) were prepared by grinding cells in liquid 

nitrogen in a SPEX CertiPrep 6850 Freezer Mill in 20ml lysis buffer containing protease and 

phosphatase inhibitors (20mM Hepes-KOH pH 7.5, 110Mm potassium acetate, 10% glycerol, 

0.1% Tween- -

glycerophosphate, 10mM sodium butyrate, 10mM 2-mercaptoethanol, 1X Roche protease 

inhibito -132). Extracts from equal amounts of cells were incubated 

overnight at 4°C with Flag M2 (Sigma), 9E10 or IgG Sepharose (Amersham Biosciences) 

beads to immunoprecipitate Flag, Myc and TAP-tagged proteins, respectively. The 

immunoprecipitated material was resolved on 4-12% Bis-Tris Criterion™ XT Pre-cast 
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polyacrylamide gels run in XT MES buffer (Bio-Rad) and probed for the presence of Flag, 

Myc or TAP tagged proteins by immunoblotting. 

 

Immunoblotting 

 For detection of Rad53 or Hpc2 by immunoblotting, 1.5x107 to 3.0x107 cells were 

harvested and frozen immediately in liquid nitrogen. Whole-cell extracts were prepared using 

an alkaline method (Kushnirov, 2000). The extracts were analyzed in SDS-7.8% or 10% 

polyacrylamide gels optimized for the separation of phosphorylated Rad53 or Hpc2, 

respectively. Rad53 polyclonal antibodies were a generous gift from Dr. John Diffley (Cancer 

Research UK) and were used at a 1:2000 dilution. Immunoblotting for the detection of 

immunoprecipitated Flag, HA, Myc or TAP tagged proteins was carried out using Flag M2 

(Sigma), HA 12CA5 (Sigma), 4A6 Myc antibodies (Upstate) and peroxidase anti-peroxidase 

(PAP) complex (Sigma) respectively at 1:2000 dilution. H3-C antibodies (Gunjan and 

Verreault, 2003) were  

 

Quantitative reverse transcriptase PCR (qRT-PCR)  

 Total RNA was extracted and histone and actin (ACT1) mRNA abundance were 

determined by quantitative reverse transcriptase PCR (qRT-PCR). First strand cDNA 

synthesis was performed using the M-MLV RT kit (Thermo) according to the manufacturer's 

instructions. RT-qPCR reactions were performed using SYBR Green qPCR Master Mix on a 

QuantStudio 7 Flex Real-Time PCR system using gene-specific primers (Supplementary Table 

3). For each cDNA sample, PCR reactions were carried out in triplicates. Histone mRNA 
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levels were normalized to those of ACT1. Histone mRNA abundance in each sample were 

expressed relative to the levels observed in hpc2  G1 cells, which were arbitrarily set to one. 

 

Purification of His-tagged Rad53 and in vitro kinase assays with Rad53 and Hpc2 

 A pET28a+ plasmid containing a full length RAD53-HIS6 gene was expressed and 

purified from Escherichia coli ArticExpress BL21 bacteria. Hpc2 protein was expressed in a 

shorter form in Escherichia coli starting to amino acids 32 to 352 (pET28a+ HPC2-HIS6). 

Purification was performed using High-performance liquid chromatography (HPLC) and 

purified proteins were dialyzed into kinase buffer (25mM HEPES-NaOH pH 7.5, 10Mm 

detection of Hpc2 phosphorylation sites in the kinase buffer or 10 mM of cold ATP plus 

32P]-ATP were used for hot in vitro kinase assays. The radioactive acrylamide gel 

was dried and assessed by autoradiography. To examine phosphorylation sites, present on 

Hpc2, Hpc2 band on a 10% acrylamide gel were excised and/or directly trypsin digested and 

analyzed by LC-MS/MS using the LTQ-Orbitrap XL mass spectrometer. 

 

In-gel trypsin digestion 

 Coomassie Blue stained protein bands were excised from the gel and incubated by 

shaking in a 50% acetonitrile (ACN) destaining solution. Proteins were then reduced with 

dithiothreitol (DTT) and alkylated with iodoacetamide prior to in-gel digestion with 200ng of 

trypsin for 4h at 37oC. The resulting peptides were extracted from the gel using a solution 

containing 5% trifluoroacetic acid (TFA) and 50% ACN, dried in a Speed-Vac and redissolved 

in 0.2% formic acid (FA) for nano-LC-MS/MS analysis. 
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LC-MS/MS  

 All MS analyses were conducted using an LTQ-Orbitrap XL hybrid mass spectrometer 

equipped with a nano electrospray ion source (Thermo Fisher Scientific, San Jose, CA) and 

coupled to a nano-flow LC system (Eksigent, Dublin, Ireland) and a Finnigan AS autosampler 

(Thermo Fisher Scientific). The chromatographic separation was performed using a trapping 

 

eluted using a linear gradient of 5-40% ACN containing 0.2% FA for 53 min, followed by a 

es were 

analyzed in data-dependent mode. For each high-resolution MS scan, the three most abundant 

ions with intensity above 10,000 counts were selected for MS2 sequencing by the LTQ-

Orbitrap XL (60,000 full-width half-maximal resolution; acquisition range of 400-1600 m/z). 

Product ions corresponding to the loss of a phosphate group (i.e. a neutral loss of 98 Da) from 

the precursor peptide were subsequently selected for MS3 fragmentation. For all nano-LC-MS 

experiments, an internal mass lock (protonated (Si(CH3)2O))6 with m/z 445.120025) or an 

external calibration mixture (Caffeine, MRFA and Ultramark) were used for mass calibration 

and provided mass accuracy within 5ppm. MS data were analyzed using the Xcalibur software 

(version 2.0 SR1). Peak lists were then generated using the Mascot distiller software (version 

2.1.1, Matrix Science) where MS processing was performed using the LCQ plus zoom script. 

Searches of the NCBInr database containing 3,310,354 entries (NCBInr March 3, 2006) were 

conducted using the Mascot search engine (version 2.1, Matrix Science, London, U.K.). The 

database searches were narrowed to yeast and allowed up to 2 missed cleavage sites for 
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trypsin. The mass tolerance threshold for experimental MS precursor ions and MS2 fragment 

ions was set to ±0.02 and ±0.5 Da, respectively. All searches were conducted to allow the 

following variable modifications: +80 for phosphorylation (Ser, Thr or Tyr), +16 oxidation 

(Met), +1 for deamidation (Asn and Gln), and + 57 for carbamidomethylation (Cys). Finally, 

all MS2 and MS3 spectra ascribed to phosphopeptides by the computer search algorithm were 

manually verified and validated. 

 

Multiple reaction monitoring (MRM) 

 The Multiple Reaction Monitoring (MRM) assay for Hpc2 tryptic peptides was 

performed on a 4000 Q-Trap mass spectrometer (AB/MSD Analytical Technologies, 

Thornhill, ON, Canada), equipped with a Nanospray II interface. The chromatographic 

separation was performed using a trapping column (4 mm length, 360 

-house with 3-

were eluted using a linear gradient from 5-40% ACN containing 0.2% FA for 53 min, 

followed by a rapid increase to 80% for 3 min. 

monitored with a 25 ms dwell-time to detect the phosphorylated 328SSSASAILPKPTTTK342 

Hpc2 peptide in asynchronous, MMS and MMS + caffeine treated cells. The sequence of the 

peptide and the site of phosphorylation were confirmed by MRM by triggering an enhance 

product ion (EPI) scan in data-dependent mode 
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Results 

Cell cycle regulation of histone mRNAs is not affected in rad53 mutants 

 We previously showed that Rad53 is involved in degradation of excess histones that 

are not packaged into chromatin (Gunjan and Verreault, 2003; Singh et al., 2010; Singh et al., 

2009c). This housekeeping function of Rad53 promotes normal cell cycle progression and the 

fidelity of mitotic chromosome segregation (Liang et al., 2012; Singh et al., 2010). Yeast cells 

lacking Rad53 accumulate abnormally high amounts of newly synthesized histones bound to 

three distinct chaperones: Asf1, CAF-1 and Hir proteins (Emili et al., 2001; Gunjan and 

Verreault, 2003). In wild-type cells, it has been reported that histone gene transcription 

depends on the oscillation of cell cycle stages (Hereford et al., 1982). It was formally possible 

that part of the accumulation of newly synthesized histones in rad53 mutant cells that we 

previously reported (Gunjan and Verreault, 2003) arose as a result of a defect in cell cycle 

regulation of histone gene transcription. In order to address the contribution of Rad53 to cell 

cycle regulation of histone mRNAs, we synchronized wild-type and rad53  sml1-1 mutant 

cells (hereafter simply referred to as rad53 mutants) in G1 phase of the cell cycle using -

factor. The cells were released into S-phase in rich medium at 30°C and 10-min time points 

were collected to analyze histone mRNA expression using northern blots. FACS analysis in 

both wild-type and rad53 mutant cells revealed that S-phase was completed about 30 min after 

release from -factor (data not shown). The kinetics of histone mRNA accumulation and 

disappearance during normal passage through S-phase were very similar in wild-type and 

rad53 mutant cells (Figure 1B). However, we consistently observed a delay in histone mRNA 

disappearance at the end of S-phase in rad53 mutant cells (Figure 1B, 50 min), which may 

reflect the slightly longer duration of S-phase that has been reported in rad53 mutants (Cha 
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and Kleckner, 2002). This delay was not merely a reflection of slower replication due to 

limiting dNTP pools because it was observed in rad53  sml1-1 cells, which carry a null 

mutation of the Rnr inhibitor Sml1. In spite of this, histone mRNAs returned to very low 

levels in G2/M cells (Figure 1B). Thus, rad53 mutant cells were not defective in the cell 

cycle-regulated expression of histone RNAs. 

 

The kinase activity of Rad53 is required for histone gene repression triggered by 

genotoxic agents that impede replication  

 Drugs that interfere with replication such as MMS and HU result in an accumulation of 

newly synthesized histones that is more pronounced in rad53 mutants than in wild-type cells 

(Gunjan and Verreault, 2003; Singh et al., 2009a). The fact that inhibitors of DNA replication 

trigger the disappearance of histone mRNAs in both yeast and higher eukaryotes (Marzluff et 

al., 2008; Osley, 1991), prompted us to determine the role of Rad53 in this response. In order 

to address whether histone transcripts were downregulated by agents that impede replication, 

-factor and released for 20 minutes to allow the cells to 

reach the beginning of S-phase before adding HU or MMS. In wild-type cells, the abundance 

of histone HHT1 or HHF1 mRNAs declined within 10 minutes following the addition of HU 

(Figure 2A, 2B). Consistent with its ability to inhibit ribonucleotide reductase and dNTP 

production, HU slowed down replication in both wild-type and rad53 cells (Figure 2B, 20-min 

time points onwards). However, unlike wild-type cells, rad53 sml1-1 mutants were deficient 

in downregulating histone mRNAs in response to HU (Figure 2A). This defect was not due the 

sml1-1 mutation because sml1-1 mutant cells were capable of triggering disappearance of 

histone mRNAs in response to HU or MMS (data not shown). In addition, rad53K227A 
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mutant cells, which carry a hypomorphic point mutation in the kinase domain of Rad53 and a 

wild-type SML1 gene (Pellicioli et al., 1999), were defective in down-regulating histone 

mRNAs in response to HU (Figure 2A center panel). Thus, the kinase activity of Rad53 was 

necessary to decrease the abundance of histone RNAs when dNTP depletion induced by HU 

slowed down replication.  

 

 The disappearance of histone mRNAs also occurred when wild-type cells were treated 

with the alkylating agent MMS at the beginning of S-phase and the kinase activity of Rad53 

was required for this response (Figure 2C). The DDR kinases Mec1 and Rad53 are both 

required to block the firing of late origins in response to MMS (Santocanale and Diffley, 1998; 

Shirahige et al., 1998; Zegerman and Diffley, 2010). However, we used a dose of MMS 

(0.1%) that causes a large number of DNA lesions that physically hinder replication fork 

elongation irrespective of the presence or absence of Rad53 and Mec1 (Tercero et al., 2003). 

Thus, the failure to repress histone mRNAs in rad53 mutants treated with MMS was not 

merely due to defective control of origin firing that would lead to elevated rates of DNA 

synthesis despite the presence of DNA damage. 

 

  We found that the three histone gene pairs repressed by Hir proteins through the NEG 

promoter element (HHT1-HHF1, HHT2-HHF2 and HTA1-HTB1) were repressed in a Rad53-

dependent manner in response to genotoxic agents that interfere with DNA replication (Figure 

2A, C and data not shown). In contrast to these loci, the HTA2-HTB2 gene pair lacks the NEG 

promoter element (Figure 1A). This is interesting because, unlike the three other histone gene 

pairs, the repression of HTA2-HTB2 in response to HU is not impaired by mutations in Hir 
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proteins (Osley and Lycan, 1987; Xu et al., 1992) or Asf1 (Sutton et al., 2001), a histone 

chaperone that binds to Rad53 (Agez et al., 2007; Jiao et al., 2012). We therefore investigated 

whether expression of mRNAs derived from the HTA2-HTB2 locus was also repressed by 

Rad53. As observed for RNAs derived from the other three histone gene pairs, we found that 

the kinase activity of Rad53 was required for downregulation of HTB2 mRNAs triggered by 

MMS-induced DNA damage (Figure 2D). This result does not rule out the possibility that Hir 

proteins may be targets of Rad53 to repress the three other histone gene loci (see below). 

However, it does suggest the existence of at least one other target whose phosphorylation by 

Rad53 is involved in repression of HTA2-HTB2.  

 

Rad53 triggers histone gene promoter repression in response to replication stress 

S. cerevisiae cells have a post-transcriptional mechanism that enhances the stability of 

histone mRNAs during S-phase to meet the demand for rapid nucleosome assembly behind 

replication forks (Lycan et al., 1987; Pietrobon et al., 2014; Xu et al., 1990). However, despite 

the existence of this mechanism, histone RNAs have a relatively short half-life (<5 min) 

during S-phase (Herrick et al., 1990). In principle, Rad53 could act both by causing 

destabilization of histone RNAs and triggering histone gene repression. However, it seemed 

unlikely that the pronounced reduction of histone RNAs triggered by agents that interfere with 

replication could occur without promoter repression. We therefore sought to determine 

whether Rad53 contributes to repress histone gene promoters using a construct in which a 

reporter gene that confers resistance to neomycin was under the control of the HTA1 promoter 

(Xu et al., 1992). Unlike natural histone RNAs, mRNAs derived from this reporter gene lack 

the 3’-untranslated region necessary for post-transcriptional stabilization during S-phase 
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(Campbell et al., 2002; Xu et al., 1990; Xu et al., 1992). Wild-type and rad53 null mutant cells 

carrying the HTA1-neo reporter gene were released from G1 arrest and genotoxic agents HU 

or MMS were added at the beginning of S-phase (20-min time points in Figure 2E). In wild-

type cells, the abundance of neomycin transcripts decreased upon addition of either HU or 

MMS (Figure 2E). In striking contrast, the neomycin transcripts kept accumulating when 

rad53 mutant cells were treated with HU or MMS at the beginning of S-phase (Figure 2E). 

This result demonstrates that Rad53 triggers histone gene promoter repression in response to 

genotoxic agents that interfere with replication. 

 

Repression of histone mRNAs requires continuous Mec1/Tel1 activity 

 Passage through S-phase in the absence of histone gene transcription results in cell 

lethality (Kim et al., 1988a). Therefore, the potential of Rad53 to repress histone gene 

transcription needs to be carefully controlled to avoid inappropriate repression of histone 

genes during normal replication. For this reason, we explored the roles of the upstream DDR 

kinases Mec1/Tel1 in the repression of histone gene expression induced by DNA damage. In 

response to DNA damage during S-phase, Rad53 is directly phosphorylated in a Mec1/Tel1-

dependent manner, which leads to a substantial increase in the kinase activity of Rad53 and its 

auto-phosphorylation (Gilbert et al., 2001; Sweeney et al., 2005). Although the repression of 

histone gene promoters following HU treatment was unaffected in either mec1  or tel1  

single mutants, a mec1  tel1  double mutant strain was defective in this response (Figure 

3A). We further confirmed this result by treating wild-type cells with caffeine, an inhibitor of 

PI3-kinases such as Mec1 and Tel1 (Vaze et al., 2002). In wild-type cells, caffeine inhibited 

the repression of histone gene promoters triggered by HU (Figure 3B). Further, repression of 
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histone genes in HU requires continuous kinase activity of Mec1/Tel1 because addition of 

caffeine in the presence of HU resulted in re-activation of histone genes in the absence of 

normal replication (Figure 3C). This effect of caffeine was associated with rapid 

dephosphorylation of Rad53 (Figure 3C). This is likely due to the action of phosphatases that 

dephosphorylate Rad53 during checkpoint recovery (Leroy et al., 2003; O'Neill et al., 2007; 

Travesa et al., 2008). We also found that, when Rad53 was dephosphorylated and DNA 

synthesis resumed following removal of HU, histone genes were re-activated (Figure 3D). 

This is likely important to prevent runaway replication in the absence of histone synthesis. 

These results clearly demonstrate that the Rad53-dependent repression of histone genes upon 

replication stress requires activation of the DDR kinases Mec1/Tel1. This ensures that 

inappropriate Rad53-dependent repression of histone genes does not occur during a normal S-

phase. 

 

DDR kinases phosphorylate Hpc2 to repress histone gene transcription.    

 Based on published data, Hpc2 is phosphorylated in a Rad53 and Mec1/Tel1-

dependent manner (Albuquerque et al., 2008; Chen et al., 2007). However, the physiological 

significance of this phosphorylation is not clear. We hypothesized that DDR kinases might 

phosphorylate Hpc2 to promote histone gene repression in response to DNA damage that 

slows down replication. A number of Hpc2 residues are phosphorylated in a Mec1/Tel1 and 

Rad53-dependent manner in vivo (Supplementary Table S1, Figure 4B-D). In contrast, despite 

the fact that Hir1, Hir2 and Hir3 are much larger than Hpc2, only a few phosphorylation sites 

have been identified in these proteins. This suggests that phosphorylation of Hpc2 is key to 

regulation of the HIR complex. None of the Hpc2 sites correspond to the consensus motif for 
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phosphorylation by Mec1/Tel1 (SQ or TQ dipeptides). In order to address whether Rad53 

could directly phosphorylate Hpc2, we purified recombinant Rad53 and a fragment of Hpc2 

that was soluble and readily isolated from Escherichia coli. When expressed alone in 

Escherichia coli, Rad53 undergoes auto-phosphorylation (Gilbert et al., 2001; Sweeney et al., 

2005). When Hpc2 was absent or present at low concentration, Rad53 underwent auto-

phosphorylation that led to the appearance of a slow migrating form of [32P]-labeled Rad53 

(Figure 4A, lanes 1 and 6). Increasing concentrations of Hpc2 resulted in faster migration of 

[32P]-labeled Rad53 and robust incorporation of [32P] into Hpc2 (Figure 4A, lanes 3-6), 

suggesting that Hpc2 phosphorylation competes with auto-phosphorylation of Rad53. In order 

to identify Hpc2 residues that were directly phosphorylated by Rad53 in vitro, we performed 

assays with non-radioactive ATP and the reaction products were analyzed by mass 

spectrometry. In vitro, Rad53 phosphorylated several Hpc2 residues, including serine 332 

(Supplementary Table S1, Supplementary Figure S2) that were identified as DDR kinase-

dependent phosphorylation sites in vivo (Albuquerque et al., 2008; Smolka et al., 2007). Using 

multiple reaction monitoring (MRM), we were able to demonstrate that MMS triggered 

phosphorylation of Hpc2-S332 (Figure 4B-C). This phosphorylation was dependent upon 

DDR kinases because, even in the continuous presence of MMS, addition of caffeine led to a 

loss of phosphorylation (Figure 4B-C).   

 

 We mutated several Hpc2 phosphorylation sites (Supplementary Table S2) and 

monitored the abundance of mutant proteins to ensure that their expression was not reduced by 

the mutations (Figure 5A). To identify residues that were important for histone gene 

repression, we screened Hpc2 mutants for defects in HU-induced histone RNA 
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downregulation. In WT cells, histone mRNA levels increase 20-25-fold in S-phase, but they 

are strongly reduced following HU treatment (Figure 5B and C). Consistent with previous 

reports (Amin et al., 2012; Osley, 1991; Vishnoi et al., 2011; Xu et al., 1992), compared with 

WT cells, hpc2 mutants contain elevated levels histone RNAs in G1. In spite of this histone 

RNAs still increased when  mutants progressed from G1 into S-phase. However, in 

striking contrast to WT cells, the abundance of histone RNAs did not decrease when  

cells were treated with HU (Figure 5B and C). Most of the Hpc2 phosphorylation site mutants 

analyzed displayed histone transcript downregulation comparable to that observed in WT cells 

treated with HU (Supplementary Table S2). However, a triple mutant Hpc2 S330,331,332A as 

well as a quadruple mutant Hpc2 S305A,S307A,S308A,T310V (Val is more closely related to 

a non-phosphorylated Thr than Ala) showed a strong defect in histone transcript 

downregulation in response to HU (Figure 5B and C, compare 25' and HU columns for WT 

cells and cells expressing Hpc2 mutants). This suggests that Hpc2 residues important for 

histone gene repression reside in at least two closely spaced clusters. As observed in other 

proteins (Holt et al., 2009), these multiple serine and threonine residues may form a single 

acidic surface when phosphorylated. Mutations of individual phosphorylatable residues did 

not impair HU-induced histone gene repression (Supplementary Table S2), suggesting 

redundancy among phosphorylation sites. Unlike hpc2  cells, our two Hpc2 mutants were 

significantly, but not completely defective in downregulating histone transcripts. This suggests 

that additional phosphorylation sites on Hpc2 may also contribute in bringing about histone 

gene repression in response to HU. 
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Hpc2 stability is cell cycle and DNA damage regulated. 

 HIR complex-mediated histone gene repression must be overcome during progression 

from G1 into S-phase to allow rapid histone synthesis. The molecular switch that inactivates 

the HIR complex during the G1-S transition is likely critical for cell viability. Without HIR 

complex inactivation, cells might not be able to express histone genes at sufficiently high 

levels to support replication-coupled nucleosome assembly. The molecular basis of HIR 

complex inactivation during the G1-S transition is unknown. In addition, repression must be 

restored in response to genotoxic agents that interfere with DNA replication. Among the four 

Hir proteins, Hpc2 was by far the most highly phosphorylated in vivo. We therefore focused 

our attention on Hpc2. For cell synchronization at the onset of S-phase, we used two strains 

carrying thermosensitive mutant alleles, cdc7-1 and cdc7-4. Cdc7 is a protein kinase that is 

essential for DNA replication origin firing (Bousset and Diffley, 1998). We arrested cells in 

G1 using -factor at 25°C, the permissive temperature for the cdc7-4 mutation. Cells were 

then released towards the cdc7 arrest point in pre-warmed medium (38°C) lacking -factor. 

As expected, Hpc2 was present when histone genes were repressed in G1 (Figure 6A). 

However, during the transition from G1 to the cdc7 arrest point, Hpc2 was degraded (Figure 

6A).  This is consistent with an earlier report showing that histone gene transcription is 

activated between G1 and the cdc7 arrest point (Hereford et al., 1982). We investigated Hpc2 

turnover at the cdc7 arrest point. Upon addition of cycloheximide at the cdc7 arrest point, the 

abundance of Hpc2-FLAG3 decreased approximately 2-fold within 2min (Figure 6A lanes 3-

4), residual but readily detectable Hpc2-FLAG3 decayed very slowly from 2 - 10min (Figure 

6A lanes 3-7). From 10 - 90min following cycloheximide addition, Hpc2-FLAG3 was barely 

detectable and eventually was below the threshold for detection (Figure 6A, lanes 7-14). We 



 

160 

further examined the regulation of Hpc2 during the transition from G1 to the cdc7 arrest point 

in the presence of proteasome inhibitor (MG132) and cycloheximide. In order to enhance the 

intracellular concentration of MG132 and its efficacy, we deleted the PDR5 gene encoding a 

multidrug efflux pump. When G1-arrested cells were shifted to 38 C to inactivate Cdc7 and 

released towards S-phase at 38 C in the presence of cycloheximide from 30min onwards (to 

avoid arresting cells during the G1/S transition), Hpc2-TAP was below the threshold for 

detection (Figure 6B, lanes with cycloheximide but with MG132). In contrast, when MG132 

was added at the same time points as cycloheximide a band with an electrophoretic mobility 

similar to that of Hpc2-TAP (as shown in G1-arrested cells, lane 1) was observed. This 

indicates that Hpc2-TAP is continuously degraded as cells remain at the cdc7 arrest point for 

up to 90min. This degradation is sensitive to the proteasome inhibitor MG132. Please note that 

this result does not rule out the possibility that Hpc2 may be continuously synthesized and 

degraded at the cdc7 arrest point. The results shown in Figure 6B suggest that, at the cdc7 

arrest point, Hpc2 is present but continuously degraded by the proteasome to prevent it from 

triggering histone gene arrest point. Because we used cycloheximide in Figure 6B, we could 

not assess whether new Hpc2 molecules were continuously synthesized and degraded. In order 

to address whether new Hpc2 were synthesized during a normal S-phase, we synchronized 

cells in G1, inactivated Cdc7 at 38 C and released them to the arrest point at 38 C. After 

decreasing the temperature to 24 C to ensure that S-phase proceeded slowly (see FACS 

profiles in Figure 6C), we took time points to monitor the abundance of Hpc2-TAP by 

immunoblotting. From 10 to 40 min following the temperature shift from 38 C to 24 C, we 

observed a progressive increase in Hpc2-TAP (Figure 6C). Even after 40min, the cells had 

only reached about half the DNA content of G2 and Hpc2-TAP was still accumulating in those 
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cells (Figure 6C). These results suggest that, although Hpc2 is synthesized during S-phase, the 

control of its abundance and/or regulatory mechanisms contribute to prevent inappropriate 

repression of histone gene transcription when the demand for histone synthesis is at its peak.  

 

 We showed that Rad53 directly phosphorylates Hpc2 in vitro (Figure 4A). We 

naturally wondered whether Rad53's role in repressing histone gene transcription was 

mediated, directly or indirectly through control of Hpc2 abundance. We synchronized wild-

type and rad53 sml1-1 cells expressing Hpc2-FLAG3 in G1 with -factor. The two strains 

were then released towards S-phase in the presence of HU for up to 60min at 30 C. At all time 

points, Hpc2-FLAG3 was more abundant in wild-type cells than in rad53 sml1-1 cells 

(Figure 7A). This result suggested that the mechanism of repression in response to HU 

involved Rad53 maintaining, directly or indirectly, higher levels of Hpc2 than they would be 

during normal passage through S-phase when histone gene transcription needs to be 

maintained. In order to look more carefully at molecules of Hpc2-FLAG3 present in cells 

treated with HU, the samples were analyzed through Phos-Tag gels rather than SDS-

polyacrylamide gels. The Phos-Tag ligands binds to phosphoproteins in SDS-polyacrylamide 

gels and greatly retards their mobility compared that observed in conventional SDS-PAGE. In 

wild-type cells, where Rad53 was present to phosphorylate Hpc2, we noticed that Hpc2-

FLAG3 migrated as a broad smear, most likely reflecting the multiple phosphosites identified 

as Rad53-dependent by mass spectrometry of HU-treated cells (Supplementary Table S1). 

Consistent with this, HU-treated cells lacking Rad53 (rad53 ere is a lower abundance of 

Hpc2-FLAG3 observed (Figure 7B). The smear of Hpc2-FLAG3 molecules derived from 
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rad53 sml1-1 cells was both less abundant and migrated significantly faster in Rad53-

deficient cells than in wild-type cells.  

 

Histone gene repression likely requires histone binding to the Hpc2 subunit of the HIR 

complex 

 Clark and colleagues (Eriksson et al., 2012) proposed that the repression of histone 

genes that occurs in G2 might be triggered by a negative feedback triggered by excess histones 

produced when the total rate of DNA synthesis declines towards the end of S-phase and into 

G2. We felt this was an elegant hypothesis that also applied to the abrupt and untimely decline 

in the rate of DNA synthesis that follows from activation of the DDR and the consequent 

inhibition of origin firing in early S-phase. In order to test this hypothesis, we took advantage 

of the fact that, among the four subunits of the human HIR complex, the only one that has 

been shown to bind directly to histone H3.3 is Ubinuclein [human UBN1 / UBN2] (Ricketts et 

al., 2015). The domain of Ubinuclein that binds H3.3 is known as HRD (Hpc2-related 

domain) because it was originally identified as the domain of S. cerevisiae Hpc2 that is most 

strikingly conserved among organisms that range from the fission yeast S. pombe to humans. 

In humans, Ubinuclein binds specifically to the replication-independent variant H3.3, rather 

than the replication-dependent variants H3.1/H3.2. However, in S. cerevisiae all the canonical 

H3 molecules synthesized from the HHT1 and HHT2 RNAs possess the amino acid that 

channels H3.3 towards the replication-independent nucleosome assembly pathway (Figure 

9B). Given all this, we felt armed with the tools to ask whether the ability to bind H3 was 

needed for Hpc2 to repress histone gene transcription.  
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 The structure of Ubinuclein bound to H3.3 revealed three key residues that bind to the  

H3.3-specific region (Ricketts et al., 2015). Collectively mutating all three residues 

completely abolished binding of Ubinuclein to H3.3. These residues of Ubinuclein correspond 

to Hpc2 F585, I586 and D587 (Figure 9A). We generated a triple alanine mutant of Hpc2, 

F585A, I586A and D587A. Hereafter, this mutant will be referred to as Hpc2 FID-AAA. 

Simultaneous mutation of these three residues is not expected to destabilize Hpc2 because, 

rather than being located internally within Hpc2, the three residues are part of a single external 

surface of the Hpc2 protein. Nevertheless, we verified that Hpc2 FID-AAA tagged at its C-

terminus with a triple HA epitope was expressed by immunoblotting of whole-cell lysates. 

Hpc2 FID-AAA expressed from the natural HPC2  promoter was readily detected in both 

proliferating cells and HU-treated cells (Figure 8F) but, unexpectedly, wild-type Hpc2-HA3 

was not detected under the same conditions (Figure 8F). This was not because wild-type 

Hpc2-HA3 was not expressed because, in other experiments, we readily detected the wild-type 

protein (Figure 5A). Second, despite being below the threshold for detection in this 

experiment, Hpc2-HA3 was capable of repressing the eight canonicals histone mRNAs and, 

more specifically, the HTA1 promoter in response to HU (Figure 8A-8E). The reason why 

wild-type Hpc2 "appears" to be less abundant than Hpc2 FID-AAA is currently unknown. 

However, we note that two independent affinity purifications of the HIR complex revealed 

that, unlike Hir1, Hir2 or Hir3, Hpc2 did not migrate as a single band in SDS-polyacrylamide 

gels (Green et al., 2005 ; Prochasson et al., 2005). This suggests that wild-type Hpc2 can be 

extensively modified even in normally proliferating cells. This requires further investigation, 

but the fact  that Hpc2 FID-AAA gives rise to a sharp band by SDS-PAGE (Figure 8F) 

suggests that the FID-AAA mutant somehow escapes the regulatory cues that give rise to the 
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extensive modification of wild-type Hpc2.  Regardless, our results indicate that the phenotypes 

caused by the FID mutation are not due to a lack of expression of Hpc2 FID-AAA. 

 

 We used an hpc2  cdc7-4 mutant as a control strain that cannot repress histone gene 

transcription. This strain (W303 MATa cdc7- ) was transformed with either 

an empty plasmid, a plasmid encoding wild-type Hpc2-HA3 or a plasmid encoding Hpc2-HA3 

FID-AAA. The cdc7-4 thermosensitive mutation served to synchronize cells just before the 

time of replication origin firing (Bousset and Diffley, 1998). Because histone mRNAs are also 

regulated at the post-transcriptional level, our three strains were also transformed with a 

second plasmid that contained a reporter for histone gene promoter repression, namely the 

HTA1 promoter driving expression of a neomycin resistance gene. The three strains were 

synchronized in G1 with -factor (Figure 8G), and the cells released towards the cdc7-4 arrest 

point at 37 C, the restrictive temperature for the cdc7-4 mutation. Wild-type cells activate 

transcription of histone gene promoters at some point during the transition from G1 [ -factor 

arrest point] to DNA replication origin firing [cdc7-4 arrest point] (Hereford et al., 1982). 

Despite the fact that most cdc7-4 cells at 37 C were clearly arrested with 1C DNA contents 

(Figure 8G) and, therefore, histone gene transcription should be turned on, we were surprised 

to see that the abundance of histone mRNAs, normalized to the abundance of actin mRNA, 

was variable  among our three strains (Figure  8A-8E, compare levels of histone mRNAs 

solely among the three strains at 37 C). Intriguingly, at 37 C in cells expressing wild-type 

Hpc2, the abundance of the eight canonical histone mRNAs, and even that of the neomycin 

reporter RNA, were always intermediate between the levels of the same RNAs in hpc2  cells 

(lowest RNA levels) versus hpc2  complemented with a plasmid for expression of Hpc2-HA3 



 

165 

FID-AAA (Figure 8A-E). The significance, if any, of this striking pattern, is currently 

unknown. Because this pattern of mRNA abundance was only observed in cdc7-4 mutant cells 

at 37 C, it is not straightforward to compare it with the patterns described below, which were 

obtained at 25 C, the permissive temperature for the Cdc7-4 protein kinase.  

 

 We released the three strains from the cdc7-4 arrest point by lowering the temperature 

to 25 C in the presence 200mM of the DNA replication inhibitor hydroxyurea (HU) for 1 h. 

This allowed very limited synthesis of DNA (Figure 8G) prior to dNTP pools reaching 

concentrations below the threshold for DNA polymerase activity. Under these conditions, a 

striking pattern of mRNA abundance was observed among our three strains. The abundance of 

the eight canonical histone mRNAs, and the neomycin reporter RNA normalized to the 

abundance of actin mRNA, were much higher in the the two mutant strains, hpc2  and hpc2  

containing a plasmid for expression of Hpc2-HA3 FID-AAA, than in hpc2  cells expressing 

wild-type Hpc2-HA3 from a plasmid (Figure 8A-E, compare levels of histone mRNAs solely 

among the three strains treated with HU). Interestingly, the same pattern was observed when 

cells were arrested with -factor in G1 (Figure 8A-E, compare levels of histone mRNAs 

solely among the three strains arrested in G1). The fact that the HTA2 and HTB2 mRNAs were 

repressed in an Hpc2-dependent manner seems counterintuive because, unlike the other three, 

the HTA2-HTB2 promoter region lacks the NEG element through which the HIR proteins exert 

their repressive effect (Figure 1A). However, the HTA2-HTB2 gene pair was previously shown 

to be co-repressed with the other three in response to HU, and transcriptional repression of 

HTA2-HTB2 was at least partially dependent upon Hpc2 and the other HIR proteins (Osley 

and Lycan, 1987 ; Xu et al., 1992).   Collectively, our results indicate that the Hpc2-HA3 FID-
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AAA mutant is equivalent to an hpc2  null mutation in failing to restrict the accumulation of 

histone mRNAs in G1 or when DNA replication is inhibited by HU. These results suggest, but 

do not formally prove, that the ability of Hpc2 to bind histone H3 is important to  restrict the 

accumulation of histone mRNAs in G1 or when DNA replication is inhibited by HU, and 

possibly other genotoxic agents that robustly activate the intra S-phase DNA damage response 

that inhibits the firing of new replication origins.    

 

Discussion 

 Excess histones interfere with many cellular processes and, therefore, the amounts of 

new histones must be tightly regulated during the cell cycle. It is crucial that proliferating cells 

maintain strict control over the relative abundance of new histones and nascent DNA. This 

regulatory requirement is further compounded by the fact that the total rate of DNA synthesis 

abruptly declines in response to DNA damage during S-phase due to the sudden inhibition of 

new origin firing.  

 

Multiple mechanisms to prevent the accumulation of excess histones 

 We previously reported that the DDR kinase Rad53 triggers degradation of excess 

histone proteins (Gunjan and Verreault, 2003; Singh et al., 2009a). Here, we demonstrate that 

Rad53 is also required to repress transcription of histone genes in response to genotoxic agents 

that slow down DNA replication. The dual role of Rad53 in histone gene repression and 

degradation of excess histones raises an interesting issue. At least superficially, these two 

modes of regulation appear to be redundant with each other. However, early S-phase cells 

need to synthesize large amounts of histones at very high rates to meet the demand for rapid 
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histone deposition behind replication forks. The sudden decline in rates of DNA synthesis that 

follows DNA damage during S-phase therefore results in a substantial accumulation of excess 

histones (Gunjan and Verreault, 2003; Singh et al., 2009c). Because they form a complex with 

Rad53 and the multi-functional ubiquitin-conjugating enzymes involved in their degradation 

(Gunjan and Verreault, 2003; Singh et al., 2012; Singh et al., 2009b), excess histones would 

eventually saturate the degradation machinery if they were synthesized continuously in the 

absence of genotoxic agent-induced histone gene repression. This would ultimately interfere 

with other important functions of Rad53, such as the phosphorylation of target proteins at sites 

of stalled replication forks.  

 

Regulation of histone gene repression 

 The fact that Rad53 has the potential to repress histone gene transcription raises an 

important question. Clearly, the latent potential of Rad53 to repress histone genes needs to be 

carefully controlled to avoid inappropriate repression during normal progression through S-

phase. This is because cells that complete S-phase in the absence of histone gene transcription 

lose viability (Kim et al., 1988b). There are at least two failsafe molecular mechanisms to 

ensure that histone gene transcription is not inappropriately interrupted during normal passage 

through S-phase. The first stems from the fact that the Hpc2 subunit of the HIR repressor 

complex is unstable at the cdc7 arrest point, and possibly during early S-phase as well. In fact, 

Hpc2 is likely synthesized and degraded during that period, which would allow a window of 

opportunity for new Hpc2 molecules to bind excess histones if there is an impromptu and 

abrupt decline in the total rate of DNA synthesis. Second, extensive phosphorylation of Hpc2 

is needed for HU-induced repression of histone gene transcription. Because of this 
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requirement, the ability of Rad53 to function as a histone gene repressor is only unmasked in 

response to replication interference, when the kinase activity of Rad53 is strongly activated by 

the upstream kinases Mec1/Tel1.  

 

 The initial trigger to repress histone genes may depend upon conditions that result in 

the presence of excess histones and those conditions likely require initiation of DNA 

replication (i.e. passage through the cdc7-4 arrest point). Although we only tested one 

mutation that prevents initiation of DNA replication, cdc7-4 mutant cells failed to repress 

histone gene transcription even when the mutant was held for long periods of time just before 

the onset of DNA synthesis. Second, in contrast to the cdc7-4 mutation, thermosensitive 

mutations that stall DNA synthesis within S-phase mimic the effects of HU or MMS and 

trigger histone gene repression (Lycan et al., 1987). Third, this is reminiscent of the 

requirement for stalled replication forks to activate the kinase activity of Rad53 in the 

presence of the alkylating agent MMS. Cells held at the cdc7 arrest point do not activate 

Rad53 in response to MMS, whereas cells that progress beyond the initiation step of DNA 

replication readily activate Rad53 (Tercero et al., 2003).  

 

 There are at least two non-mutually exclusive reasons why the total rate of DNA 

synthesis may abruptly decrease in response to DNA damage during early S-phase. At least 

for some genotoxic agents, the lesions in DNA template strands (e.g. 3-methyladenine caused 

by MMS) may directly interfere with replicative DNA polymerases. However, unless the 

density of lesions is extremely high, this is not expected to make a major contribution to the 

abrupt decline in the total rate of DNA synthesis because many forks may not encounter 
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lesions rapidly. A more likely source of the abrupt decline in the total rate of DNA synthesis is 

the activation of the intra S-phase DDR, which precludes initiation from many replication 

origins.    

 

 An inevitable consequence of conditions that activate the intra S-phase DDR is the 

transient accumulation of newly synthesized histones. This was demonstrated by monitoring 

the amounts of histones bound to several nucleosome assembly factors before and after 

treatment with drugs that interfere with replication (Emili et al., 2001; Groth et al., 2005; 

Gunjan and Verreault, 2003; Singh et al., 2009a). Thus, it is conceivable that the signal to 

repress histone genes is simply the accumulation of newly synthesized histones above a 

certain threshold. This is consistent with several lines of evidence. Budding yeast cells with 

reduced levels of H2A/H2B, due to disruption of the HTA1-HTB1 gene pair, cannot repress 

transcription of HTA1-LacZ in response to HU (Moran et al., 1990). This phenomenon may be 

conserved because, even in human cells, inhibitors of protein synthesis prevent subsequent 

repression of histone genes triggered by drugs that slow down replication (Baumbach et al., 

1984; Sive et al., 1984). Yeast cells also have a mechanism that downregulates expression of 

the HTA1-HTB1 promoter in cells carrying multiple copies of H2A and H2B genes (Moran et 

al., 1990). This negative feedback is Hir protein-dependent and requires high levels of the 

H2A/H2B proteins because frameshift mutations that prevent H2A/H2B protein synthesis 

from the additional gene copies abrogate the repression (Moran et al., 1990). 
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Mechanism of histone gene repression 

 Once the decision to repress histone gene transcription has been taken, Rad53 probably 

activates a series of events that culminates in the coordinate repression of the four core histone 

gene promoters. One of those events is the recruitment of the ATP-dependent chromatin 

remodeler RSC to histone gene promoters (Ng et al., 2002). Asf1 is a histone H3-H4 

chaperone that is known to function in concert with either replication-dependent (CAF-1) and 

replication-independent nucleosome assembly factors such as the HIR complex. In support of 

the latter, a physical interaction between Asf1 and the HIR complex has been described 

(Green et al., 2005 ; Sutton et al., 2001). Histone gene repression is fully dependent on HIR 

protein and at least partially dependent upon Asf1 (Sutton et al., 2001). This raises the 

intriguing possibility that RSC may cooperate with the Asf1-HIR protein complex (Green et 

al., 2005) to promote nucleosome assembly and positioning over the UAS elements of histone 

gene promoters. Asf1 and HIR were found to promote rapid nucleosome assembly upon 

phosphate-induced repression of the PHO5 promoter in G1-arrested cells (Schermer et al., 

2005). Thus, it seems likely that complexes of Asf1-Hir proteins bound to H3/H4 (Green et 

al., 2005) may be recruited to deposit histones and thereby repress transcription of specific 

promoters, including those of histone genes, via interactions with promoter DNA-bound 

factors. However, the mechanism of DNA damage-induced histone gene repression is likely to 

be very complex. Many proteins involved in histone gene regulation, such as the activators 

SWI/SNF (Dimova et al., 1999), Spt21 (Hess et al., 2004), SBF [Swi4-Swi6] (Eriksson et al., 

2011), and Yta7 (Kurat et al., 2011), are all phosphorylated at several sites in response to 

DNA damage  (Albuquerque et al., 2008; Chen et al., 2010; Sidorova and Breeden, 2003; 

Smolka et al., 2007). Moreover, at least nine of the 15-subunit RSC complex are 
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phosphorylated at multiple sites by DDR kinases (Albuquerque et al., 2008; Chen et al., 2010; 

Sidorova and Breeden, 2003; Smolka et al., 2007). Although part of this intricate pattern of 

phosphorylation may facilitate the action of RSC during DSB repair (Liang et al., 2007; Oum 

et al., 2011), it is possible that it might also contribute to RSC recruitment and/or its action at 

histone gene promoters.  

 

Histone gene repression may be under negative feedback triggered by excess histones 

 In spite of the aforementioned complexity, we feel that we uncovered a key feature of 

histone gene regulation. Despite being unstable at the cdc7 arrest point, when histone genes 

are transcribed, we showed that Hpc2 likely requires binding to excess histones in order to 

repress histone gene transcription. This is an obvious paradox, which may be resolved if the 

Hpc2 protein is continuously synthesized and degraded during the G1-S transition and S-

phase, and only stabilized when Hpc2  is extensively phosphorylated and/or binds to excess 

histones in response to conditions that interfere with replication.  

 

 As appealing as the negative feedback model for histone gene repression may be, we 

are missing crucial results to consolidate the model. We have not formally proven that wild-

type Hpc2 becomes associated with H3 when cells enter S-phase in the presence of HU or 

MMS and, conversely, that the Hpc2 FID-AAA mutant fails to bind H3 under the same 

conditions. Providing this evidence may prove more difficult than it seems. This is because, 

depending on conditions that are not yet fully understood, wild-type Hpc2 is either detectable 

by immunoblotting (Figures 5A, 6A-C, 7A-B) or not (Figure 8E). This may be an issue with 

plasmid retention because Hpc2 was detectable when the sequences encoding TAP and 
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FLAG3 epitope tags were integrated 3' of the HPC2 coding region (Figure 6A-C, 7A-B). 

Alternatively, detection of Hpc2-HA3 during normal cell progression may depend upon the 

fraction of cells in G1 and G2/M, when histone genes are repressed, as opposed to the G1-S 

transition and S-phase, when histone genes are transcribed and the Hpc2 protein is unstable. 

Over and above this problem, it is unclear whether we will be able to show that H3 is bound to 

Hpc2 in cells where histone genes are repressed. There are two reasons for this concern. The 

first is that two affinity purifications of the HIR complex from asynchronously growing cells 

did not show stoichiometric amounts of histones based on Coomassie staining or even sub-

stoichiometric amounts of histones based on mass spectrometry (Greene et al., 2005 ; 

Prochasson et al., 2005). The second is the possibility that, even in HU-treated cells, only a 

small subset of HIR complexes may be associated with histones even though HIR is involved 

in replication-independent nucleosome assembly.  

 

Evolutionary conservation 

 Metazoans utilize at least two distinct strategies to trigger rapid disappearance of 

histone mRNAs following replication arrest. They not only repress histone gene transcription 

(Sittman et al., 1983), but also trigger degradation of histone mRNAs (Baumbach et al., 1984; 

Kaygun and Marzluff, 2005; Sittman et al., 1983). A potential role of the metazoan HIR 

complex and its Ubinuclein subunit in histone gene repression has, to our knowledge, never 

been investigated. Interestingly, the Mec1/Tel1-related protein kinase ATR, a key mediator of 

the response to DNA damage during S-phase, is needed for degradation of histone RNAs 

following treatment of human cells with replication inhibitors (Kaygun and Marzluff, 2005). 

However, several conflicting reports regarding the involvement of additional DNA damage 
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checkpoint proteins such as DNA-PK and p53 in regulating histone transcript levels in 

mammalian cells following DNA damage have appeared in the literature (Meador et al., 2011; 

Muller et al., 2007; Su et al., 2004), suggesting additional complexity and redundancy in 

mammalian systems (Muller et al., 2007) compared to the clear requirement for the DDR 

kinases Mec1/Tel1 and Rad53 in the budding yeast. Nevertheless, although the molecular  

mechanisms may be different, the biological rationale and the role of DDR kinases in 

genotoxic agent-induced downregulation of histone RNAs is conserved from yeast to human 

cells.  
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 Figure 1. Rad53 is not required for cell cycle regulation of histone gene 

transcription. 

(A) Histone genes are organized as four gene pairs encoding either H3-H4 (HHT1-HHF1 

and HTT2-HHF2) or H2A-H2B (HTA1-HTB1 and HTA2-HTB2). Each gene pair is 

transcribed from a divergent promoter. Three of the four core histone gene promoters are 

repressed by Hir proteins through a negative cis-acting element (NEG). The HTA2-HTB2 

promoter lacks the NEG element.  

 

(B) Wild-type (W303) and rad53 mutant cells were synchronized with a-factor in G1 and 

released into the cell cycle at 30 C in pre-warmed rich medium (YPD). Cells were 

harvested every 10 minutes after release. Total RNA was isolated and analyzed by 

northern blotting to detect HHT1 mRNAs. Ethidium bromide stained 26S and 18S rRNA 

levels are shown as loading control. rad53 K227A is viable despite the presence of wild-

type SML1 because it is a catalytically crippled, but not a null allele of RAD53. 
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Figure 2. Downregulation of histone mRNAs in response to hydroxyurea (HU) and 

methyl methane sulfonate (MMS) is impaired in rad53 mutant cells. 

 

(A) Wild-type (W303) and rad53 mutant cells were released from -factor arrest and 0.2M 

HU was added at the beginning of S-phase (20min) to slow down DNA replication by 

depleting dNTPs. Northern blots were performed to monitor the HHT1 and HHF1

transcripts. Ethidium bromide stained 26S and 18S rRNA levels are shown as loading 

control. The delay in DNA replication caused by HU was monitored by FACS. 

 

(B) Flow cytometric analysis of the DNA content of the cells used in the experiment shown 

in (A). 

 

(C) Wild-type (W303) and rad53 mutant cells were released from -factor arrest and 0.1% 

MMS was added at the beginning of S-phase (20min) to interfere with DNA replication. 

Northern blots were performed to detect the HHT1, HTA1 or the ACT1 transcripts as 

loading control.  
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Figure 2. Downregulation of histone mRNAs in response to hydroxyurea (HU) and 

methyl methane sulfonate (MMS) is impaired in rad53 mutant cells. 

 

D) The northern blot was then stripped and re-probed to detect HTB2 mRNAs. 

 

E) Wild-type and rad53 null mutant cells carrying the HTA1-Neo reporter gene were 

released from G1 arrest and genotoxic agents HU or MMS were added at the beginning of 

S-phase (20-min time points). In wild-type cells, the abundance of neomycin transcripts 

decreased upon addition of either HU or MMS (20 - 40 min time points).  

 

In striking contrast, the neomycin transcripts kept accumulating when rad53 mutant cells 

were treated with HU or MMS at the beginning of S-phase. This result demonstrates that 

Rad53 is needed to trigger histone gene promoter repression in response to genotoxic 

agents that interfere with replication. 
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Figure 3. Histone gene repression in response to hydroxyurea is dependent upon continuous 

activity of the protein kinases Mec1 and Tel1.

(A) Mec1 and Tel1 are redundant with each other for HTA1 promoter repression upon HU 

treatment. Asynchronous populations of the indicated strains expressing the HTA1-Neo reporter 

were either left untreated or incubated with 0.2M HU for 25min. Northern blots were performed to 

detect the Neo mRNAs. ACT1 transcripts were monitored as loading controls.  

(B) Caffeine reduces the HU-induced repression of the HTA1 promoter. Strains were processed as in 

(A), except that 0.5% (w/v) caffeine was added 5 minutes prior to the addition of 0.2M HU. 

(C) Asynchronously growing wild-type cells expressing the HTA1-Neo reporter were treated with 

0.5% (w/v) caffeine either after treatment with 0.2M HU (arrow) or simultaneously with HU 

treatment (+). The upper panel shows Neo reporter transcript levels, whereas the middle panel 

depicts the 26S rRNA levels as loading controls. The bottom panel shows an immunoblot performed 

to detect Rad53 phosphorylation in the same samples. 

(D) Histone gene transcription is reactivated following HU removal, resumption of DNA synthesis 

and concomitant Rad53 dephosphorylation. Asynchronously growing wild-type (W303) cells 

expressing the HTA1-Neo reporter were treated with 0.2M HU for 90min. HU was then washed 

away, and cells were grown in the absence of HU for the indicated time periods. The upper three 

panels are as in (C), while the bottom panel shows the DNA contents of the cells at the time they 

were harvested. 
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 Figure 4. Hpc2 phosphorylation in vivo and in vitro. 

(A) Autoradiogram showing the [32P]-labeled products produced after in vitro kinase assays 

performed with recombinant Rad53 and a fragment of Hpc2 (residues 32-352). 

(B-C) MMS-induced phosphorylation of Hpc2-Ser332 is abolished by caffeine. 

Asynchronous cells were either left untreated or treated for 2h with 0.035% MMS. Half of 

the MMS-treated culture was then incubated with 0.5% caffeine for 30min to inhibit 

Mec1/Tel1. Hpc2-TAP was affinity-purified from each cell population and the abundance of 

Hpc2-Ser332 phosphorylation determined by MRM (see Supplement). Hpc2-TAP was also 

analyzed by SDS-PAGE and stained with Coomassie Blue. The graph (B) shows the 

abundance of the Hpc2-Ser332 phosphopeptide as a function of its retention time during 

liquid chromatography.  

(D) Hpc2-Ser332 is phosphorylated in vivo in response to MMS. Hpc2-TAP was purified 

from MMS-treated cells and analyzed by nano LC-MS/MS. The observed and theoretical 

m/z ratio of the non-fragmented precursor peptide are indicated at the top. In the MS/MS 

spectrum, the sequence from left to right is shown from the C-terminus to the N-terminus 

relative to that of Hpc2. The fragment with m/zobs 648.9963 is diagnostic of Ser332 

phosphorylation and formed by loss of H3PO4 from the doubly charged y13 fragment ion 

(y13
2+ - H3PO4): m/ztheo 648.87.  
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Figure 5. Two clusters of Hpc2 residues contribute to downregulation of histone 

transcripts upon replication inhibition. 

 

(A) Hpc2 mutations do not destabilize the protein. Hpc2-HA3 levels were determined by 

immunoblotting of asynchronously growing cell populations. Ponceau S is shown as loading 

control. 

(B) hpc2 mutants are defective in downregulating HHF2 transcripts upon HU treatment. 

Exponentially growing cultures of wild-type or hpc2 mutant cells were arrested with -factor 

for two hours and released towards S-phase for 25 minutes at 30 C prior to addition of 0.2M 

HU for 20 minutes. Total RNA was extracted from the different samples and histone mRNA 

levels were determined by qRT-PCR. The abundance of HHF2 mRNA was normalized to that 

of ACT1. HHF2 RNA levels in each sample are expressed relative to the levels observed in WT 

G1 cells, which were arbitrarily set to one. 

(C) hpc2 mutants are defective in downregulating HTA1 transcripts upon HU treatment. The 

data were generated as described in (B) but using HTA1-specific primers. 
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Figure 6. Hpc2 is degraded during the G1-S transition and early S-phase but is stabilized 

in mid- to late S-phase.  

(A) HPC2-FLAG3 cdc7-4 cells were released from -factor at 38°C and blocked at the cdc7

arrest point. Hpc2-FLAG3 was detected by immunoblotting. Ponceau S staining is shown as 

loading control. Cell synchronization was monitored by FACS. 

 

(B) Cycloheximide chase of HPC2-TAP pdr5  cdc7-1 cells that were released from -factor at 

38°C and kept at the cdc7-4 arrest point for the entire time course. When cells  reached the 

cdc7-4 arrest point, cycloheximide alone (CHX, g/ml), MG132 (50μM ) or CHX + 

MG132 were added for 30, 60 or 90 min. Hpc2-TAP was detected by immunoblotting.  

Ponceau S staining is shown as loading control.  

 

(C) HPC2-TAP cdc7-1 cells were released from -factor arrest at 38°C and held at the cdc7 

arrest point (AP - 38 C) for 60 min. Cells were then released in S-phase at 24°C for 10, 25 or 

40 min corresponding to early-, mid- and mid/late S-phase monitored by FACS for DNA 

content. Hpc2-TAP was detected by immunoblotting. Ponceau S staining is shown as loading 

control. 
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Figure 7. Rad53 is required to stabilize Hpc2 in response to hydroxyurea.  

 

(A) Wild-type and rad53 null mutant cells expressing Hpc2-FLAG3 were released from 

-factor arrest at 30°C in medium containing 0.2M HU. Aliquots of the culture were then 

collected every 15 min for up to 60 min and Hpc2-FLAG3 detected by immunoblotting. 

Ponceau S staining and a PCNA immunoblot are shown as loading controls. The block in 

DNA replication caused by HU was monitored by FACS.  

 

(B) Wild-type cells expressing Hpc2-Flag3 were synchronized with -factor and released 

towards S-phase at 30°C for up to 60 min in medium containing 0.2M HU. Hpc2-Flag3 

protein phosphorylation and mobility were detected by immunoblotting from a Phos-tag 

gel. Ponceau S is shown shown as loading control. 



 

196 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



 

197 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 8. Mutation of Hpc2 FID residues interfere with the downregulation of histone 

transcripts that follows inhibition of DNA replication. 

 

(A, B) The Hpc2 FID-AAA mutant is defective in downregulating the HHF1, HHF2 and 

HHT1, HHT2 transcripts upon HU treatment. Exponentially growing cultures of wild-type 

or hpc2 mutant cells carrying a cdc7-4 mutation were arrested with -factor, and released 

towards S-phase at the restrictive temperature of 38°C for 60 minutes. This was followed 

by release at 25°C for 60 minutes in 200mM HU. Total RNA was extracted from the 

different samples and histone mRNA abundance was determined by qRT-PCR. Histone 

mRNA levels were normalized to those of ACT1. The mRNA levels in each sample were 

expressed relative to the levels observed in hpc2 G1 cells, which were arbitrarily set to 

one.  
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Figure 8. Mutation of Hpc2 FID residues interfere with the downregulation of histone 

transcripts that follows inhibition of DNA replication. 

 

(C, D) The Hpc2 FID-AAA mutant is defective in downregulating the HTA1, HTB1, HTA2, 

and HTB2 transcripts upon HU treatment.  

 

Exponentially growing cultures of wild-type or hpc2 mutant cells carrying a cdc7-4 

mutation were arrested with -factor, and released towards S-phase at the restrictive 

temperature of 38°C for 60 minutes. This was followed by release at 25°C for 60 minutes 

in 200mM HU. Total RNA was extracted from the different samples and histone mRNA 

abundance was determined by qRT-PCR. Histone mRNA levels were normalized to those 

of ACT1. The mRNA levels in each sample were expressed relative to the levels observed 

in hpc2 G1 cells, which were arbitrarily set to one.
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Figure 8. Mutation of Hpc2 FID residues interfere with the downregulation of histone 

transcripts that follows inhibition of DNA replication. 

 

(E) The Hpc2 FID-AAA mutant is defective in downregulating an HTA1 promoter-driven 

Neomycin reporter mRNA upon HU treatment.  

(F) The Hpc2-HA3 FID-AAA mutation does not destabilize the protein (lanes 3 and 6). The 

wild-type Hpc2-HA3 was undetectable under those conditions. Hpc2-HA3 levels was 

detected by immunoblotting in asynchronously growing cell populations. Ponceau S is 

shown as loading control. 

(G) DNA contents of asynchronous (As) cells, cells arrested in -factor (G1), cells blocked 

at the cdc7-4 arrest point (37 C) and cells released from the cdc7-4 arrest point in medium 

containing 0.2M hydroxyurea (HU). 

 

Exponentially growing cultures of wild-type or hpc2 mutant cells carrying a cdc7-4 

mutation were arrested with -factor, and released towards S-phase at the restrictive 

temperature of 38°C for 60 minutes. This was followed by release at 25°C for 60 minutes 

in 200mM HU. Total RNA was extracted from the different samples and histone mRNA 

abundance was determined by qRT-PCR. Histone mRNA levels were normalized to those 

of ACT1. The mRNA levels in each sample were expressed relative to the levels observed 

in hpc2  G1 cells, which were arbitrarily set to one. 
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Figure 9. Conservation of the Hpc2-Related Domain (HRD) and H3.3 family 

members.

 

(A) Sequences of S. cerevisiae Hpc2 (ScHpc2) and the Hpc2-related domain (HRD) of 

Homo sapiens UBN1  (HsUBN1) The FID residues are indicated by an arrow. 

 

 

 (B) Sequence comparison of S. cerevisiae H3 (ScH3), H. sapiens H3.3 (HsH3.3, 

replication-independent) and H. sapiens H3.1 (HsH3.1, replication-dependent). The key 

residue that drives H3.3 towards the replication-independent nucleosome assembly 

pathway is Gly90 (excluding the N-terminal Met) in ScH3 and HsH3.3 (indicated by an 

arrow), which is a Met in HsH3.1.
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Chapter 4: Discussion  

4.1 Chapter 2 Discussion 

4.1.1 Choreography of events at DNA replication forks 

 At each replication fork, there are numerous events that require binding of multiple 

proteins to PCNA. As an example, at each replication fork, the DNA helicase unwinds the 

double stranded DNA to create the single-stranded DNA templates necessary for DNA synthesis. 

The RFC clamp loader opens up the ring-shaped PCNA clamp and closes it around DNA at 

primer-template junctions, which are junctions between double-stranded and single-stranded 

DNA. Clamp closure around DNA is referred to as PCNA loading. This is thought to happen 

only once for leading strand synthesis, but for lagging strand synthesis RFC needs to load at least 

one PCNA clamp per Okazaki fragment. PCNA loading by RFC requires a PCNA Interaction 

Peptides (PIP) in RFC. Following PCNA loading, the first proteins that need to bind PCNA are 

the replicative DNA polymerases: Pol  for leading strand synthesis and Pol  for lagging strand 

synthesis. An evident question emerges at this early stage of DNA synthesis. How does the cell 

ensure that the first PCNA ring loaded by RFC becomes associated with Pol  or Pol , as 

opposed to the myriad of functionally unrelated PCNA-binding proteins that are continuously 

present at DNA replication forks? A related question is the following. Assuming that the primary 

role of PCNA is to enhance processive DNA synthesis by Pol  or Pol , how does the cell 

ensure that the polymerases do not frequently dissociate from PCNA? The 8-residue canonical 

PIPs only confer modest affinity for PCNA with Kds in the micromolar range. Therefore, for 

proteins such as DNA polymerases that should not dissociate from PCNA, additional surfaces of 

interaction must contribute to confer high affinity binding. Alternatively, multivalent 
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engagement of the PCNA homo-trimer would confer an increase in affinity. Remarkably, studies 

of yeast and human Pol  showed that at least three subunits of Pol  can engage PCNA 

simultaneously (Khandagale et al., 2020). Multivalent engagement of the three PCNA rings by a 

unique enzyme can also serve the important purpose of functionally dedicating a PCNA ring to a 

single enzyme. 

  A number of PCNA-dependent processes need to occur when a sufficient amount of 

double-stranded DNA has emerged from the replication machinery. For simplicity, we will refer 

to only three of those "post-synthetic" processes, namely mismatch repair (MMR), methylation 

of the newly synthesized strand catalyzed by DNMT1 and CAF-1-mediated deposition of H3-H4 

onto nascent DNA. Those three processes need to occur on the chromatids produced by both 

leading and lagging strand synthesis. Various lines of evidence argue that the deposition of H3-

H4 occurs very quickly onto nascent DNA. For instance, S. cerevisiae CAF-1 influences the 

length of Okazaki fragments (Smith and Whitehouse, 2012), suggesting that lagging strand 

synthesis is tightly coupled to H3-H4 deposition by CAF-1. This is disconcerting because the 

repair of errors made by replicative polymerases, known as mismatch repair (MMR), and the 

methylation of the nascent strands by DNMT1 are, at least in vitro, blocked when DNA is 

wrapped around the surface of histone octamers (Rodriges Blanko et al., 2016) (Felle et al., 

2011; Okuwaki and Verreault, 2004). In addition, MMR cannot occur far behind the replication 

machinery. This is because discrimination between the error-free template strand and the error-

containing nascent strand depends upon detection of nicks and/or 3'-ends in the nascent strand. 

The MMR machinery could not act selectively on the error-containing nascent strand if it were 

capable of operating at a long distance behind Pol  and Pol . Based on the above, it would 

seem likely that MMR and DNA methylation need to occur before histone deposition onto 
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nascent DNA. Furthermore, these three PCNA-dependent processes might need to occur 

according to a specific sequence (for instance, MMR prior to DNA methylation prior to histone 

deposition).  

 This raises fascinating questions, only a handful of which are addressed here. Do PCNA 

dependent processes need to occur in a specific temporal order? If this has to be the case, would 

failure to complete an early event in the sequence prevent the execution of subsequent events? 

Are there multiple PCNA rings that are functionally specialized? More generally, if there are 

functionally distinct PCNA rings, how does each ring acquire the ability to pair with a specific 

PIP-containing binding partner given that all the partner proteins with PIPs occupy the same 

surface of PCNA (i.e. the hydrophobic surface located between the inter-domain connector loop 

and the underlying -sheet)?    

 Although they are almost certainly simplistic, we propose three mechanisms to explain 

how CAF-1 can deposit H3-H4 onto DNA without interfering with replicative DNA polymerases 

(Pol  or Pol ).  

4.1.2 Model 1: Multiple PCNA rings with specific and distinct functions 

Given the sizes of Pol  (composed of four subunits known as p125, p60, p50, and p12) and 

CAF-1 (three subunits known as p150, p60 and p48), it seems unlikely that these two proteins 

can be bound simultaneously to the same PCNA homo-trimeric ring. Although only two of them 

are depicted in Figure D.1A, this model therefore presumes that there are multiple PCNA rings 

present at each replication fork, and onto both the leading strand chromatid and the lagging 

strand chromatid.  
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 The multiple PCNA rings are each dedicated to a specific function (e.g. DNA synthesis, 

mismatch repair, DNA methylation and nucleosome assembly. Molecular mechanisms to 

"dedicate" a PCNA ring to a specific function have been described (chapter 2, Discussion). In 

Figure D1.A, only two functionally distinct PCNA rings are depicted. The front ring (PCNA1, 

Figure D1.A) is the one that binds the DNA polymerase while the rear ring (PCNA2, Figure 

D1.A). All the PIPs contact the front face of PCNA (i.e. the side of the PCNA ring that faces the 

direction of DNA synthesis, as illustrated in Figure D1.A). Because the KER -helix and the PIP 

are juxtaposed within the same -helix, binding of the PIPs to the front face of PCNA2 would 

constrain the DNA-binding KER coiled-coil to extend along the DNA that separates the two 

PCNA rings: PCNA2 and PCNA1. In this scenario, the KER DNA-binding domain may serve as 

"DNA length sensor" that signals to CAF-1 when enough DNA (> 75bp) has emerged from the 

DNA polymerase to allow the productive deposition of H3-H4 onto nascent DNA and the 

formation (H3-H4)2 tetramers that involves the participation of two CAF-1-H3-H4 complexes. 

4.1.3 Model 2: Grabbing a PCNA ring from behind 

 Model 2 (Figure D1.B) is a variation on the theme that multiple PCNA rings with specific 

and distinct functions are present on both the leading and the lagging strand chromatid. Both 

rings face the direction of DNA synthesis, but the way in which CAF-1 interacts with PCNA is 

noticeably different than in model 1 (Figure D1.A). In model 2, the KER coiled-coil extends 

away from the PCNA2 ring and this is where H3-H4 will be ultimately deposited. Although 

harder to conceive, model 2 still permits the PIPs to bind to the front side of the PCNA ring 

provided that the coiled coil crosses through the central cavity of PCNA which, given the 

diameters of DNA, and that of a three-helix coiled-coil, is physically possible. Bivalent or 

trivalent engagement of the PCNA ring monomers is possible, but they would require splaying of 
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the coiled-coil over a suitable length. C-terminal splaying of coiled-coils to expose the 

constituent -helices is not unprecedented (McNamara et al., 2008).  

 This model is different from model 1 in that the DNA-binding KER coiled coil is not 

located in-between the two rings (Figure D1.A and D1.B). Instead, the coiled-coil is pointing 

away from the PCNA2 ring dedicated to CAF-1-mediated nucleosome assembly (Figure D.1B). 

In model 2, the histones are deposited further away from the PCNA ring associated with DNA 

polymerase than in model (Figure D.1B versus D.1A), which may help in preventing functional 

interference between H3-H4 deposition onto DNA and DNA synthesis.   

4.1.4 Model 3: Back-to-back PCNA rings that face opposite directions 

 Model 3 is based on a single publication (Naryzhny et al., 2005). The authors showed that 

formaldehyde, a chemical cross-linking agent, can stabilize the formation of double PCNA 

trimers (Naryzhny et al., 2005). Second, they showed that PCNA double trimers could not be 

detected when the PCNA overexpressed into cells carried a specific mutation (PCNA R5A or 

K110A) on the back side of PCNA (Naryzhny et al., 2005). This result was interpreted as 

implying that the two PCNA rings are organized in a back-to-back arrangement (Figure D.1C). 

In other words, the front PCNA ring (PCNA2) would face the direction of DNA synthesis, the 

rear PCNA ring (PCNA1) would face in the opposite direction. This is an elegant proposal that 

allows CAF-1 to interact with the front face of the rear PCNA ring (PCNA1, Figure D.1C) and, 

therefore, the deposition of H3-H4 onto nascent DNA can be physically segregated from DNA 

synthesis by Pol  or Pol .    

 To their credit, the authors provided some evidence, not entirely compelling, that wild-

type PCNA, but not PCNA-R5A/K110A that, consistent with back-to-back trimer model, Pol  
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was co-precipitated with CAF-1. Although it is not clear why this model has not attracted further 

attention from the authors or other research groups, their model is compatible with subsequent 

results, including ours, about CAF-1 and PCNA. Perhaps one of the numerous challenges to this 

model is that, although the clamp loader function of RFC has been studied for many years there 

is currently no evidence that RFC can load a PCNA ring facing the direction opposite to that of 

DNA synthesis. Having said that, it is not known whether researchers have designed experiments 

that could discriminate the orientation of PCNA rings relative to that of DNA synthesis or the 

opposite orientation. In addition, it is possible that alternative clamp loaders, Ctf18-RFC, Elg1-

RFC or Rad24-RFC may be able to load PCNA clamps backward, i.e. facing away from 

direction of DNA synthesis. In any case, we prefer to keep an open mind, and retain this model 

as a possibility until further evidence for or against it is obtained.   
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Figure D.1 Three models of interaction of chromatin assembly factor 1 with PCNA. Multiple 

PCNA rings present at each replication fork is indicated. The direction of DNA synthesis is 

indicated with the arrow pointing to the right. 

4.2 Chapter 3 Discussion 

 Eukaryotic cells need to tightly control the synthesis and supply of new histones with the 

demand for histones generated by synthesis of new DNA in order to complete nucleosome 

assembly. While histone synthesis coordinated with passage through S-phase is essential for cell 

viability, excess histones are toxic to cells because they bind non-specifically to nucleic acids 

(RNA and DNA). As a result excess histones interfere with many processes that require access to 

genetic [e.g. transcription, DNA repair and mitotic chromosome segregation] (Gunjan and 

Verreault, 2003; Singh et al., 2010). 

Yeast cells have evolved at least three distinct mechanisms to minimize the deleterious 

consequences of excess histones. These are the degradation of excess histone proteins (Gunjan 

and Verreault, 2003), the post-transcriptional degradation of histone mRNA (Campbell et al., 

2002; Lycan et al., 1987; Reis and Campbell, 2007; Xu et al., 1990) and the transcriptional 

repression of histone genes (Eriksson et al., 2012) 

Chapter 3 was focused on studies of the transcriptional repression of histone genes that is 

triggered by genotoxic agents that interfere with DNA replication. 

4.2.1 Hpc2: "sensor" and/or "effector" of histone gene repression 

 In an effort to uncover a "sensor" of excess histone proteins produced under conditions 

that slow down DNA replication, we felt the need to define properties that such a sensor might 
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be expected to have. Cells that go through S-phase in the absence of histone H4 synthesis lose 

viability by the time they reach G2 (Kim et al., 1988). Thus, the sensor of excess histones should 

not be capable of triggering histone gene repression during normal passage through S-phase. 

Second, unless redundant with other proteins, the sensor(s) and downstream effector(s) [e.g. the 

protein(s) that directly act at histone gene promoters] should be essential for HU-induced histone 

gene repression. In addition, the sensor would be expected to bind histones, but only when they 

are present in excess (e.g. in response to HU, but not during a normal S-phase). We felt that the 

Hpc2 subunit of the HIR complex met all of these criteria. First, Hpc2 is degraded at the cdc7 

arrest point (prior to replication origin firing, Chapter 3, Figure 6), which might serve to 

minimize the probability that Hpc2 trigger histone gene repression inappropriately during normal 

S-phase. Second, untimely histone gene repression by Hpc2 is unlikely to occur because 

extensive Rad53-dependent phosphorylation of a surface of Hpc2 is required to trigger histone 

gene repression, and this phosphorylation cannot occur unless the kinase activity of Rad53 is 

turned on in response to DNA damage. In fact, Hpc2 is the only subunit of the HIR complex that 

is extensively phosphorylated. Third, S-phase cells contain chromatin assembly factors such as 

CAF-1 (Cac1, Cac2 and Cac3) whose subunits are 3- to 4-fold more abundant than the subunits 

of the HIR complex based on mass spectrometry (yeastgenome.org). CAF-1 is not only more 

abundant than HIR, but CAF-1 binds H3-H4 with very high affinity [Kd approximately 5 

nM](Liu et al., 2016; Winkler et al., 2012). In striking contrast, the Kd of the UBN1 Hpc2-

related domain (HRD) for H3.3-H4 dimers is approximately 7 M [1,400-fold higher than the Kd 

for CAF-1 dissociation from H3-H4](Ricketts et al., 2015).  
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This is consistent with Hpc2 potentially serving as a sensor of excess histones because its vastly 

lower affinity for H3-H4 dimers would ensure that, in response to HU or MMS, CAF-1 would 

likely get saturated with excess histones before Hpc2 has an opportunity to bind excess H3-H4.     

 The fact that Hpc2 is unstable at the cdc7 arrest point, and possibly early S-phase, does 

not rule out the possibility that Hpc2 may serve as a sensor of excess histones. Hpc2 may in fact 

be continuously synthesized and degraded. A result that may be consistent with this hypothesis is 

that when cells are released from G1 in the presence of HU, they accumulate high amounts of 

extensively phosphorylated Hpc2 (Chapter 3, Figure 7B). In addition, progressive synthesis, and 

accumulation of Hpc2 clearly occur as cells progress from early to late S-phase (Chapter 3, 

Figure 6C). Although these results are insufficient to conclude that Hpc2 is a likely sensor of 

excess histones, they make the model more plausible.  

4.2.2 A simple model for genotoxic agent-induced histone gene repression 

 The HIR complex is a DNA replication-independent nucleosome assembly factor that 

incorporates H3-H4 within the nucleosome free regions commonly found in the promoters of 

actively transcribed genes (Amin et al., 2013). This is consistent with an alternative, but not 

mutually exclusive view of the role of Hpc2, namely as an "effector" of histone gene repression, 

rather than a "sensor" of excess histone proteins. A plausible, and readily testable model by 

which Hpc2 may serve as an effector of histone gene repression is depicted in Figure D.2. 

During normal progression through S-phase in the absence of DNA damage, histone gene 

transcription has to be active. For histone gene transcription to occur, the UAS elements that 

binds important transcriptional activators such as Spt10 must be accessible (Figure D.2A). When 

genotoxic agents such as HU or MMS activate the DDR in early S-phase, this causes a decrease 
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in the total rate of DNA synthesis and, as a result, an accumulation of excess histone proteins. A 

portion of excess histones H3-H4 may eventually bind to the Hpc2 subunit of the HIR complex 

(Figure D.2B, lower portion). When Hpc2 is bound to H3-H4, the replication-independent 

nucleosome assembly activity of the HIR complex, which can be likened to machinery that fills 

in nucleosome gaps in chromatin, may deposit histone H3-H4 onto histone gene promoters 

(Figure D.2B). In turn, the histones freshly deposited onto DNA may occlude the DNA binding 

sites of transcriptional activators, such as Spt10 and/or SBF and MBF, which ultimately might be 

forced to dissociate from the promoters. The dissociation of a key activator and the incorporation 

of a general repressor [(H3-H4)2 tetramers or complete nucleosomes that contain H2A-H2B 

dimers], would eventually result in HU- or MMS-induced histone gene repression (Figure D.2B). 

Spt10, for instance, recognizes a 16-bp DNA binding site. Because of this, half of the DNA 

binding site would necessarily face the surface of the histone octamer or (H3-H4)2 tetramer 

because of the superhelical ramp adopted by the DNA wrapped around histones. Under those 

conditions, the Spt10 binding site would almost certainly be occluded by the presence of 

histones. In other words, binding of Spt10 and histones are expected to be mutually exclusive.  

4.2.3 Experimental approaches to test the model 

 This model is worth considering because it can be readily tested experimentally using a 

combination of Chromatin ImmunoPrecipitation (ChIP) and Micrococcal Nuclease (MNase) 

combined with DNA Sequencing (MNase-Seq). The two techniques can be applied to portions of 

the same cell population. MNase-Seq relies on the fact that MNase is both an endo- and 

exonuclease that can processively digest the so-called linker DNA that connects adjacent 

nucleosomes. Even in cases where certain transcription factors are bound to their DNA binding 

sites in a static manner, which seems to be the exception rather than the rule, the transcription 
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factors only protect short DNA fragments against MNase. These short fragments approximately 

correspond to the lengths of the DNA binding sites of each transcription factor. This is in striking 

contrast with (H3-H4)2 tetramers and octamers that robustly protect 73-bp and 147-bp, 

respectively, against MNase. Based on this, one would expect that, when histone gene promoters 

are repressed, the UAS elements should be part of 73-bp or 147-bp DNA fragments that are 

strongly protected against MNase digestion (Dong and van Holde, 1991).  

Conversely, when histone genes are actively transcribed, the Spt10 recognition sequences should 

not be part of 73-bp or 147-bp DNA fragments protected against MNase.  

 Spt10 and subunits of the HIR complex have all been localized to histone gene promoters 

based on ChIP (Eriksson et al, 2012). Therefore, it may be possible to tag Spt10 and a subunit of 

HIR with different epitopes in the strain used for MNase-Seq. Performing the two techniques on 

the same population would make it possible to correlate histone gene promoter repression with 

the presence of histones (tetramers or octamers) onto UAS elements, the presence of HIR  (even 

if only transient could be frozen by the formaldehyde used in ChIP assays) and the absence of 

Spt10. Conversely, when histone genes are transcribed, one would predict that Spt10 will be 

bound to histone gene promoters, and histones and the HIR complex may be absent.  
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Figure D2 

Figure D.2 Simple model for activation and repression of histone gene transcription. Active 

histone gene transcription indicated by green boxes is represented in A. Histone gene repression 

blocked under conditions that impede DNA replication is depicted by red boxes in B. 

4.2.4 Conclusion and Summary 

DNA replication which is fundamental to all the living cells is intimately associated with histone 

synthesis and chromatin assembly. The passage of replication fork causes duplication of parental 

DNA strands and subsequent reassembly of newly synthesized DNA, together with the supply of 

new and pre-existing histones. Any delay or defects affecting DNA replication or the subsequent 
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chromatin assembly events would eventually compromise the progression of cell cycle 

regulation and genomic integrity. 

As alluded in the introductory chapters, the complexity of events at each DNA replication fork  

requires the concerted action of multiple replication enzymes. Proliferating cell nuclear antigen 

(PCNA) in addition to its primary role in increasing the processivity of replicative DNA 

polymerases, also act as a scaffold that recruits several other proteins involved in DNA 

replication and repair. For example, as the replication fork progresses; the discontinuously 

synthesized lagging strand needs to be acted upon by mult

FEN-1 and DNA ligase1 and all these three enzymes need to bind PCNA through their 

respective PIPs to carry out their function. In addition, most other enzymes at the replication fork 

like CAF-1, DNMT1 and mismatch repair (MMR) proteins have dual roles on both leading and 

lagging strands. We were interested in understanding how diverse PCNA binding proteins 

mediate their interaction in perfect synchrony without functional interference. Through the 

second chapter of this thesis, we have shown an unprecedented mode of interaction between 

CAF-1 PIP and PCNA involving a cation-

interaction through several biochemical and biophysical studies. Through secondary structure 

prediction algorithms, we also identified that CAF-1 PIP is located within the C-terminus of the 

KER domain that forms a long alpha helix. We also identified that the arrangement of KER 

domain followed by the PIP box was capable of forming a three-helix coiled-coil domain 

organization that can directly bind to PCNA. Our work also highlights the fact that further 

studies are necessary to clearly understand whether the long alpha helix we identified in CAF-1 

p150 has a functional role as a DNA binder, bender, or ruler that brings about efficient histone 

deposition onto nascent DNA. 
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As stated earlier, DNA replication and histone synthesis in proliferating cells have to be tightly 

regulated to allow rapid nucleosome assembly behind the replication forks and also to prevent 

accumulation of excess histones. Through the third chapter of this thesis we have explored the 

molecular mechanism through which cells maintain this delicate balance between DNA and 

histone synthesis. We have uncovered a functional role for DNA damage response (DDR) 

kinases, namely Rad53 and Mec1/Tel1 in triggering repression of histone gene transcription. We 

have also shown that Hpc2 subunit of the HIR complex gets extensively phosphorylated upon 

DNA damage by genotoxic agents. We also propose a novel, elegant and testable negative 

feedback model for the mechanism of histone gene repression. 

In this model, cells treated with genotoxic agents such as HU or MMS activates the DNA 

damage response (DDR) in early S-phase, which in turn cause a decrease in the total rate of 

DNA synthesis and as a result leads to an accumulation of excess histone proteins. We suspect 

that a portion these excess histones (H3-H4) may eventually bind to the Hpc2 subunit of the HIR 

complex. Subsequently, through the replication-independent nucleosome assembly activity of the 

HIR complex it deposits these histone onto histone gene promoters. This in turn occludes the 

DNA binding sites of transcriptional activators, such as Spt10 eventually resulting in an HU or 

MMS-induced histone gene repression. Though this model needs to be further tested in future 

experiments to obtain a comprehensive understanding of this regulation.  Our studies presented 

in the Chapter 3 sheds light on the long-standing mechanism of histone gene repression and how 

cells maintain a fine balance between two biologically important processes of DNA replication 

and histone synthesis. 
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